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Chapter 1. Introduction

Biomedical engineering is nowadays a developed discipline whose
aim is the application of engineering principles and know-how for
addressing biology and medicine-related questions. Characterized by
a multidisciplinary approach, biomedical engineering, also known as
bioengineering, has exponentially evolved in the last decades and
many branches have been identified, from human robotics to
bioinformatics, from tissue engineering and biomaterials science to
biomechanics, from clinical engineering to microfluidics [1].
Compared to conventional disciplines, bioengineering combines the
knowledge from chemical, mechanical, electrical engineering and
computer science with human biology and health sciences to bridge
the gap between these two fields and develop new tools for human

healthcare.
General Background

In the context of investigation of human pathophysiology,
conventional biology methodology is still widely applied in research,
analytical and medical laboratories. This approach can be found in at
least two important steps of the research pipeline:

(i) Design and development of the model: biology models are
commonly first developed in vitro, thus in a laboratory setting,
with techniques normally consisting in culturing cells on flat
substrates and studying their behavior and response to applied
stimuli [2,3];

(1) Investigation of the model: after developing the in vitro model,

many techniques are available for its investigation and one of the
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most important is the use of microscopy for visualization as well
as for functional and quantitative studies. Conventional optical
and fluorescence methods are commonly used for imaging of in

vitro models [4,5].

Nevertheless, bioengineering has revealed the important pitfalls and
limitations of standard methodology in mimicking the complex
anatomical and physiological properties of the human body. Though
centuries of biology provided the basis for modern medicine, the
current in vitro approaches have been demonstrated to be too
simplistic and often limited or even inaccurate when it comes to
recapitulate pathophysiological mechanisms [3,6]. Some major
aspects should be taken into account: (i) The human body is a
multiscale system, from both the architectural and functional point of
view. As we learn since elementary school, cells make up tissues,
tissues make up organs, organs make up systems. But also, the cell is
not the smallest element, as it is composed of even smaller structures,
as organelles and DNA. The body thus shows a hierarchical
organization, from the nanoscale to the macroscale. (ii) Cells are not
alone, cells are not steady: cells are surrounded by a complex three-
dimensional (3D) microenvironment, composed of extracellular
matrix (ECM), signaling molecules, and other cells. This creates a
dynamic setting, as the microenvironment also provides the cells
with specific physical, chemical, mechanical and topographical cues.
(iii) Cells are inclusive: tissues and organs are composed of different
cell types, each one with a specific function. Apart from the

specialized cells performing the main task, called parenchymal cells,
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Chapter 1. Introduction

many others are colocalized, playing equally important roles, as
supplying blood or regulating the immune response.

Rationale

From this general picture, it can be seen how the conventional two-
dimensional (2D) models, in which cells are cultured on flat surfaces,
fail to recapitulate the complex cellular microenvironment under
many aspects. Bioengineering aims therefore to develop
sophisticated models to mimic the cells and tissues 3D
microenvironment, the dynamic stimuli and the different tissue

components in multiscale models.

Moreover, important efforts are conducted in parallel to develop
innovative imaging systems to achieve two important goals: to go
deeper and image phenomena at the submicron and nanoscale, and to
go further and image full tissues, organs or even organisms in their
entirety [7,8]. Again, this need is due to a new awareness, where
researchers know that subcellular phenomena orchestrate the tissue
functioning and that multiscale models can give new insights
compared to single-scale models. Therefore, the engineering of new
models has to be accompanied by the development and adoption of
new microscopy techniques to see and unravel unknown

mechanisms.
Specific background

In this thesis, the reader will encounter two of the main
bioengineering approaches alternative to standard 2D in vitro
models, namely microfluidics and tissue engineering (TE).
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Microfluidics is the technology that studies and manipulates fluids at
the microscale, by means of micrometric channels. Microfluidic
devices are commonly produced by microfabrication techniques, as
soft lithography, using polymeric materials. The most widely used
material in microfluidics is polydimethylsiloxane (PDMS), a silicon-
based elastomer [9]. In in vitro modeling, microfluidics finds an
emerging place as tool to mimic the tissue microenvironment,
notably by application of a flow, that mimics the blood
microcirculation. The flow generates shear stress, sensed by the cells,
that guides their proliferation and behavior, and that is capable of
mimicking physiological as well as pathological conditions, as
cancer development or cardiovascular diseases [10,11]. These
microfluidic platforms have reached such a level of complexity that a
new branch of microfluidics has been created in 2010, called organ-
on-a-chip (O0aC) technology [12]. OOaC models commonly consist
of a co-culture of parenchymal and non-parenchymal cells within
microchannels, communicating with each other and exposed to the
flow. Complex designs have been fabricated to introduce other
components on-chip, that can apply for instance mechanical forces to
mimic the lung breathing or the gut movements, or electrical
stimulation for heart tissue modeling [13]. Microfluidics and OOaC
technologies therefore hold great potential in mimicking the dynamic
microenvironment of tissues and organs and recent efforts have been
made to create connected devices to recapitulate multi-organ
interaction, paving the way towards a body-on-a-chip platform [14].

This technology is particularly appealing for some specific fields,



Chapter 1. Introduction

mainly in the pharmaceutical domain: as the drug research and
development is a long, expensive and time-consuming process,
OO0aCs are now adopted to speed up the pre-clinical studies, with the

final goal of eventually replacing animal models [15].

Few decades before, another field started to emerge, named tissue
engineering. TE finds its main purpose in the design of tissue
analogues for implantation and regeneration of a human tissue with
lost or hampered functionalities [16]. TE is based on the use of
biomaterials, eventually combined with cells and signaling
molecules. The first goal of a biomaterial is to “fill the gap” where
the tissue is missing, thus a scaffolding function. But biomaterials
have evolved over time and have been engineered with the scope of
providing the in vivo-like 3D environment discussed before, thus not
only acting as physical template but also guiding the growth of new
functional tissue by providing mechanical, chemical and biological
cues [17]. TE is rapidly evolving and it has already seen the first
application in clinics, for instance for skin and hard tissues
regeneration. A plethora of biomaterials has been developed and
complex physiologically relevant models have been engineered for

the study of human physiology, pathology and therapeutics [18,19].



An insight into the DeLIVER project

This research was fully funded by the ITN
'l H2020 DeLIVER project. The project,

started in 2018, features nine main

‘l Del_IVER partners across Europe, including public

Innovative Training Network ; . )
universities and companies, and

international collaborators.

The DeLIVER project focuses on and combines two main topics,
super-resolution microscopy (SRM) and liver biology. Particularly, the
liver capillaries, called sinusoids, are lined by liver sinusoidal
endothelial cells (LSECs). As the primary function of the liver is the
clearance of molecules, these cells present peculiar features, related to
their role. In fact, they show on their membranes thousands of
nanometric pores called fenestrations for blood filtration and clearing.
Though biologists know of their existence because of imaging on fixed
samples, little is known about their functioning, as their size is below
the diffraction limit of light, thus making them impossible to be
observed with conventional imaging techniques. It is in this context
that the combination of biology with super-resolution imaging occurs
for the development of sophisticated platforms to study cellular
phenomena at the nanoscale. Therefore, the main research objectives of
DeLIVER are the development of novel SRM techniques, particularly
structured illumination microscopy (SIM), and open-access tool for
image reconstruction and to study by SR-SIM how LSECs respond to

drugs, ageing and diseased conditions.




Chapter 1. Introduction
Existing Gaps and Hypotheses

Despite the tremendous advances of the past two decades in
bioengineered models, some drawbacks still need to be addressed. In
the field of microfluidics, PDMS has become the material of choice
for chip microfabrication due to its low cost, transparency, elasticity
and accessible fabrication [20]. However, its use has revealed major
limitations, notably the absorption of small molecules and the
difficulty of scaling up the fabrication process to industrial settings
[21]. Research groups and companies are working on alternative
materials, as thermoplastics or hydrogels, to find high-throughput
and versatile solutions for a fast transition of this technology towards

the market.

HYPOTHESIS 1. The use of new or different materials to PDMS,
whose properties and fabrication process overcome the drawbacks of
this polymer, would offer researchers an alternative for the
fabrication of PDMS-free platforms and a faster scale-up of

microfluidics towards the market.

Moreover, the design of OOaC platforms has been standardized over
the years and the majority of the devices present a horizontal
structure, composed of two layers, separated by a porous membrane
[22]. Cells from different sources are cultured on the two sides of the
membrane, that acts as physical support and as communicating
barrier. Nevertheless, this design results extremely difficult to image
with high and super-resolution imaging methods, due to the several

layers and the distance of the cultured cells from its bottom.



HYPOTHESIS 2. The redesign of conventional horizontal OOaC
platforms would ensure their compatibility with SR-SIM imaging
technology and open up new possibilities for super-resolution studies

in dynamic microsettings.

Regarding the SR-SIM state of the art, research still focuses on the
imaging of 2D samples, as thin tissue slices or cells cultured on
coverslips, that are cultured under static conditions and fixed prior to
imaging [23]. However, in the context of DeLIVER, where the final
goal is to image LSECs by means of SR-SIM, this experimental
setup poses a major drawback: LSECs isolated and cultured in vitro
have shown to lose their fenestrations within few hours from the
isolation [24]. This phenomenon hampers a long-term study of these
subcellular structures, and makes the design of dynamic experiments

extremely difficult.

HYPOTHESIS 3. Thanks to the application of physiological shear
stress, cells cultured on microfluidic platforms have demonstrated to
maintain a healthier phenotype and metabolism compared to cells
cultured in static conditions [2]. Therefore, microfluidics has the
potential to improve in vitro culture of LSECs and ensure longer
maintenance of their phenotype and nanostructures.

Nevertheless, as conventional microfluidic platforms mainly provide
for cells cultured on a membrane, the recapitulation of tissue
architecture becomes extremely challenging. With the objective of
mimicking the liver sinusoid, then, tissue engineered biomaterials

offer an interesting solution, as they can provide for complex 3D
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shapes. However, most of the current TE models present organ-
specific features but they are limited in providing
microenvironmental cues [25]. Among them, the presence of flow
plays a main role as it ensures nutrients, gas exchange and waste
removal. In vitro vascularization of biomaterials would thus
guarantee a physiologically relevant tissue assembly and growth and
it has been demonstrated to enhance TE constructs integration with

the host tissue and tissue regeneration in vivo [26].

HYPOTHESIS 4. The use of biomaterials designed ad hoc would
ensure physiological formation of endothelium compared to

microfluidics and unspecific TE platforms.
Obijectives

Considering the existing gaps and the final goal of DeLIVER, the
main research objectives of this thesis could be summarized as

follows:

(i) To investigate materials and fabrication processes alternative to
PDMS for microfluidics and OOaC applications;

(if) To redesign conventional microfluidic platforms to ensure
compatibility with SR-SIM imaging setup;

(iii) To use microfluidic platforms for dynamic cellular studies and
simultaneous SR-SIM imaging and for culturing of LSECs;

(iv) To engineer and characterize tailored biomaterials for
vascularization and to build a functional vascularized model in

vitro.
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Methodology

The development of research objectives was done in close
collaboration with DeLIVER partners. For the first objective the
study of an alternative microfluidic material to PDMS was done by
testing a patented soft thermoplastic elastomer, Flexdym™ [27].
Characterized by optical transparency and elastomeric properties, as
PDMS, the polymer can be easily thermomolded. We thus worked on
the high-throughput and reproducible fabrication of OOaC platforms
out by Flexdym™. The devices were characterized to test their
stability and suitability for OOaC applications and their
biocompatibility was assessed by performing in vitro cell culturing
[28].

For the second objective, microfluidic platforms compatible with SR-
SIM systems were instead produced in PDMS and glass. Stability
and compatibility of the devices with SIM were investigated via a
collaboration between Elvesys Microfluidic Innovation center,
France and University of Oxford, UK. For the third objective, the
platforms were used for in vitro studies with different cell sources
under static and dynamic conditions and imaging evaluation was
carried out by either standard or advanced microscopy techniques.
Culturing and imaging of human LSECs was done in collaboration

with University of Oxford, UK and University of Birmingham, UK.

For the fourth objective, the design of scaffolds for vascularization
was done at LVTS INSERM, France, from a material developed and

patented by the laboratory [29]. The biomaterial, composed of

11



Chapter 1. Introduction

naturally-derived biopolymers, was engineered by micromolding of
channels. The design, optimization of standard fabrication protocols,
and complete characterization of the scaffold were carried out. The
platform was then used for in vitro assembly of functional
endothelium. Seeding strategies, culture parameters, coating methods
were carefully investigated. Special attention was given to the

analysis of imaging techniques suitable for 3D thick samples.
Main findings

For the first research line, our results showed that OOaC platforms
fabricated by using Flexdym™ could be produced in less than 2.5
hours and by a parallelized process, while PDMS soft lithography
normally entails up to 48 hours of process and production cannot be
run in parallel. The Flexdym™ chips showed a suitability for their
application as OOaC devices and in vitro data confirmed their

biocompatibility, with high cellular viability up to one week.

For the second and third research lines, the optimization of
microfluidic chips led to devices compatible with SR-SIM equipment
and imaging. To the best of our knowledge, we demonstrated for the
first time the flow of drugs and labeling molecules on living and
fixed cells respectively during live SIM image acquisition. Results
conducted with primary LSECs showed they maintained healthy
morphology for several days on-chip and imaging of LSECs

fenestrations on-chip was also carried out.

Finally, for the fourth research line, design and characterization of

biopolymeric scaffolds revealed the possibility to create matrices

12



with tailored mechanical, physical and chemical properties and to
obtain a specific architecture with a selective coating for enhanced

vascularization.

The in vitro studies confirmed the assembly of functional
endothelium by optimization of the cell culture parameters.
Moreover, we were able to tune the formation of endothelium over
time, thus creating a matrix that can be used for different TE
applications. Finally, investigation of different 3D microscopy
systems allowed us to define the optimal setups for imaging of

complex biomaterials.

Despite the encouraging results obtained from this research, some of
the hypotheses could not be investigated, as the prolonged
maintenance of LSECs fenestrations under flow, or the design of
more complex co-culture platforms to build a recapitulative liver
tissue model. As the COVID-19 pandemic has strongly hit Europe
since March 2020, physical collaborations were interrupted, as well
as on site working for several months, with some restrictions still
going on. As countries have made extraordinary efforts to manage
the social, health and economic crisis, the fundamental role of
research has been confirmed more than ever. The hope is thus that

new time will be found to address these questions in a near future.
Thesis layout

The thesis is organized as follows: Chapters 2 and 3 are related to
microfluidics research while Chapters 4 and 5 describe a TE

vascularized model. Particularly, Chapter 2 gives a short introduction

13



Chapter 1. Introduction

to microfluidic and OOaC technologies and materials, then focusing
on the development and characterization of platforms with
Flexdym™, a material alternative to standard PDMS. Chapter 3
introduces the basic principles of SRM and liver biology and their
current limitations. The topic of the chapter is the design and
validation of a microfluidic platform compatible with SRM systems
for imaging of subcellular structures and LSECs fenestrations.
Chapter 4 details the concept of tissue engineering, biomaterials and
fabrication processes and focuses on the development and
characterization of prepatterned biopolymeric scaffolds. Chapter 5
follows Chapter 4 by describing the use of these scaffolds for the in
vitro modeling and engineering of vasculature. Finally, Chapter 6
presents a general conclusion and future perspectives for further
developments.

Funnily enough, | had a good time writing this thesis and

now | hope you will enjoy reading it.
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Chapter 2. Investigation of an innovative material for OOaC applications

STATEMENT OF SIGNIFICANCE

The scale-up of microfluidic platforms for biology-related studies
is still hindered by the wide use of polydimethylsiloxane (PDMS)
for the devices microfabrication. PDMS suffers from several
limitations, the most relevant being the slow prototyping and the
absorption of small molecules, that represents a major drawback
for drug research. In this chapter, a microfluidic platform
fabricated with an innovative thermoplastic elastomer,
Flexdym™, is proposed. The low absorption profile, the
biocompatibility and the rapid and scalable fabrication process of
this material offer a new alternative to conventional microfluidic

platforms for cell biology applications.

16



2.1. Introduction to Microfluidics

The term microfluidics refers to both the science and the technology
of studying and manipulating fluids at the micrometric scale [30]. By
using small channels, with typical dimensions ranging from tens to
hundreds of micrometers, microfluidics has represented an
alternative, cost-effective and precise technology for a wide range of
applications, ranging from chemical analysis to cellular biology
(Figure 2.1) [31-34]. Its widespread use can be related to the
advantages it offers when compared to research standard
methodologies and models: from a technological point of view, the
use of micrometric channels allows for a reduction of samples and
reagents, that are often expensive or with limited availability [35].
Moreover, the possibility to integrate multiple channels on a single
device, defined ad parallel microfluidics, has been widely adopted
for batch production of molecules, nanoparticles and drugs [36,37] or
automated analyses on chip with high throughput [38-40], enabling
researchers to shorten the experimental times as well as to reduce the
costs. Another main advantage is the possibility to produce
miniaturized systems, that are portable and can be used
autonomously without the need of being in a laboratory environment
and by a wide range of end users, a feature of major importance
when it comes to environmental or diagnostics applications [41,42].
All these features make microfluidics particularly suitable for the
production of platforms capable of scaling-up and translating a
technology from laboratory to industrial settings [43,44]. From a
scientific point of view, fluids at the microscale are dominated by a
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laminar fluid regime, a feature that enables precise control within the
channels of the fluids themselves as well as of molecules and
reagents [30]. Although turbulent microfluidics can be adopted for
specific applications, as fluids mixing and particles manipulation
[45], the laminar flow is peculiar of microfluidics-based technologies
and represents the fundamental prerequisite for many different
applications, such as gradients generation, mimicry of the cellular

microenvironment, analytes separation [46-48].

< + Separation (electrophoresis, chromatography;...)
® L = ++ Reaction (enzymatic reactions, immunoassays, ...)
® « Detection (biomarkers, food analysis, toxins, ...)
DROPLET-BASED « Particle synlhﬁws (mlcrocapsulesl, nanoparfclc\es, )
+ Droplet Analysis (molecular detection, drug discovery,
. MICROFLUIDICS imaging ) ‘
} .

MEMS ‘ + Lab-on-a-chip (LOC), Digital Microfluidics (DMF)
‘ « Acoustofluidics, optofluidics

+ 00aC platforms, drug discovery and development
CELL and HUMAN BIOLOGY J. tej Analysis and Manipulation
« Clinical and point-of-care (POC) diagnostics

Figure 2.1. Main fields of application of microfluidics. Due to the versatility and
multidisciplinary of microfluidics technology, the schematic is not exhaustive and has the
objective of representing some of the major fields that have adopt it. Of note to the reader,
the four main categories illustrated here (i.e., analytical chemistry, droplet microfluidics,
microelectromechanical systems — MEMS- and cell and human biology) have been
eventually applied interchangeably; for instance, droplet microfluidics has been used for
single cell analysis and DMF has been used for development of POC diagnostics platforms.

Created with BioRender.com.

Microfluidics for cell and human biology: OOaC application

In this chapter, we will focus on microfluidics for cell culture

application. In the context of cellular and human biology,
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microfluidic technology has emerged as an important tool to build
relevant three-dimensional (3D) in vitro microphysiological systems
for the study of human pathophysiology and for drug testing and
development [49,50]. Compared to traditional in vitro models, since
microfluidics offers the advantage of manipulating fluids at the
microscale, it enables the study of cellular response to physical
factors, such as shear stress or oxygen gradients, and to biochemical
cues via exposure to molecules, drugs or growth factors [11,51-53].
Mechanical stretching of cells or application of pulsatile flow on-
chip have been used as strategies to mimic tissue-specific mechanics
such as for lung, intestine or heart [49,54]. The use of microfluidic
platforms enables the development of long-term 3D cell culture
systems in complex and physiological- like geometries, co-culture
studies and the mimicry of the cellular-ECM interactions [55], with
the main goal of creating an organ minimal functional unit that can
be easily operated in vitro [56]. These platforms are known as
organs-on-a-chips (OOaCs) and they are defined as microengineered
biomimetic systems used to reconstitute living organs and tissues in
vitro for modeling their pathophysiology [1] (Figure 2.3A). The first
00aC, engineered by Donald Ingber’s group from Harvard
university in 2010 [12], led to the development of the most used
organ-on-a-chip model nowadays: they reproduced the Air-Liquid
Interface (ALI) of the lung by culturing alveolar epithelial cells and
human pulmonary microvascular ECs on two sides of a porous
membrane in a two-channel microfluidic device. Cyclic mechanical

strain was applied by introducing lateral vacuum channels, thus
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mimicking physiological breathing. This simple yet functional model
was used to recreate a long-term model of the ALI, showing in vivo-
like barrier permeability, enhanced production of surfactants by the
epithelium when exposed to air and endothelium alignment under
mechanical stretching. Exposure to nanoparticles showed the
capability and versatility of the platform to model lung physiological
response to inflammatory conditions and the importance of including
mechanical stimuli and vascular component to generate a
physiologically relevant in vitro platform. This pioneering platform
paved the way for the design of other many OOaC platforms, where
tissue-tissue-like interfaces could be generated to simulate critical
physiological barriers, such as that of the blood-brain barrier [57],
liver [58] and the epithelial-endothelial membranes in the lung [12],
kidney [59] and gut [60], among other human organs and tissues
[61-63]. O0aCs can nowadays replicate organ-level functions and
multi-organ interactions, representing a cutting-edge technology for
disease modeling and drug research. Furthermore, as discussed
above, the compactness of these devices and the sample
parallelization lead to an overall reduction of experimental times and
costs and microfluidic strategy has already shown a great potential as
a tool for creating scalable, standardized, high-throughput in vitro
models, more accessible to non-specific end-users, thus accelerating

the translation towards clinical and industrial application [15,30,64].

® FOCUS ON | Where does microfluidics come from?

As described by George Whitesides [30,34,65], microfluidics has four parents:

molecular analysis, microelectronics, national security and molecular biology.
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The oldest one is considered to be molecular analysis, which includes methods
such as gas-phase chromatography (GPC) or capillary electrophoresis
(CE)[66,67]. These techniques, developed from the 1950s and 60s, allow for the
separation of chemical compounds or biomolecules by flowing small amounts of
sample in narrow tubes or capillaries, reaching high sensitivity and resolution.
The most famous parent of microfluidics is microelectronics [68]: at the
beginning researchers tried to directly fit fabrication methods and materials from
microelectronics to microfluidics: photolithography as well as silicon and glass
were the first players on microfluidics stage. Only later did microfluidics split
from microelectronics and semiconductors technology by using new specific
microfabrication methods and materials [69]. A lesser known but pivotal
forerunner of microfluidics is military detection. Starting from 1994, the DARPA
(Defense Advanced Research Projects Agency of USA) substantially contributed
to the growth of microelectromechanical systems (MEMs) and the development
of miniaturized and portable “laboratories on a chip” with the main goal of the
detecting chemical and biological weapons. Molecular biology, and especially
genomics in the 1980s, strongly contributed in microfluidics birth and evolution
as its fourth “parent”. The interest of scientists in studying and sequencing nucleic
acids led to the development of sequencing machines capable of working with
small samples to ensure a high sensitivity read-out [66]. An example? The famous
PCR (polymerase chain reaction) technique used to amplify a DNA sequence by
means of heat was developed in the early 1980s by Kary Mullis. The reaction
requires small amounts of liquid, usually 10-200 pl, so precision equipment is
necessary. At the beginning, due to the lack of automated equipment, the reaction
was a time-consuming multi-step process that had to be performed manually. The
first commercial machine, a simple thermal cycler, was developed in 1987; it
made the process reliable and its small dimensions gave the possibility to

miniaturize operations as well as to work outside of the lab.

From the 1950s, there was an increasing interest in designing miniaturized
systems and components and researchers started to miniature sensors, transducers

and other components and to then integrate them within microcomputers to obtain
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portable integrated platforms that could be used as environmental or medical
monitors/ measurements systems. A pioneering work was carried out by Stephen
Terry from Stanford university, who in the mid-1970s produced a miniaturized
gas chromatograph (GC) integrated on a silicon wafer [70]. The miniature GC
was composed of gas supplier, sample injection system, a capillary column and
an output miniaturized thermal conductivity detector. The injection valve and the
capillary were fabricated through a micromachining technique onto a silicon
wafer while integrated circuit (IC) processing methods, developed starting from
late 1950s, were used for the detector microfabrication. This device was
considered one of the firsts examples of “laboratory-on-a-chip”. Following in the
footsteps of Terry, Andreas Manz, a Swiss researcher and analytical chemist, was
one of the first to use microchip technology in the field of chemistry to shrink a
laboratory to the size of a chip in the 90s [71,72]. In 1990, he published a paper in
which he introduced the concept of miniaturized “total chemical analysis system”,
abbreviated to “ u-TAS”, for chemical sensing, i.e. a microfluidic device capable
to perform all steps in an analysis [42]. He demonstrated that uTAS allows for
faster and more efficient sample separation (chromatographic or electrophoretic),
shorter transport times and reduced consumption of reagents compared to
chemical sensors and conventional analysis systems. Moreover, the fabrication of
a multi-channel device allowed experiments to be run in parallel. Thus, in 1993,
he created a UTAS on a glass chip that could perform capillary electrophoresis of
amino acids in few seconds [72]. The results demonstrated the possibility of
creating a miniaturized laboratory-on-a-chip that could be used for complex

analyses.

The development of techniques capable of patterning small structures was
fundamental in microelectronics as well as optoelectronics; starting from the
1960s, the most used approach to fabricate integrated circuits and other micro-
components was photolithography [69]. The name indicates a range of different
techniques that provides for the transfer of a pattern through a light source (UV,
X-ray, ...) from a photomask to a photoresist on a solid substrate.

Photolithography was invented in the early 1950s, when the U.S. National Bureau
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of Standards (NBS, then US Army Diamond Ordinance Fuze Laboratory, DOFL)
promoted a program to develop new methods to obtain small electronic circuits
that could be easily integrated into military proximity fuzes [73]. From 1952, Jay
Lathrop and James R. Nall started using photoresists to pattern germanium. They
were able to project light through a specially modified microscope that led to
germanium transistors that could be easily incorporated into miniaturized hybrid
transistor-to-ceramic circuits. Lathrop and Nall wrote a paper and patented their
discovery in 1958-1959, coining the word photolithography. Lathrop himself
declared: “The operation actually involved etching, not lithography. However,
photolithography sounded higher tech to us than photoetching ... and this
misnomer has been used ever since”. Lathrop and Nall were not the only
researchers who worked on this topic. From 1955, Andrus Jules and Walter L.
Bond at Bell Laboratories also developed etching (photoengraving) techniques for
producing patterns on silicon semiconductors by using oxide layers, an invention
patented in 1964 (US Grant US3122817A). However, photolithography turned
out to be a difficult process when working with non-semiconductors materials,
such as glass and polymers, and from the late 1980s new non-lithographic
microfabrication processes started being developed. Researchers were looking for
a cheap technology, capable of patterning 3D structures (also on nonplanar
surfaces), to control the surface chemistry, that could be used on a wider range of
materials, and thus able to overcome the drawbacks of photolithography. And so,
soft-lithography was born. The main difference when compared to
photolithography was that an elastomeric mold could be used to transfer the
pattern instead of a rigid photomask and that a wide range of materials (organic
and biological molecules, polymers, etc.) could be directly patterned. Some of the
most known soft lithography techniques like replica molding (REM),
microtransfer molding (UT), microcontact printing (LCT) and micromolding in
capillaries (MIMIC) became very successful microfabrication techniques in

microfluidics.
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The first microfluidic devices were usually
made of silicon and glass since the fabrication
techniques derived from microelectronics were
well known [34]. However, these materials had
some issues: silicon is expensive and cannot be
coupled to optical microscopy because of its
opaqueness while both silicon and glass have
low gas permeability, which make them
inappropriate for microfluidics applied to
biology. Other materials were then investigated
for potential use in microfluidic platforms.
Researchers were looking for alternative
compounds that could be optically transparent,
easy to process, flexible and cheap compared to
previous ones. Organic polymers seemed to be a
good option and in the late 1990s G. Whitesides
group of Harvard university introduced a new
concept of low-cost microfluidics by using
poly(dimethylsiloxane), known as PDMS, as
new material for microchips rapid prototyping
(Figure 2.2).

|

100 pm

Figure 2.2. Scanning Electron
Microscopy (SEM) of the channels
of the first PDMS microfluidic
device fabricated by replica molding
by Whitesides group from Harvard
University in 1998. Adapted with
permission from D.C. Duffy et al.,
Rapid prototyping of microfluidic
systems in poly (dimethylsiloxane).
Anal. Chem. 70 (1998) 4974-4984.
Copyright 1998, American Chemical
Society [20].

The need for alternative materials to PDMS

Although microfluidic devices have been commonly fabricated using

silicon [4] and glass [5] via photolithography techniques adopted

from microelectronics (See FOCUS ON | Where does microfluidics come

from?), polydimethylsiloxane (PDMS) is currently the most widely

used material for microfluidic devices fabrication since G.

Whitesides’ group introduced its soft lithography microfabrication in

1998 [20,74]. Its use as standard material for microfluidics is due to
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its favourable chemical and physical properties of high optical
clarity, its biocompatibility and easy handling due to its elasticity and
stiffness (tensile modulus of ~1-3 MPa [75-77]). Furthermore,
PDMS microfabrication could be achieved at relatively low cost and
little required expertise as compared to traditional materials, such as
glass or silicon. PDMS suffers, however, from a number of
drawbacks, notably (i) small molecule absorption, (ii) hydrophobic
recovery and (iii) transferability of fabrication. Absorption of small
hydrophobic molecules into the bulk of the material [78] is
problematic in applications that involve soluble factors, as drugs and
dyes [79,80], where essential concentrations can be altered and
experimental outcomes changed. This severely hinders the utility of
PDMS for drug screening, a key area of therapeutic research and
development that OOaCs can address. Fast hydrophobic recovery
after surface hydrophilization is due to mobile polymer chains [81]
and limits the shelf-life of PDMS devices post-fabrication, imposing
the devices use within hours of their preparation for effective surface
treatments and channel filling. Finally, the poor transferability of
fabrication, from small to large-scale, limits PDMS translation into
industrial implementation. While PDMS allows relatively facile
fabrication of microfluidic devices when compared to glass or
silicon-based microdevices [82], its multi-step process results to be
difficult to transfer to large industrial-scales [83]. Because of these
drawbacks, microfluidic models developed in research using PDMS
must thus be reimagined with different materials when aiming to

large-scale implementation.
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Alternative materials for device fabrication

Alternative materials to PDMS for OOaC application have thus been
proposed in the last years and can be categorized as (i)
thermoplastics, (ii) elastomers, (iii) hydrogels, (iv) paper-based, (V)
resins and (vi) inorganic materials (glass and silicon) [21,84] (Figure
2.3B).

Hard thermoplastics are low-cost materials normally produced by
melt-processing with high-throughput techniques, as injection
molding and hot embossing, or by computer numerically controlled
(CNC) micromilling [39-43]. Polystyrene (PS), polycarbonate (PC),
polymethylmethacrylate (PMMA) and cyclic olefin homopolymers
and copolymers (COPs and COCs) have been used recently for the
fabrication of different OOaC devices. PMMA platforms are
generally fabricated by CNC micromilling starting from polymer
sheets, that are then bonded by thermal or solvent-assisted
techniques: complex PMMA-based models, such as skin-on-chip or
lung airway system, have been successfully developed, thus offering
alternative platforms that overcome the PDMS drawbacks in drug-
related studies (Sriram- Humayun) [85,86]. Thanks to its gas
impermeability properties, PC has been chosen as fabrication
material for microfluidic platforms that require a precise control of
the oxygen concentration, as in the work from Shah et al., who
designed a PC chip for mimicking the interface between human
gastrointestinal tissue and microbiome [87]. Alternatively, COC
thermoplastics have been used [58] and devices made of this material

are already available on the market, as for the COC-TOPAS® chips
26



produced by microfluidic ChipShop. Comparison studies of different
materials for microfluidics have shown that PC and COC show the
highest gas permeability and chemical resistance to organic solvents
when compared to other thermoplastics and standard PDMS as well

as low adsorption of small molecules and high biocompatibility [88].

Thermoplastics, however, have high stiffnesses (tensile moduli of
~1-4 GPa [44]), that make them difficult to be processed at small
scales, with subsequent need for expensive molds and process-
intensive bonding and interfacing to fluidic setups, that make their

use difficult to a wide range of end users.

Elastomers alternative to PDMS have been used in some studies,
offering the advantage of higher flexibility compared to hard
thermoplastics, tunable mechanical properties and low absorption
profiles. Although their use remains relatively limited, polymers such
as poly(octamethylene maleate (anhydride) citrate) (POMaC) or
tetrafluoroethylenepropylene (FEPM) have been investigated for
fabrication of OOaCs. For instance, POMaC has been used by Zhang
et al. to fabricate vascularized cardiac and hepatic constructs: using
layer-by-layer manufacturing, they stacked 25 pum thick POMaC
layers patterned by UV photolithography [89,90]. The presence of
microholes and nanopores in the scaffold walls ensured
physiological-like mass transport and cell migration. The use of a
photo-crosslinkable hydrogel provided for tunable stiffness, thus
creating an anisotropic construct that closely mimics the myocardium

mechanical properties.
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Paper, resins and inorganic materials have been adopted as well for
fabrication of microfluidic devices for cell culture but some major
drawbacks, as the opaqueness of paper and silicon and the expensive
complex fabrication of glass, silicon and resins limits their
application and scalability when thinking of a translation of the
technology [21].

On the contrary, hydrogels have been widely investigated in the last
years and the recent combination with tissue engineering approaches,
notably bioprinting, and biomaterials has accelerated the transition
from non-biomimetic materials such as glass, silicon and PDMS to
3D ECM-like hydrogel-based microfluidic platforms. Many
examples can be found in the literature and hydrogels such as Gelatin
Methacryloyl (GelMA) [91,92], poly(ethylene glycol) (PEG) [93],
gelatin [94], fibrin [95], collagen [96,97] or even decellularized
extracellular matrix (ECM) [98], eventually incorporating cells, have
been bioprinted, molded or photopatterned for the production of
0O0aC models [99]. With the main advantages of tunable mechanical
properties, optical transparency and properties that mimic the cellular
microenvironment, hydrogels represent a valuable alternative to
PDMS-based devices. However, they suffer from some limitations,
as the need to embed them in rigid frames for manipulation and flow,
the reduced resolution and the difficulty in scaling up the fabrication

protocols.

Alternatively, the introduction of a class of materials known as soft
thermoplastic elastomers (STPE) for microfluidics has provided for a

unique combination of the rapid and high-throughput processing of
28



thermoplastics with the flexible and easy handling of elastomers like
PDMS [100-103]. Styrene-ethylenebutylene-styrene (SEBS)
copolymer pellets have been injection molded and extruded and used
in absorption tests and for cell culture studies in the form of a
membrane-based standard OOaC platform made entirely of SEBS.
Results showed lower absorption profiles when compared to PDMS
and alveolar epithelial cell adhesion with no need for surface
activation [104]. The commercially-available STPE Flexdym™
(FD™) has been shown to have advantageous material properties for
its use as a microfluidic device substrate [27]. It is a soft and flexible
styrenic block co-polymer (tensile modulus of ~1 MPa),
biocompatible and optically transparent. It can be rapidly hot
embossed with high resolution within minutes using microfluidic
molds, that are simple and low-cost as compared to the hard
thermoplastics molds. Thanks to its hard and soft block co-polymeric
structure, FD™ has adhesive and cohesive bonding properties to
allow for facile and spontaneous sealing of microfluidic devices after
molding without the need for additional adhesives or surface
treatment. Indeed, FD™ has been described as a “slow” adhesive
polymer foil and has been shown to create reversible bonds with
itself and other polymer surfaces, which can be strengthened at high
temperatures [27,105]. The sTPE has additionally demonstrated more
stable hydrophilization with plasma treatment and lower absorption
of small hydrophobic molecules as compared to PDMS [27]. FD™
offers as well the transferability of fabrication that both PDMS and

hard thermoplastics lack; it permits rapid and accessible fabrication
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in research laboratory settings, while providing a feasible scope for

scaling up to industrial production.
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Figure 2.3. OOaC technology and its materials. (A) From the human body to the body-
on-chip. (B) Schematic of a membrane-based OOaC platform and materials commonly used
for the fabrication of the microfluidic substrate and membrane. Soft thermoplastic
elastomers (STPEs) have been represented at the intersection between elastomeric polymers

and hard thermoplastics. Created with BioRender.com.

Alternative materials for membrane fabrication
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Since the choice of the materials used to create a microfluidic device
is critical to its ultimate function, a given material should be
evaluated from two perspectives—its material properties and its
fabrication process. The latter becomes particularly influential when
complex device geometries are desired. The porous membrane-
integrated microfluidic devices, widely used for OOaC design are
such an example. The use of thin, porous membranes as a cell culture
substrate has shown great value for studying cell-cell signaling, cell
filtration and cell migration, in both static [106-108] and more
recapitulative dynamic microfluidic models [109-111]. At the
forefront of membrane-based cell culture is OOaC technology,
whose standard design consists of two adjacent compartments

separated by a porous membrane.

Also concerning the materials used for the membrane fabrication in
the standard OOaC design, PDMS has been the top choice material.
Although protocols for large-scale production of PDMS membranes
have been proposed [112], the fabrication of thin, porous PDMS
membranes is time-consuming and intricate and often based on
custom-made protocols, that vary among different laboratories [113—
115], further hindering the reproducible high-throughput production
of PDMS membrane-based platforms. In this context, the utilization
of commercially available track-etched porous polymeric
membranes, biocompatible and available in a range of material
compositions, thicknesses and porosities represents an alternative to
the custom fabrication of PDMS membranes commonly used

[116,117]. Thus, different materials have been adopted as alternative
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to PDMS membranes, notably Polyethylene terephthalate (PET) [58]
and PC [85,118]. Hydrogels have been used as well as supporting
materials and integrated in several commercially available devices
[86].

Track-etched membranes reflect one aspect of a growing interest in
thermoplastic microfluidic devices, which is not only related to the
material property concerns around PDMS but also leverages the
wealth of industrial processing for high throughput manufacturing
[119].
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Rationale and objectives

Microfluidics represents an innovative tool for recapitulating complex
intercellular interactions and for mimicking microenvironmental cues, as
circulation and mechanical stress. Nevertheless, a wide application and
scale up towards industrial settings is still hampered by the materials used
for the devices microfabrication. Particularly, polydimethylsiloxane, most
widely used in microfluidic applications, poses some constrains in biology
studies due to the absorption of hydrophobic molecule and studies on
alternative materials have been extensively carried out. Two of the most
promising class of materials, thermoplastics and hydrogels, show however
some limitations, notably the high stiffness and the difficult scale-up,
respectively. An interesting solution id the adoption of a new class of
thermoplastics, called soft thermoplastic elastomers, that show elastic
properties compared to thermoplastics and easy scalability compared to

hydrogels.

The chapter presents the fabrication of a composite microfluidic device
made of sTPE Flexdym™ and a commercially available porous
polycarbonate membrane designed for use as a membrane-integrated cell
culture platform. The first objective was the development of a rapid and
scalable fabrication protocol, that could be also adopted for complex
devices, with clear advantages compared to PDMS in terms of timing,
throughput and reproducibility. As the material is relatively new, we thus
tested the device and studied its properties to assess its potential
application in OOaC technology. We thus characterized the bonding
integrity that can be achieved with an automated setup as well as the flow
characteristics in devices representing typical microfluidic cell culture

geometries. Finally, preliminary in vitro studies were conducted to
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evaluate the biocompatibility of Flexdym™ composite devices. Sustained
cell adhesion and culturing was possible inside the devices, giving a
proof-of-concept for a facile, robust and scalable microfluidic platform for

0OO0aC applications.

2.2. Design and Microfabrication of a novel composite

Flexdym™ microfluidic device

Mold Fabrication

Microfluidic molds were fabricated using Ordyl® SY 300 dry film
negative photoresist (55 um thickness, ElgaEurope s.r.l., Milan,
Italy) on 75 mm x 50 mm borosilicate glass slides (Corning Inc.,
Corning, NY, USA). After cleaning with acetone and isopropanol
and dehydration of the glass slide on a hotplate (Thermo Fisher
Scientific, Waltham, MA, US) for 5 min at 150 °C, two sheets of
photoresist were laminated onto the slide using a thermal laminator
(325R6, FalconK, France) at 120 °C. Using an exposure masking UV
LED lamp (UV-KUB 2, Kloé, Montpellier, France), the photoresist
was then exposed to UV light (365 nm, 23.3 mW/cm?), for 7 s with a
film photomask of the desired pattern (Selba S.A., Versoix,
Switzerland) and subsequently developed with a solvent developer
(Ordyl® SY Developer, ElgaEurope s.r.l., Milan, Italy) for 10 min to
remove unexposed surfaces of the photoresist. Finally, the mold was
hard baked for 30 min at 120 °C on a hotplate. This mold can be used
for both STPE hot embossing as well as PDMS soft lithography.

Molds with thicker features can be achieved by laminating
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successive layers of the photoresist before the exposure masking

step.
Hot Embossing

Extruded sheets of FD™ polymer (Eden Microfluidics SAS, Paris,
France) of 1.3 mm thickness each were cut with scissors to fit the
size of the glass mold and cleaned with tape to remove any large dust
particles (Figure 2.4A). They were then manually placed into contact
with the photoresist features on the mold, ensuring good contact and
minimal air bubbles between the FD™ sheet and the mold. A clean,
blank glass slide was then similarly pressed into contact with the
other side of the FD™ sheet and the entire assembly (mold- FD™ -
glass slide) was placed in a vacuum-assisted heat press
(Sublym100™, Eden Microfluidics SAS, Paris, France) between two
aluminum plates. The assembly was subjected to an isothermal hot
embossing cycle of 2 min at 150 °C and 0.7 bar of pressure,
corresponding to approximately 6.5 bar of pressure on the stacked
assembly. Spacers of 2.3 mm thickness were placed in between the
aluminum plates to achieve a final FD™ thickness of 1.1 mm
(Figure 2.4B). The assembly was then removed from the heat press
and the hot embossed FD™ layer separated from the other layers
using isopropanol. Four holes were punched in one FD™ sheet with a
steel hole punch at the appropriate port locations and the resulting
micropatterned FD™ layer was cut with scissors to the desired size

before microfluidic device assembly (Figure 2.4C).
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Figure 2.4. Schematic of the fabrication of the composite FD™ membrane-integrated
cell culture microfluidic device. (A) a pre-extruded Flexdym™ sTPE sheet and a
microfluidic mold. Fabrication consists of (B) a 150 °C hot embossing cycle of the STPE
sheet atop a microfluidic mold, (C) cutting of the micropatterned sTPE to appropriate device
size and punching access holes, (D) layering of the micropatterned sTPE layers with an off-
the-shelf porous polycarbonate membrane and (E) baking at 80 °C to achieve device
bonding resulting from the mobility of the intrinsically adhesive “soft” block polymer
chains. The durations of each fabrication step are included. (F) Photograph of the finale
device. Platforms with this configuration used for cell culture contained channels of cross

section 800 um x 110 pum (width x height) and 27 mm length.

Device Assembly and Bonding

The FD™-PC-FD™ composite device was fabricated by layering a
porous track-etched

PC membrane (2 um pores, 5.6% porosity, 23 um thickness,
Isopore™, Merck KGaA, Darmstadt, Germany) in conformal contact
with the micropatterned side of the FD™ sheet, applying pressure

with tweezers to ensure contact and avoid air bubbles. Light,
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reversible adhesion occurred immediately between the PC membrane
and the sTPE sheet. The PC membrane was manually placed with
tweezers on the sSTPE layer such that it covered the entirety of the
channel and its two access holes (top layer in Figure 2.4D) but left
the remaining two holes unobstructed for access to the channel on the
second sTPE layer (bottom layer in Figure 2.4D). The second
micropatterned sheet of FD™, with no holes punched, was then
similarly layered manually with tweezers atop the PC membrane
with the aid of a stereoscope to ensure proper channel alignment. The
two central channels were in direct superposition and the second
channel ports aligned with the access holes punched in the first STPE
layer. The light adhesion that occurs immediately upon placement of
the second sTPE layer could be easily reversed, allowing for any
poor alignment to easily be corrected. The device was then inverted
such that the sSTPE layer with access holes was on top (Figure 2.4E).
This configuration represents a three-layer, two-channel device, with
channel geometries on both sides of the membrane. Alternatively, the
second FD™ sheet can be devoid of features in order to create a
single-channel device; this variation will be discussed in further
detail below in Section 2.3. Conical FD™ connectors (Eden
Microfluidics SAS, Paris, France) were fixed atop the device ports to
interface with microfluidic tubing by first placing the connector on a
silicon wafer on a hotplate at 150 °C for 10 s to achieve a smooth,
flat surface, then immediately transferring it in contact with the FD™
substrate at the desired port location. This final assembly step can

vary depending on the desired method of device interfacing and
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connection (such as compression or adhesive-based connectors). The
FD™-PC-FD™ microfluidic device was then baked in a forced
convection oven (DKN612C, Yamoto Scientific Co. Ltd., Tokyo,
Japan) at 80 °C for 2 h to increase the bonding between the three
layers (Figure 2.4E). Thanks to the intrinsic adhesive characteristics
of FD™, described in Section 2.1, there was no need for plasma
activation or adhesives. The entire device fabrication process is
summarized in Figure 1 and Figure S1 shows more detailed step-by-
step images of the fabrication process. The same protocol can be
followed to fabricate single or multi-channeled devices made entirely
of FD™, without the addition of the PC membrane, such as the

devices for delamination testing, as detailed further in Section 2.3.
2.3. Composite Flexdym™ Device Characterization
Delamination Device

The integrity of bonding between FD™ and the PC membrane as
well as between FD™ and FD™ substrates was evaluated by using a
device with two disconnected channels separated by varying gap
distances (Figure 2.5A). A FD™-PC-FD™ device (containing one
micropatterned FD™ sheet and one plain FD™ sheet, separated by a
PC membrane) was fabricated with a channel-gap design. When
pressure was applied to the input, no fluid could flow except in cases
where delamination across the gap occurred and allowed for the
passage of fluid from the input to the output channel (Figure 2.5B-
Q).
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Figure 2.5. Delamination testing setup. (A) Expanded view of the FD™-PC-FD™
microfluidic chip design for delamination tests, consisting of two disconnected channels
separated by a gap of varying distances. The inlet channel is increasingly pressurized, with
no flow until the delamination of the PC membrane from the FD™ gap structure occurs, at
which point fluid crosses the gap into the outlet channel. (B) And (C) respectively show
cross sections of the gap portion of the device before and after delamination. (D) Schematic
of the automated delamination testing setup utilizing flow and pressure sensors and a valve
matrix in series with a water-filled reservoir pressurized by a pressure controller.
Continuous data logging and sensor feedback allowed the sequential automated testing of

the pressure capacities of up to 10 microfluidic devices.

Automated Delamination Testing

FD™-PC delamination devices were tested with a microfluidic setup
(Figure 2.5D) consisting of an OB1® MK3+ pressure controller (0—
2000 + 0.1 mbar), thermal flow sensor (MFS3, -0-80 uL/min + 5%
m.v.) and capillary pressure sensor (MPS3, -1000-2000 £ 6 mbar),
where pressure was applied from the pressure controller and
transmitted to the device via water in a reservoir and
polytetrafluoroethylene (PTFE) microfluidic tubing (all microfluidic

equipment from Elveflow®, Elvesys SAS, Paris, France).
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Delamination devices were connected ensuring that no bubbles were
present in the microfluidic system. A stepwise pressure profile
between 0 and 2000 mbar gauge pressure, with 50 mbar steps of 30 s
each, was executed using the Elveflow® Smart Interface software.
The pressure controller interface logged the in-line flow and pressure
sensor data and was programmed to stop the pressure sequence if a
leak was detected. The leak was indicated by a sudden increase to a
non-zero flow rate and drop in pressure at the device inlet. A valve
multiplexer (MUX Distributor) allowed for the sequential testing of
up to ten devices in a single program execution. This synchronized
logging of data from both the sensors as well as the pressure
controller itself offered redundancy to reduce erroneous results and
allowed for the precise confirmation of the moment and pressure at
which delamination between the FD™ and PC occurred. By using a
single software interface for both data logging and equipment
control, feedback loops could be straightforwardly implemented to
cut a testing cycle short as soon as a delamination event was detected
and subsequently switch devices. Delamination devices with gap
distances between 100 and 1000 pum were tested to evaluate the
effect of the bonding distance on the resulting FD™-PC bond
strength (n = 5 per gap distance). Delamination tests were repeated
on a set of devices lacking PC membranes useful as control, for
comparison of FD™-PC bond strength to FD™-FD™ self-bonding.
To simulate long-term cell culture and repetitive use, the stability of
device bonding was investigated over time: pressure delamination

tests were conducted on devices of 400 um gap distance at different
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time points after fabrication (1, 7 and 14 days post fabrication).
Devices were aged at either room temperature or in an incubator
(Model H2200-H, Benchmark Scientific Inc., Sayreville, NJ, USA)
at 37 °C and high humidity rate to simulate cell culture conditions.
Device stability under long term pressure conditions was tested with
devices in the same delamination setup both with static and cyclic
pressures to evaluate the device robustness and durability. Static tests
were conducted by pressurizing the devices to 500 mbar for a period
of 10 h (n = 5) and cyclic tests by subjecting devices to 10,000 cycles
of 0 to 500 mbar pressure at 0.2 Hz (n = 5).

Flow Evaluation

Flow tests were conducted on FD™-PC devices consisting of a single
channel of 27 mm length, 55 um height and varying width (200, 400,
800 um) atop a PC membrane and second sheet of un-patterned
FD™. The microfluidic circuit consisted of (i) approximately 50 cm
of 0.8 mm inner-diameter (ID) PTFE tubing; (ii) a flow sensor with a
quartz capillary of 430 um ID and 3 cm in length (MFS3, -80-80
pML/min + 5% m.v.); (iii) a capillary pressure sensor with an effective
ID of 0.8 mm and length of 8 mm (MPS3, -1000-2000 * 6 mbar);
(iv) the microfluidic channel; and (v) a 5 cm section of polyether
ether ketone (PEEK) tubing of 120 um ID. The PEEK tubing was
inserted into the microfluidic circuit downstream from the chip for
added microfluidic resistance to simulate additional components in
the system. Pressure and flow rate data were collected across the
microfluidic setup (n = 3 devices per channel size) and

corresponding fluid shear stresses experienced on the PC membrane
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surface were calculated to provide an evaluation of the fluid
mechanical conditions achievable within the pressure range that the

composite devices can withstand.
In vitro evaluation

Three-layer devices (Figure 2.4E) were fabricated to have two
chambers separated by a PC membrane, with each chamber having a
cross section of 800 pum x 110 um (width x height) and 27 mm
length. The devices were UV-sterilized and pre-treated with plasma
(BD-20AC laboratory corona treater, Electro-Technic Products,
Chicago, IL, US) for 10 s to increase hydrophilicity of the
membranes. A coating of the inner surfaces with 10 pg/mL
fibronectin (MilliporeSigma, Burlington, MA, USA) was done by
incubation for 1 h at 37 °C. The devices were then flushed with 1X
phosphate buffered saline (PBS) supplemented with 1%
penicillin/streptomycin (Gibco®, Thermo Fisher Scientific). The
upper channel was loaded by pipette with 7 L of human dermal
fibroblasts (HDFs) (ATCC, Manassas, VA, USA) at a concentration
of 2 x10° cells/mL in Dulbecco’s Modified Eagle Medium (DMEM)
(high glucose, GlutaMAX™ supplement, Thermo Fisher Scientific,
Waltham, MA, USA) supplemented with 10% FBS (Corning Inc.,
Corning, NY, USA) and 1% penicillin/streptomycin. Cells were
initially cultured for 12 h atop the PC membrane prior to exchanging
media by flow to remove non-adhered cells. After 48 h of culturing,
cells were stained with Calcein AM (Sigma-Aldrich, St. Louis, MO,
USA) at 4 uM for 20 min. Cells were imaged after Calcein AM

treatment to verify their viability and distribution in devices (Zeiss
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Observer Z1, Carl Zeiss AG, Oberkochen, Germany). Imaging was
similarly repeated at 7 days after seeding. Cell fixing and staining
with Alexa Fluor™ 488 Phalloidin (Thermo Fisher
Scientific,Waltham, MA, USA) and DAPI (Sigma-Aldrich, St. Louis,
MO, USA) was done after 7 days of culturing. Briefly, cells were
washed with PBS, treated with 4% paraformaldehyde (PFA) for 15
min at room temperature and then washed three times with PBS.
Cells were then permeabilized with 0.3% Triton-X (Sigma-Aldrich,
St. Louis, MO, USA) in PBS. Incubation with 488 Phalloidin and
DAPI at 0.66 uM and 1 pg/mL, respectively, in PBS for 30 min was
performed prior to imaging (Nikon C2 Confocal, Nikon, Tokyo,
Japan).

2.4. Results and Discussion
2.4.1. Composite Device Microfabrication

FD™ sheets were patterned with microfluidic channels in 2 min via
vacuume-assisted isothermal hot embossing. This molding technique
is highly compatible with the already existing soft lithography
expertise, as there is no need for a specific master mold; molds that
are commonly used for PDMS micropatterning, namely those
derived from SU-8, epoxy and dry film photoresists (such as the
Ordyl® mold used in this work) can also be used for sTPE hot
embossing [27]. Hot embossing was followed by punching of ports
then layering of subsequent PC and FD™ sheets in conformal
contact. The soft, flexible properties of FD™ allowed for facile

punching and readily achievable conformal contact, which can be
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both reproducibly done in a matter of minutes (depending on the
complexity of multi-layer devices requiring alignment), with little

training.

The co-polymeric properties of FD™ allow for a reversible bond to
be formed, thus avoiding the necessity of using adhesives or plasma
activation of surfaces, commonly needed with polymeric
microfluidic device sealing. This bonding results from macro-
molecular motion of the STPE’s ethylene-butylene (EB) soft polymer
portion. The EB block possesses a negative glass transition
temperature, allowing polymer chain mobility that can be promoted
at elevated temperatures to facilitate spontaneous bonding with itself
and other materials [105,120]. Full material and microstructure
deformation is inhibited, however, by the PS hard block portion of
FD™, whose glass transition temperature remains above the baking
temperature. The baking at 80°C for 2 h was the most time-
consuming step in the fabrication process, however, baking time and
temperature could be modified depending on the bonding strength
required for specific device applications. From start to finish, the
fabrication protocol resulted in devices ready to be used in under 2.5
h. This represents a significant improvement on the production time
of a comparable three-layer PDMS porous membrane device; the
time saving is multiplied when a high number of devices needs to be
fabricated, considering that the same master mold can be used to
fabricate multiple devices in parallel after any 2 minutes of hot
embossing. PDMS, on the other hand, relies on relatively slow

curing, demanding a single mold be in use until its curing, typically
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requiring between 1 to 4 h with baking or 48 h at room temperature
[9,77].

The Isopore™ membranes used in this study represent a readily
available and inexpensive option compared to the largely used
custom-made membranes and similar PC membranes have been
effectively used in microfluidic cell culture studies and for OOaC
applications [57,85,118,121,122]. The membranes are structurally
robust, not requiring special handling techniques and their interaction
with FD™ does not affect its spontaneous sealing property, allowing
easy interfacing of composite layers. Thin porous membranes in
literature, central to barrier model platforms, are often made of
PDMS, requiring diverse and often complicated processes that limit
their accessibility, reproducibility and scalability. Instead, the PC
membrane in combination with extruded FD™ sheets, which can
similarly be stored and employed off-the-shelf, allows for rapid full-
device fabrication with minimal time investment and planning.
However, the mechanical properties of PC would suggest difficulty
in elastically stretch the membrane: this presents a limitation when
cellular mechanical stimuli are of greater significance, such as when
modelling breathing or peristalsis in lung and gut-on-a-chip systems
respectively, and more elastic materials would be desirable
[12,123,124]. Another potential drawback of these track-etched
membranes is their micro-scale thickness, which can limit bright
field imaging and cell-cell juxtracrine signaling [116,125,126]. More
recent advances in ultra-thin nano-scale membranes have shown

improved optical clarity, permeability and cell contact [127] but they
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have yet to be made readily available for widespread

implementation.

The fabrication of these composite devices represents a highly
accessible and transferrable process. It leverages the elastomeric
properties of STPE materials for facile and inexpensive production at
small lab-scales that shares equipment and know-how from soft
lithography techniques, while being higher throughput than PDMS
production. The thermoplastic nature of FD™ and the simplicity of
fabrication steps gives scope for the scaling up of the developed
fabrication protocol. Injection molding or roll to roll hot embossing
can be envisioned for the fabrication of large quantities of highly
reproducible devices: this transferability from lab to industrial-scale
is in sharp contrast to both PDMS and hard thermoplastic

microfluidics.
2.4.2. Material Bonding Characterization
Automated Delamination Testing

We developed an automated pressure testing setup to characterize the
bonding strength between FD™ and PC membranes in a robust and
precise manner. The developed setup allowed the sequential burst
testing of up to ten samples with no user monitoring, regulated by
feedback from continuous logging of pressure and flow rate data. By
varying the gap distance of the delamination device, the bonding
characteristics of small features inherent to microfluidics could be
investigated. This is significant in understanding the minimum

feature sizes attainable with given materials in cases where, for
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example, thin channel walls or micro pillars are desired. A method of
effectively sealing a microfluidic device is an integral part of its
design and implementation and remains a continual challenge faced
by the microfluidics community in the evaluation of new materials
[128]. Standardized leak/burst testing thus becomes imperative in
assessing sealing techniques. Accordingly, while no standardized
method specific to microfluidic applications exists, a wide variety of
bond testing techniques have been used. This includes flow rate-
based evaluation in flow-through channels and the pressurization of
closed channel structures, both of which often rely on optical
detection of leaks [129-134]. In comparison to the automated system
developed here, these existing methods remain low-throughput and,
since they examine the leaking of a device from the channel structure
toward the exterior of the device, often representing millimeters or
centimeters of bonding distance, they often lead to inaccurate or
misleading data. In this work, we thus proposed a reproducible
technique for bonding test that is both more representative in a
microfluidic context and higher-throughput than existing methods,
two fundamental aspects in the development and evaluation of new

materials for microfluidic devices.
Flexdym™ - Polycarbonate Bonding Strength

To evaluate the integrity of the FD™-PC bond, we carried out

delamination testing to assess the suitability of the composite FD™-
PC devices for cell culture applications. More specifically, by using
the gap-channel delamination device, we investigated the minimum

bonding distance that could be attained with the fabrication protocol
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developed. Results from delamination tests showed a linear increase
of the pressure capacity from 529 + 318 mbar with a gap distance of
100 pm to 1802 £ 186 mbar with a gap distance of 1000 pum (noting
that a maximum testing pressure of 2000 mbar was used, which,
accounting for some pressure drop between the pressure controller
and the devices, corresponded to a maximum pressure of ~1880
measured at the devices) (Figure 2.6A). In comparison, the control
group (FD™-FD™ devices) showed an overall increase in pressure
capacity to ~1500 mbar and above at all gap distances. At gap
distances of 300 um and above the pressure capacity consistently
corresponds with the bulk pressure capacity found by Lachaux et al.
using a similar bonding protocol [27]. It is critical to note that also at
FD™-FD™ gap distances of 100 and 200 pum, the data showed
increased variability. This might be due to a limitation of the manual
process using tweezers when the device design presents small
features or to faulty glass mold patterns. One potential way to
minimize this variation would be through the use of microscope-
assisted or automated procedures when creating conformal contact
but this would require more time invested per device. Minor
spontaneous resealing of gap devices was observed after
delamination occurred and device pressurization was released,

without an additional baking step.

The higher pressure capacity of FD™-FD™ devices as compared to
FD™-PC devices was likely due to a high self-bonding capability of
FD™, as the bonding mechanism of such styrenic block copolymers

relies on the mobility of EB polymer chains at the interface of the
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Pressure capacity (mbar)

two surfaces in contact [120]. Since the PC does not contain the same
EB blocks, it follows a weaker interaction with FD™. Furthermore,
PC has a higher glass transition temperature of ~150 °C that is not
reached in the bonding procedure, which could result in reduced

interaction due to polymer chain immaobility.
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Figure 2.6. Evaluation of FD devices bonding strength. (A) FD™-PC and FD™-FD™
pressure capacities (mbar) were evaluated via delamination testing of devices with gap
distances from 100 to 1000 pm. FD™-PC devices show reduced bonding strength compared
to FD™-FD™ honding but reliably withstand pressures of 500 mbar at gap distances of 200
um and above. (B) Pressure capacities of FD™-FD™ and FD™-PC devices (400 um gap
distance) at 1, 7 and 14 days after fabrication (aging time). An additional set of FD™-PC
devices was aged in high humidity, 37 °C incubation (FD™-PC Inc.). n = 5 devices per

dataset, data shown as mean + SD.

The FD™-FD™ bonding could be facilitated as well by the FD™
elastomeric properties while for FD™-PC surfaces there was a
discrepancy of flexibility, that likely caused lesser contact. Any
unreliable contact would be accentuated at smaller scales and is
indeed evident in the variability of FD™-PC bonding at smaller gap

distances, as well as in that of FD™-FD™. Nevertheless, at a
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bonding distance of 1 mm, a distance that typically defines the
material bond that seals a channel from its external environment,
FD™-PC devices withstood maximum testing pressures and, for gap
distances of 200 um and above, pressures of 500 mbar and greater,
that are generally sufficient for cell culture applications. The
suitability of FD™-PC device capacities in the context of their use
for cell culture is discussed further in Section 2.4.3. While PDMS
membrane-integrated cell culture systems have not expressly
characterized the bond strength, most platforms of this type utilize
oxygen plasma bonding between the PDMS slabs and the PDMS
membrane [60,113,115]. Thus, the closest analog to FD™-PC
delamination data may be found in burst testing conducted in PDMS-
PDMS plasma bonded systems. Plasma-treated PDMS-PDMS
systems have been reported ranging from approximately 0.7 to 4 bar,
being highly dependent on oxygen plasma parameters [133,134]. In
contrast, PDMS-PDMS sealing based only on conformal contact
(without plasma surface activation) has been shown to leak at
pressures above ~400 mbar [135]. Additionally, PDMS devices that
use thermoplastic membranes, in a similar “sandwiched”
configuration, primarily use a PDMS glue/mortar method [129] or
chemical surface modification for covalent bonding [136]. These
methods result in crosslinked or covalent bonds with maximum burst
pressures of 1-1.2 bar for PDMS mortar and~2 bar for chemical
bonding. Thus, we demonstrated the validity of the bonding strength
data obtained for both FD™-FD™ and FD™-PC devices, with results
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comparable or higher to those found in literature for PDMS-based

microfluidic devices.

To investigate any bonding degradation that could occur resulting
from the increased temperature and humidity conditions over time, a
complementary set of delamination tests were performed: devices of
400 um gap distance were used and tested with and without
incubation at 37 °C and high humidity to mimic to cell culture
conditions for up to 14 days (Figure 2.6B). 400 um devices were
chosen, as they were found to be the largest gap size that consistently
delaminated within the test pressure range. After 14 days in
incubation conditions, FD™-PC devices withstood pressures of 1274
+ 225 mbar, as compared to FD™-PC devices tested one day after
fabrication, which withstood pressures of 1280 + 241 mbar and 1319
+ 382 mbar, with and without incubation conditions, respectively.
Kruskal-Wallis non-parametric test (p < 0.05) was performed
separately on FD™-PC and FD™-PC with incubation groups to
compare the pressure capacities over time (1, 7 and 14 days). Results
revealed no significant difference in the integrity of the FD™-PC
bond over time and under exposure to cell culture conditions (p=0.69
and 0.43 for FD™-PC and PD-PC Inc. respectively), indicating the

suitability of such devices for long term cell culture studies.

Continuous fluidic perfusion of cells for transport of nutrients, waste
and soluble factors is one of the main advantages of microfluidic
platforms for cellular biology [137]. To evaluate the quality of
bonding of the composite devices and their longevity for cell culture,

we investigated the bonding behavior of FD™-PC under constant
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pressure for extended time periods (500 mbar for 10 h) or under
cyclic pressures (0 to 500 mbar, 0.2 Hz, 10,000 cycles). Devices of
400 um gap distance showed no delamination resulting from
constant or cyclic pressurization, demonstrating robust and

reproducible performance under realistic working conditions.
Flow-Pressure Correlation

The influence of shear stress on cells is a significant factor that must
be considered when recapitulating in vivo conditions inside of a
microfluidic device. It has been shown to have a major impact on cell
differentiation and function, such as drug metabolism and cytokine
secretion [138,139]. Thus, the ability to implement and control the
appropriate shear stresses on a cell population should be evaluated
during the design and fabrication stages of a device development.
Here, flow tests of FD™-PC composite devices were conducted to
understand the flow rates and calculate the shear stresses attainable
inside of our devices, as a contextualization of the device pressure
capacity results obtained through delamination testing. A design
consisting of a simple channel of varying widths atop a PC
membrane was used as a model to represent geometries and flow
characteristics typical of barrier model cell culture chambers in
literature, in which there is no flow across the membrane, most
notably models developed by Harvard University’s Wyss Institute
[59,124,140].

Figure 2.7A shows the linear relationships between the pressure

measured at the inlet of the device and the flow rates in our
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microfluidic setup and Figure 2.7B shows the corresponding shear
stresses imposed on the surface of the membrane, as determined by
the following equation describing the wall shear stresses z,, of
laminar Newtonian fluids in a closed rectangular geometry
(Equation 2.1):

_ 6uQ

Tw = (2.1)

where s the dynamic viscosity of water (8.90 x 10 Pa-s at 25 °C),
Qis the fluid flow rate, b is the channel width and 4 is the channel
height [141]. This approximation of wall shear stress assumes
parabolic Poiseuille flow in the microchannel, useful for estimating
wall shear stresses in rectangular channels when flow is along the
length of the channel and w > h. Depending on the channel
dimensions used, flow rates of up to ~150 pL/min and shear stresses
of up to ~140 dyne/cm? could be achieved by applying 500 mbar or
less of pressure to the composite devices. The results show the
devices give ample range of control over fluid conditions and are
suitable to generate shear stresses for typical in vivo-like cell culture
conditions, which are normally below 25 dyne/cm? [142]. The
relatively low pressures required for such applications indicate that
the FD™-PC bonding strength would be sufficient for cell culture

applications, even with the presence of small features.
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Figure 2.7. Flow-pressure correlation and shear stress graphs of FD™-PC devices. (A)
Flow-pressure correlation in FD™-PC devices from tests measuring the flow rate in a
straight microfluidic channel (of width 200, 400 or 800 pm) and the corresponding pressure
at the channel inlet. Within 500 mbar of pressure applied at the device, flow rates of up to
approximately 150 pL/min can be reached. (B) Wall shear stresses that can be achieved in
each of the example devices, as calculated from the flow rate data in (A), depending on the
pressure applied. Shear stresses of up to approximately 140 dyne/cm2 can be generated with
pressures of 500 mbar and below. It must be noted that these relationships are dependent on
the microfluidic resistance of the entire microfluidic system, which will inevitably vary from
experiment to experiment, depending on the type and amount of devices, instruments and
tubing that are being used. The introduction of a section of high-resistance PEEK tubing in
the experimental flow setup downstream from the FD™-PC devices served to simulate
additional resistance that may exist in a setup and thus provide a conservative estimate of
what pressures would be required to achieve a given flow rate. These results provide an aid
in translating the pressure-based delamination findings into a more practically useful context
(many microfluidic cell culture experiments depend on defining fluid flow rates or shear
stresses rather than pressures) in order to assist potential users in understanding the

capabilities of these devices.

2.4.3. Preliminary in vitro studies
STPE microfluidic devices have been used previously for cell culture
in microfluidics [102,105], however, there has been limited

published data associated with FD™ and its implementation in cell
culture systems. To our knowledge, two different FD™ formulations
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have been previously reported in only two instances with cell culture
work—(i) a moldable film formulation of FD™, similar to the one
used in this study, and (ii) a spin-coating formulation named
FlexdymSC. The first showed cultured yeast cells while
demonstrating reduced absorption of a chemical division inhibitor
due to FD™’s material properties [27] and FlexdymSC was shown to
sustain culture of endothelial progenitor cells over four days [143].
Due to the limited published literature on culturing cells within FD™
microfluidic devices, we evaluated the possibility to maintain
cultured cells within a FD™ composite device for longer time. To
this end, we cultured HDFs within our FD™-PC-FD™ microfluidic
devices for up to 7 days, with cells being seeded on the top of the PC
membrane in the devices’ upper channels. Results from Calcein AM
labeling showed high cellular viability, as checked at day 2 and 7
after seeding (Figure 2.8A-B). Moreover, sustained cell adhesion
and spread morphologies were observed at day 7, after fixation and
staining with phalloidin for visualization of actin filaments (Figure
2.8C). The thickness and porosity of the PC membranes resulted in
some difficulty in observing the cells under bright field illumination
while it did not pose a problem for fluorescent imaging. Although
perfusion has been shown to prime and stimulate more uniform cell
alignment, proliferation and confluency throughout the microfluidic
device, here we focused on verifying the material and device
configuration suitability for sustained cell culture over multiple days.
This was particularly significant as sTPE materials similar to FD™

are known to have one to two orders of magnitude lower oxygen
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permeability than that of PDMS [144,145]. Our results suggest that
under static culturing with media exchanges every other day cells
maintained good adhesion with spread morphologies over 7 days
within the composite devices without the need for more frequent
perfusion. These preliminary data confirm the potential use of this

material and device configuration for barrier-like cell culture

systems.

Figure 2.8. Human dermal fibroblasts cultured in FD™-PC-FD™ devices. Widefield
fluoroscence micrograph of HDFs cultured in the top layer channel on the polycarbonate
membrane. Cells were stained with Calcein AM in the device and imaged at day 2 (A) and 7
(B). (C) HDFs were cultured for 7 days prior to being fixed and stained with 488-Alexa
Fluor™ 488 Phalloidin (staining for F-actin, green) and DAPI (nuclear, blue) and imaged by
confocal microscopy: they presented a primarily spindle geometry, commonly seen at high

confluency. Scale bars = 150 pm.
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2.4.4. Drawbacks Compared to PDMS

When compared to three-layer, membrane-integrated PDMS
microfluidic devices, our composite STPE system presents a few
notable drawbacks. (i) The PC membranes have higher thickness and
stiffness in comparison to porous PDMS membranes in the literature
[116,125]. The more significant thickness of the thermoplastic
membranes and their material properties reduces optical clarity,
notably for bright field observation. Additionally, the medium
diffusion and cell-cell interaction, from one side of the membrane to
the other, are reduced due the increased distance [126]. Furthermore,
the non-elastomeric properties of the PC membrane prohibit
membrane stretching for mechanical stimuli of cells, typical of
certain OOaC devices [12,124]. (ii) Micropatterned sTPE sheets, in
this and previous studies, are rather thin substrates, measuring ~1
mm in thickness, which can introduce complications when
interfacing microfluidic tubing with the device, requiring an
additional connector solution. While numerous connector solutions
exist, such as the conical STPE connectors used in this work, this
represents an additional fabrication step to use the sSTPE device in a
microfluidic setup. PDMS devices, on the other hand, can simply be
fabricated with tunable thickness to interface tubing directly into an
access port. (iii) Styrenic block copolymer sTPE materials, like
Flexdym™ are known to have significantly lower oxygen
permeability than PDMS [144,145]. While this did not pose
problems for culturing cells in this work, it could potentially

represent a major drawback in certain geometries or flow regimes,
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requiring the user to incorporate specific gas control protocols to
maintain appropriate oxygen levels inside the device.

2.5. Conclusions

In this chapter, a brief introduction to microfluidic technology and its
main applications has been presented. Focusing on microfluidics for
cell biology and specifically organ-on-a-chip, we have provided an
overview of the features and weaknesses of the most common
material used for devices microfabrication, polydimethylsiloxane.
Alternative materials for the production of membrane-based
microfluidic platforms have been discussed as well. In this context,
we have proposed an innovative soft thermoplastic elastomer,
Flexdym™, for a rapid and scalable fabrication of membrane-based
chips for OOaC applications. Using Flexdym™ and a commercially
available porous polycarbonate membrane, we have developed a
composite microfluidic platform that can be fabricated in under 2.5 h
with rapid hot embossing and facile self-sealing. The microfluidic
device consisted of a membrane-separated chamber, similar to the
geometries of OOaC devices in literature. The bonding strength of
the devices was evaluated by testing the pressure withstood between
the FD™ substrate and the PC membrane. An automated pressure
delamination system was designed to reproducibly test microfluidic
material bonding in a high-throughput manner. FD™-PC bond
strength reliably withstood pressures of 500 mbar at bonding
distances of 200 um and greater, demonstrating the suitability of our
device for cell culture applications, further highlighted by confirming

no degradation of bonding strength in cell culture-like conditions and
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long-term pressurization. Finally, preliminary in vitro experiments
performed by culturing human dermal fibroblasts within the
composite devices showed good cell adhesion and a maintained
culture over one week, demonstrating their potential to be used for
more complex OOaC models. The promise that microfluidic cell
culture technology offers in the advancement of in vitro platforms for
drug testing and disease modelling has been tempered by the
drawbacks of PDMS and the subsequent need for novel material
solutions [146]. Our work introduces an innovative microfluidic
platform composed of alternative materials that can be fabricated
with a fast, easy and high-throughput process and with proven

efficacy for microfluidic biology applications.
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3. Development of a
microfluidic platform
compatible with Super-
Resolution optical imaging

Results concerning use of primary liver cells and super resolution imaging
acquisition and processing presented in this chapter have been obtained in
collaboration with P. Papakyriacou (Dr. P. Lalor’s Group), Centre for Liver
Research and NIHR Biomedical Research Unit, University of Birmingham,
UK and A.R. Faria (Dr. L. Schermelleh’s Group), Department of
Biochemistry, University of Oxford, UK.



STATEMENT OF SIGNIFICANCE
Although super-resolution (SR) microscopy techniques can
unravel subcellular and biomolecular mechanisms in an
unprecedent way, studies are still limited to imaging of two-
dimensional substrates, such as cells cultured on a dish or tissue
sections. In this chapter, the fabrication and validation of a
microfluidic platform for cell culture compatible with SR
microscopy is presented. The capability of imaging living cells
cultured on-chip at the submicron scale provides a new tool for
biological in vitro studies while recapitulating in vivo-like

dynamic processes, such as microcirculation.
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3.1. The need to take into account the imaging system

Going beyond the diffraction limit

By going beyond the diffraction resolution limit of light, Super-
Resolution microscopy (SRM) techniques represent nowadays a
cutting-edge tool to investigate and discover subcellular and
molecular dynamic processes [147-149]. Indeed, imaging of cellular
structures at the nanoscale in the past has been normally
implemented by electron microscopy (EM) methods, as scanning
(SEM) or transmission (TEM), that, suffer however from important
limitations, notably the need to work with fixed specimens under
static conditions [150]. On the other side, conventional optical
imaging techniques have been largely adopted for studying living
samples under spatio-temporal dynamic conditions but are limited to
a lateral resolution of 200 pum (for oil immersion lenses in the blue
light) due to light diffraction [151]. A variety of fluorescent-based
SRM approaches exists nowadays, with differences mainly
depending on the physical principle used for the specimen excitation
and the emission detection [5,147,152]. Briefly, the SRM techniques
have been classified into diffraction-unlimited, also known as
nanoscopy techniques, and diffraction-limited methods. The
diffraction-unlimited methods rely on the on-off switching or
modulation of fluorophores to discern close molecules: the
diffraction limit can be then overpassed by the ability of exciting and
detecting separately adjacent fluorophores, that would be otherwise
detected as a single spot by conventional optical microscopy. In this
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category, two classes are distinguished, namely targeted and
stochastic nanoscopy. Stimulated emission depletion (STED) and
reversible saturable optical linear fluorescence transitions
(RESOLFT) microscopy are the two main targeted methods and rely
on the direct focusing of light to achieve the on-off fluorophore
switching [153]. Otherwise, single molecules can be excited by
random (stochastic) switching, a concept named single-molecule
localization microscopy (SMLM). In this category, photo-activated
localization microscopy (PALM) and stochastic optical
reconstruction microscopy (STORM) are the most known
techniques, whose widespread investigation is related to the use of
wide-field illumination, thus low-cost setups could be easily built.
Although theoretically unlimited resolution can be achieved by these
methods, empirical limitations restrain de facto the resolution to tens
of nanometers. Moreover, some features as small fields of view and
long acquisition times represent important drawbacks for cell biology
applications. Diffraction-unlimited SRM methods have been applied
to biology for studies on three different scales: investigation of single
molecules, protein clusters, as lipid rafts, focal adhesions or neuronal
synapses, and supramolecular intercellular structures, as
cytoskeleton, mitochondria and DNA have been conducted by both
targeted ad stochastic SRM [147,154-158].

On the other side, diffraction-limited microscopy normally enables
only a 2-fold improvement of the diffraction limit but faster
acquisitions and no need for high light intensities make these

techniques particularly suitable for live cell imaging of dynamic
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processes with reduced phototoxicity. For instance, AiryScan uses a
detector array rather than a single detector typical of confocal
microscopes, allowing for faster acquisition and reduced signal-to-
noise ratios [159]. By generating thin light sheets, lattice light-sheet
(LLS) microscopy allows for reduced photodamage and fast 3D
scanning and has been successfully used for whole living cells and
even embryos imaging [160,161]. However, both these techniques
suffer from relatively reduced increase of the resolution and LLS
requires specific costly equipments and samples clarification. Thus,
an interesting alternative is represented by structured illumination

microscopy (SIM), that will be the focus of this section.

SIM is a wide-field deconvolution approach that relies on periodic
interference patterns to illuminate the sample [162—165]. Resolution
in conventional microscopy is determined by the diffraction limit,
which depends on the objective numerical aperture (NA) and the
light wavelength (). In the reciprocal (frequency) space, the
resolution in two dimensions is described by a circular observable
region in which the diameter is determined by the maximum (cut-off)
frequency (thus, maximum resolution) corresponding to the
diffraction limit itself (2NA/A) (Figure 3.1, conventional
microscopy) and determined by the optical transfer function (OTF).
The idea behind SR-SIM is to collect information outside the circular
observable region so as to increase the resolution in the real space.
This has been implemented by exploiting the Moiré effect: when

overlapping two periodic patterns, a coarser interference pattern,
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called Moiré fringe, is obtained. Here, one pattern corresponds to the
illumination pattern used for the imaging and practically generated
by a phase grating while the second one is the sample, that contains
unknown distribution of fluorophores. When switching to the
reciprocal space, the circular observable region of typical
conventional microscopy will thus contain new frequency
components with a displacement corresponding to the Moiré fringes
in the real space. Thus, after acquisition of the raw data, the super-
resolved image is reconstructed by separating and deconvolving the
frequency contributions to create new observable regions. By
combining different phases and orientations of the illumination
patterns, information on an observable region twice bigger compared
to the original one can be collected, thus increasing twice the spatial
lateral resolution of the reconstructed image (Figure 3.1).
Analogously, the resolution can be improved in 3D by creating
interference patterns in both lateral and axial directions; in this case,
the observable region will have a torus-like shape and the resolution
can be improved by adding the new frequency contributions from
both the dimensions, thus implementing 3D SIM. With this
technique, a lateral resolution of ~120 nm and an axial resolution of ~
300 nm have been achieved, doubling the diffraction limits
[166,167]. Compared to other SRM methods, SIM offers the
advantage of using low light intensities (few W/cm? compared to tens
or hundreds of MW/cm? of STED [167]) and the possibility to do
multicolor imaging without the need for specific fluorophores, as

switchable fluorophores required for SMLM techniques [168].
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Figure 3.1. Schematic of SIM working principle for enhanced lateral resolution.
Created with biorender.com.

In the last decade, many different SIM-based methodologies have
been engineered, all relying on patterned illumination, notably to
further improve the spatial and temporal resolution capabilities.
Techniques as non-linear SIM [169-171] and point or multi-point
SIM [172] and combination of SIM with other microscopy and SRM
approaches [165,173-175] have been described in detail elsewhere.

Despite SR-SIM has been widely used for the study of fixed
specimens due to limited capabilities of commercially available
setups [165], the recent advancements on the development of setups
with increased temporal resolution have pushed this technology to be
increasingly adopted for live cell studies [7,176,177]. Already in
2011, M Gustafsson’s group demonstrated the capability of imaging
living cells by 3D SIM, thus overcoming some of the major
drawbacks of other SRM techniques, such as photobleaching and
photodamage, limited field of view (STED) or limited speed
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(SMLM). They imaged microtubules of living Drosophila S2 cells
and mitochondria of HeLa cells over hundreds of time points,
demonstrating high lateral and axial resolutions (120 and 360 nm
respectively) and the possibility to study mitochondria dynamics
with a speed of 0.12 um/s and with low dye bleaching [167]. The
data acquisition and pattern switching was however hindered by the
use of electron-multiplying charge-coupled device (EMCCD) camera
due to the long exposure time. The year after, they reported time-
lapse dual color imaging of microtubules and mitochondria of living
HeLa cells and cytosol and actin filaments of neurons with a
temporal resolution of 8.5 s, that could be achieved by using a
complementary metal-oxide semiconductor (SCMOS) camera [178].
Recently, studies conducted on living human bone osteosarcoma
cells by 3D SIM were used to investigate the role of actin and
myosin filaments during cellular movement [179]. Therefore, SR-
SIM holds great potential for the analysis and discovery of dynamic
subcellular processes at the nanoscale, that have been unresolvable

so far by conventional microscopy.

In the frame of DeLIVER project, special focus has been paid on
studying the liver sinusoidal endothelial cells (LSECs). Although
hepatic models have deeply investigated the function of hepatocytes,
the liver parenchymal cells, often at the expense of the other cell
types, the fundamental role of LSECs in liver pathophysiology is
today well known [180-182]. LSECs compose the endothelium of
the liver capillaries, called sinusoids, and they play an active role in

liver homeostasis, blood flow regulation and filtration of metabolites
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as well as in liver diseases, such as chronic and acute liver diseases
and cancer [181]. Compared to other endothelial cells, as in the
lungs, brain and skeletal muscles, that form a continuous
endothelium [183,184], liver sinusoids are a discontinuous
endothelium, characterized by intercellular gaps, with LSECs lacking
basement membrane and presenting open nanometric pores called
fenestrations or fenestrae, features intrinsically related to their
filtration and transportation functions [185-187]. The fenestrae are
dynamic structures, eventually organized in sieve plates, involved in
the filtration and transfer of molecules and the maintenance of
hepatocytes and other non-parenchymal cells under homeostasis
[188]. In fact, in pathological conditions, when exposed to certain
drugs or during aging, LSECs have been proven to undergo
important morphological and physiological changes, the major one
being their capillarization, i.e., the loss of fenestrations and formation
of basement membrane, with consequent hepatic impairment
[24,189-192]. First observed in rat livers by electron microscopy
[193,194], their nanoscopic size (50-200 nm) make SRM techniques
particularly suitable for their investigation [188]. 3D-SIM and
STORM, eventually combined, have been used to investigate the
LSECs morphology and organization within the surrounding
microenvironment [23,174,191] and their response to different drugs
[195], leading to novel findings as the distribution of sieve plates in
between membrane lipid rafts [196]. Recently, STED imaging of
dedifferentiated LSECs showed the intact capability of LSECs to re-
form fenestrae [197]. However, all these studies are limited by the
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use of rodent cells and imaging after fixation. An interesting work
has recently reported the use of atomic force microscopy (AFM)
[198], also previously adopted [199], for the investigation of living
LSECs fenestrae dynamics, eventually after exposure to drugs, with
high resolution and fast acquisition, though also performed on
murine specimens. Furthermore, AFM has some drawbacks, as
limited axial resolution and risk to damage the samples, that
fluorescence microscopy could overcome. Another important
drawback to these studies is that loss of fenestrations has been
demonstrated to occur in vitro after few hours from the isolation and
plating of primary LSECs in 2D cell culture plates, with
dedifferentiation and apoptosis within 48 hours [186,200], a
phenomenon that limits a longer-term study of these structures
dynamics. In this context, microfluidics has been shown to be a
powerful tool for maintenance of cellular phenotypes and functions
over prolonged periods due to the recapitulation of
microenvironmental cues [201,202]. To decipher the complex
dynamic subcellular structures of LSECs, further studies should
therefore focus on the use of human cell sources and studies on live

specimens, ideally in a dynamic microenvironment.

Combination of microfluidic platforms and SR microscopy for

dynamic studies

Despite the relevance of the results obtained so far by using SRM,
the choice of cellular model is equally significant and, as discussed
in the previous chapters, the use of fixed samples and 2D cellular

substrates represents a major limitation. Thus, although still limited
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examples have been reported in literature, researchers have started
engineering microfluidic devices compatible with SRM. Microfluidic
platforms have been developed for the immobilization and study of
mammalian cells and bacteria by SMLM [203]. Cattoni et al.
proposed a simple microfluidic chamber composed of a parafilm
mask with channels of 130 um sealed between a glass coverslip for
imaging and a glass slide for stability [204]. The chamber was used
to immobilize bacteria cells to different coatings, offering the
advantage that the seeding, washing and staining could be done on-
chip by flowing the products of interest. 3D-SIM was used to
confirm cells flatness while bacteria growth and division were
studied by PALM imaging in time-lapse experiments. The data
collected allowed for automatic sorting and classification of different
bacteria populations based on proteins distribution and DNA
localization within the cells. Recently, a PDMS microfluidic device
was used for on-chip culture and labeling of living mammalian cells
from monkey and coupled to STORM SR imaging for study of
mitochondrial dynamics [205]. STORM has also been used for the
study of cilia dynamics: a PDMS device was used to culture and
perfuse mouse kidney cells under different shear stress conditions
and imaging by STORM revealed the effect of mechanical cues on
cilia morphology and proteins localization. Although the work
proposed on-chip fixation, the actual super-resolution studies were
performed on fixed and labeled cells only after the detachment of the
microfluidic chamber, thus limiting the potential of the platform
[206]. In another example, STED imaging was performed on human
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umbilical vein endothelial cells (HUVECS) cultured within a PDMS
microfluidic device to study the features of the glycocalyx layer
under flow [207]. Despite these recent advances, microfluidic
platforms for human biology, as OOaCs, have not been coupled yet
with SRM. Furthermore, although SIM shows advantages compared
to other SR methods, as high acquisition speed and low cellular
photodamage, it has been rarely used for imaging of processes on

dynamic platforms [204].
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Rationale and objectives

Structured illumination microscopy focuses nowadays on imaging samples under
static conditions. The rationale behind Chapter 3 is thus to design and develop a
microfluidic platform compatible with SR-SIM equipments to provide an
alternative dynamic in vitro model for the culturing and super-resolution imaging
of cells and subcellular structures. The final goal in the context of DeLIVER
project was the SIM imaging of endothelial cells from liver, whose peculiar
features, as membrane fenestrations, and functioning are of great interest to

unravel hepatic physiopathology.

In this chapter, we first present the investigation of different materials, notably
thermoplastics and elastomers, for building the microfluidic devices. We thus
focus on the design of a PDMS microfluidic platform and its implementation to
ensure the compatibility with SR-SIM. The design of the devices has been
optimized considering both its physicochemical and geometrical features as well
as its biocompatibility as in vitro platform. Important parameters as device
dimensions, bonding strength and channels geometry have been evaluated and
discussed. The platform has been used for in vitro culturing of human and
mammalian cell lines and primary cells. Surface coating, seeding strategies, cell
densities and culturing under flow have been optimized depending on the cell
sources to enable long-term viability. Staining procedures for imaging with
conventional and super-resolution microscopes have been addressed.
Combination with SR has allowed us to perform on-chip imaging of subcellular
structures on living cells, on-chip labeling and to study the real-time response of
cells to drug flow. Culturing and imaging on-chip of primary LSECs and their

fenestrations has also been demonstrated.
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3.2. Design, Development and Characterization of a microfluidic
device for SR-SIM

3.2.1. Design and microfabrication

The use of SRM imaging techniques poses intrinsic constraints to the
design of microfluidic platforms. Due to the need of minimizing
refractive index mismatches to prevent optical aberrations and to the
relatively limited imaging depth compared to conventional light
microscopy techniques [152], the use of standard membrane-based
microfluidic models is practically unfeasible. To ensure
compatibility with SR systems, cells should be cultured in a 2.5D
system, meaning they can be encased in a microfluidic platform but
the bottom layer of the device should be a glass coverslip. Thus,
typical OOaC plaftorms should be re-designed to take into account
these requirements. The integration of membranes also represents an
issue for imaging of cells, especially the ones cultured on the top
side, which are the furthest from the microscope objective. Thus,
conventional membrane-based horizontal models, in which the
membrane is sandwiched between the channels, should be rethought
“vertically”. Here, a simple microfluidic chip composed of a single
patterned PDMS layer sealed to a glass coverslip has been proposed.
Cells were cultured in monolayers on the coverslip (bottom layer) in
presence of an optimized coating and consequently imaged by SR-
SIM (Figure 3.2A).
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Figure 3.2. Conceptualization of microfluidic platforms compatible with super-
resolution microscopy. (A) Design of the platform presented here: the micropatterned
PDMS with the channel structures is sealed to a glass coverslip where cells are cultured. In
the frame of DeLIVER project, LSECs have been cultured for SR imaging of their
fenestrations. The microscope images shown in the pictures display fenestrations with
conventional widefield microscopy (left) and resolved by STORM (right). Scale bar 2 pm.
Adapted with permission from Ménkeméller et al. 2014. (B) Conventional OOaC platforms
present a membrane-based design, in which the parenchymal and vascular cells are cultured
on the opposite sides of a horizontal membrane, sandwiched between the channel substrates
(left, lateral view). The design is not compatible with SRM. A vertical rather than horizontal
design should thus be envisioned for engineering complex models compatible with SR
imaging: a possible configuration is represented by the encapsulation of perfusable
cellularized channels within an ECM matrix on a glass coverslip (right). Created with

Biorender.com.
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Besides the model proposed here, the advances in biological
polymer sciences and technologies as 3D bioprinting can be
successfully adapted for building “vertical” complex microfluidic
platforms compatible with SRM [208]. The basic idea consists in
printing confined hydrogels, eventually encapsulating cells and
containing perfusable microchannels on a 2D substrate (a glass
coverslip for SR applications). This way, the parenchymal and
vascular interfaces can be bioprinted side by side, with subsequent
removal of the horizontal membrane. An interesting example has
been reported by the team of J A Lewis, who 3D printed a kidney
tissue model composed of a perfusable vascularized proximal tubule
[94,209]. The microfluidic device frame was composed of a printed
silicon gasket on a glass slide. The microfluidic model was
engineered by an ECM layer composed of gelatin and fibrin and of
two convoluted microfluidic channels, one for the epithelium and
one for the endothelium, fabricated by 3D bioprinted fugitive
Pluronic ink. After the dissolution of the fugitive ink at 4°C, the two
adjacent microfluidic channels could be perfused and seeded with
proximal tubule epithelial cells and glomerular vascular endothelial
cells respectively. They confirmed the expression of renal and
endothelial markers under physiological conditions and assessed the
selective reabsorption mechanisms of albumin and glucose with
cross-talk between endothelial and epithelial channels. Impaired
mechanisms as hyperglycemia were also mimicked on-chip,
demonstrating the ability of the platform to recapitulate both

physiological and pathological conditions. This tissue engineering
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approach offers the advantages of printing tubular structures with
complex geometries and of designing more physiologically relevant
model by inclusion of ECM and 3D cellular organization into
channels. However, the main drawback was the need of seeding cells
after bioprinting and bioprinting using cell-integrated bioinks should
be envisioned [210]. Figure 3.2 shows the schematic of the
microfluidic platform compatible with SRM proposed here and a
possible optimized configuration for building complex “vertical”
microfluidic-based tissue models for SR imaging.
In terms of choice of the materials, Chapter 2 describes the major
benefits that can be obtained by using materials alternative to
polydimethylsiloxane (PDMS), commonly used for microfluidic
devices fabrication. We thus firstly investigated the possibility of
using the thermoplastic elastomer previously described, Flexdym™
(FD™), for the fabrication of microfluidic platforms compatible with
SRM. To overcome one of the main limitations of FD™, its intrinsic
thinness, we present in the next section a protocol for the fabrication
of thick FD™ substrates: since the raw material comes in form of
sheets (nominal thickness of 1.3 mm), that become even thinner once
they are heat-pressed, the final layer thickness is ~1 mm [28]. This
introduces complications for tubing connection to the device,
requiring additional fabrication steps for the insertion of external
connectors for interfacing with the flow system. Furthermore, it is
important that the connectors remain stable over time and under
multiple tubing insertions, without detaching, a requirement that
often involves the use of glues for their maintenance in place. A
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modified protocol allowed us for the production of thick patterned
FD™ substrates but several other issues, further detailed in the
chapter, led us to exclude this alternative material for SRM imaging,

finally using standard PDMS for the microfabrication.
Fabrication of thick Flexdym™ substrates for microfluidics

Due to the advantages of thermoplastic elastomers in comparison to
PDMS, preliminary experiments were carried out to define a protocol
for the production of thick Flexdym™ substrates in order to obtain
compact devices with no need for external connectors. Two different
protocols were investigated, as reported in Table 3.1. Briefly, the
first protocol was maintained similar to single FD™ micropatterning
by hot embossing (see Chapter 2) while the second protocol added a
previous melting of overlayed FD™ sheets on a hotplate followed by

hot embossing.

Table 3.1. Fabrication protocols proposed for thick Flexdym™ substrates.

PROTOCOL 1 (Hot embossing)

i.  Avacuum-assisted heat press (Sublym100TM, Eden Microfluidics SAS,
Paris, France) is heated at 170°C and spacers are properly chosen to
obtain the desired final FD™ thickness;

ii.  Extruded FD™ sheets (Eden Microfluidics SAS, Paris, France) are cut at
the desired size and cleaned with tape to eliminate any dust;

iii. Several (2 to 3) FD™ sheet are stacked together by placing them in
conformal contact and positioned in between two glass slides

iv.  FD™ sheet are then hot embossed at 170°C for 2 minutes;

V. FD™ sheets are separated from the glass slides using isopropanol.

PROTOCOL 2 (Melting + Hot embossing)

i A metal case is placed on a hotplate at 220°C;
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ii. FD™ sheets are cut with scissors to fit the mold and cleaned with tape;

iii. Several FD™ sheets (basing on the thickness desired) are stacked
together and placed within the pre-heated metallic mold on the hotplate;

iv. A flattool (ex: glass slide) is used to press carefully the FD™ sheets
during the melting process to reduce the presence of air bubbles;

v.  After 30 minutes, the mold is removed from the hotplate and the FD™
substrate let to cool down;

Vi. Steps (i, iv-v) of Protocol 1 are performed for the hot embossing

procedure.

Results from protocol 1 showed that the hot embossing only was not
sufficient to achieve uniform bonding of the FD™ layers (Figure
3.3A and B), that resulted partially melted with uneven melting over
the length and loss of flatness of the entire substrate. The
introduction of a first hotplate step induced FD™ to become more
opaque and to lose partially its stickiness and self-bonding
properties. Although experiments were performed by stacking up to
three layers of FD™ and obtaining substrates with a final thickness
of ~ 4 mm, air bubbles were visible between the layers due to the
difficulty of removing them during the melting process because
pressing the FD™ caused partial loss of structure and flatness. On the
other side, single FD™ sheets resulted to be completely melted
together, with the cross-section resulting to be a homogeneous thick
FD™ sheet (Figure 3.3C and D). Therefore, the hotplate step was
followed by hot embossing using the same parameters as in protocol
1. Results showed that after the heat press step, FD™ partially
recovered its transparency and adhesive properties. Different spacers
thicknesses were tested, particularly with spacers higher than the
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glass-FD™-glass substrate or shorter. In the first condition (Figure
3.3E), FD™ experienced vacuum but not pressure from the metal
plates. The final substrate resulted to partially recover its
transparency and adhesiveness with no reduction of thickness
compared to the hotplate step. In the second condition (Figure 3.3F),
FD™ experienced vacuum and pressure, resulting in total recovery of
transparency and adhesiveness. However, a thickness decrease
occurred and the air bubbles encased within the FD™ layers during
the hotplate step spread uniformly between the layers, hindering the

final applicability of the FD™ substrate.
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Figure 3.3. Fabrication of thick FD™ substrates. (A, B) Protocol 1 (side and top view
respectively): simple hot embossing resulted in partially and heterogeneous melted FD™
layers (red arrows and circle in A and B respectively). (C-F) Protocol 2. (C, D) Melting
(hotplate) step (side and top view respectively): the addition of an initial melting step leads
to homogeneous bonding of the FD™ layers (C) but incorporation of air should be carefully
avoided (D). (E, F) Hot embossing after melting by using taller (E) or shorter (F) spacers.

(G) Patterned thick FD™ for microfluidic applications optimized by our group.

Preliminary data reported here showed the feasibility of fabricating
thick FD™ substrates by overlaying of thin FD™ sheets. A simple
hot embossing resulted to be ineffective for the optimal melting of
the layers. The combination of an initial hotplate step followed by
hot embossing (protocol 2) resulted to be the most effective process:
the layers were firstly homogeneously melted at 220°C for 30
minutes while the hot embossing allowed for recovery of FD™
adhesiveness and transparency. For spacers higher than the glass-
FD™-glass substrate, the vacuum resulted not sufficient to change
the FD™ opaqueness due to the lack of pressure applied. Therefore,
spacers shorter than the substrate should be used: however, particular
attention should be paid in avoiding the air encapsulation during the
melting of the layers and spacers thickness should be designed
carefully to prevent an excessive flattening of FD™ during the hot
embossing, with consequent thickness reduction. Protocol 2 has been
further optimized by our group (work unpublished, Figure 3.3G),
demonstrating the possibility to produce thick FD™, that can be
directly micropatterned after melting by replacing the bottom glass
slide with a microfluidic mold. However, the process resulted to be

more time consuming compared to standard one layer FD™
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fabrication due to the 30 minutes melting step, hindering the rapid
prototyping benefits typical of thermoplastics.
Although the feasibility of fabricating thick FD™ substrates by
stacking and heat-pressing several FD™ sheets together has been
demonstrated, the process resulted to be not straightforward and
issues, as formation of air bubbles between the layers, increased
opacity of the material over repeated hot embossing steps and
decrease of adhesive properties, led us to exclude this option. In
contrast, PDMS thickness can be easily tuned by pouring different
amounts of polymer on the mold. Moreover, as previously shown,
FD™ presents some other important drawbacks. The second major
drawback is the difficulty of bonding FD™ to glass: even if this
thermoplastic shows excellent self-bonding properties, with no need
for extra functionalization steps, its bonding to glass resulted
challenging and preliminary experiments performed at either room or
at higher temperature showed the contact between the two materials
without formation of a stable covalent bonding, leading ultimately to
leaky devices. On the contrary, although requiring an extra
fabrication step, PDMS can be covalently bonded to glass via simple
surface plasma activation. Furthermore, in the device shown in
Chapter 2, another limitation was represented by the use of a
relatively thick (23 um) porous polycarbonate membrane, that
decreases the optical clarity, hampering the use of the device for
SRM. Due to these limitations, that should be addressed in detail to
improve the versatility and applicability of thermoelastomers, PDMS
was thus chosen for the design of microfluidic platforms for SRM.
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Switching to PDMS: design and microfabrication of

microfluidic devices compatible with SIM

The siloxanes, the macromolecules that compose the backbone of
PDMS, were firstly characterized by the English chemist Frederick
Stanley Kipping in 1927. Considered as one of the founding fathers
of silicon chemistry, he started studying the materials which are now
globally known as silicones from 1899 and coined the term silicone
in 1904. In 1943 the Dow-Corning Corporation was established as a
joint venture between Corning Glass and Dow Chemicals and it
became the first silicones manufacturer, following Kipping’s method
[20]. PDMS is the material of choice for soft lithography and
microfabrication of microfluidic platforms for cell biology [9,35].
Because of its transparency, elastomeric mechanical properties,
reduced cost and facile fabrication, it has been widely preferred to
glass and silicon for fabrication of microfluidic devices. Because of
its non-cytotoxicity, biocompatibility and permeability to gases, it
has been largely used for fabrication of OOaCs [211,212].
Considering the drawbacks of FD™ in its use for building devices
compatible with SRM, we decided to adopt PDMS for the
development of these platforms.
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Figure 3.4. CAD designs of microfluidic devices developed for SRM studies.
Design and fabrication of the microfluidic mold

Microfluidic molds were fabricated with a similar protocol as the one
described in Chapter 2 (Figure 3.5B). 75x 50 x 1 mm (L x W x H)
borosilicate glass slides (Corning Inc., Corning, NY, USA) were
cleaned with acetone and isopropanol and dehydrated on a hotplate
(Thermo Fisher Scientific, Waltham, MA, US) for 20-25 minutes at
120 °C. For a single layer photoresist mold, one sheet of Ordyl® SY
300 dry film negative photoresist (55 um thickness, ElgaEurope s.r.1.,
Milan, Italy) was laminated onto the slide using a thermal laminator
(325R6, FalconK, France) at 120 °C and roller speed 4. Using an
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exposure masking UV LED lamp (UV-KUB 2, Kloé, Montpellier,
France) the photoresist was then exposed to UV light (365 nm, 23.3
mW cm-2), for 7 seconds with a film photomask (Selba S.A.,
Versoix, Switzerland) and the micropatterned slide was subsequently
put on the hotplate for 5 minutes at 120°C. After 15 minutes in the
dark, the photoresist was developed with a solvent blend (Ordyl® SY
300 Developer, ElgaEurope s.r.l., Milan, Italy) for 5 minutes to
remove unexposed sections of the photoresist and washed with IPA

to remove any debris.
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Figure 3.5. Schematic of the PDMS device fabrication workflow. (A) The first step
consists in the design and printing of the photomask with the desired microfluidic pattern.
(B) Steps 1-4 show the fabrication of patterned glass mold using a dry pattern photoresist.
(C) Steps 5-8 represent the microfabrication of PDMS chips via replica molding before the

final application (D). Created with BioRender.com.

The mold fabrication process was finished with a hard bake of 1 hour
at 150 °C on a hotplate. For a multilayer photoresist mold, Ordyl
sheets were laminated in sequence at 120°C and speed 4 with a
cooling step of 2 minutes in between each lamination and

consequently placed on a hotplate at 120°C for a minimum of 5
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minutes. The UV exposure times were adapted accordingly to the
number of laminated layers, being 2 s, 6 s and 11 s for one, two or
three Ordy| layers respectively. After a baking step of 5 minutes on
the hotplate, the micropatterns were developed in a time depending
on their features, ranging from 5 to 15 minutes and hard baked for 1
hour at 120°C.

PDMS devices microfabrication

The microfluidic devices were fabricated by PDMS soft lithography
(Sylgard 184, Dow Corning Corporation, Michigan, USA) by mixing
manually the liquid silicone base and the curing agent completely
with a ratio 10:1 (w/w) for 10 minutes. The mixture was degassed
then in a vacuum chamber for 30 minutes to remove any air bubble
and poured over the master mold containing the negative replica of
the channel. After a second step of degassing, the samples were fully
cured in oven at 80°C for 2 hours for PDMS polymerization and
subsequently cooled at room temperature. The cured PDMS slab was
peeled off from the mold by carefully cutting its edges with a razor
blade and the single devices were consequently separated. The inlet
and outlet ports of the channels were punched to create holes of 1.5
mm of diameter by using a biopsy punch and the micropatterned
PDMS was then cleaned with tape to remove any debris or dust
particle. A glass coversheet (No. 1.5H, Marienfeld Superior, Lauda-
Konigshofen, Germany) was cleaned with EtOH 70% and let dry
before placing it and the PDMS (with the channel structures facing

upwards) in a plasma system (PDC-002, Harrick Plasma, Ithaca, NY,
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USA) for air plasma activation (200 mTorr, 30W, 2 minutes). The
bonding process was performed by placing the two layers in
conformal contact after the plasma treatment to ensure irreversible
bonding (Figure 3.5C). Devices with different designs and channel
dimensions have been fabricated (Figure 3.4), with nominal heights
corresponding to single, double or triple Ordyl mold (55 to 165 pm),
widths ranging between 100 and 800 pum and lengths of the central
device area of about 10 mm.

3.2.2. Validation and optimization of the fabrication
protocol

Exclusion of the PC membrane from the microfluidic platform

design

Initial fabrication of the devices included a porous track-etched
polycarbonate membrane (2 um pores, 5.6% porosity, 23 um
thickness, Isopore™, Merck KGaA, Darmstadt, Germany), that was
sandwiched between the bottom glass slide and the PDMS layer
during the plasma bonding process. This design was implemented to
evaluate the possibility of keeping a microfluidic device structure
resembling common membrane-based OOaC platforms. The
compatibility of PDMS chips (single channel design, cross section
800 x 155 um, W x H) including the PC membrane with SRM was
tested in collaboration with the Physics and Biology Departments,
Bielefeld University, Germany. The devices were used for culturing
Human Embryonic Kidney (HEK-293) cells on top of the PC
membrane: a cellular density of 4x108 cells/mL in Dulbecco's
Modified Eagle Medium (DMEM) was used for the seeding, after
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sterilization in autoclave and coating of the channels of collagen type
I from rat tail for 1 hour at 37°C. After culturing overnight, devices
were imaged by using a high-resolution widefield DeltaVision Elite
microscope (Ge Healthcare, Bio-Science, Pittsburgh, USA). Data
showed cellular spread morphology and viability, although the
imaging was severely impaired by the presence of porous PC
membrane (Figure 3.6). These results led us to exclude the

possibility of including a porous membrane in SRM studies, that was

removed in the following experiments.

Figure 3.6. Study on the compatibility of PDMS-PC-glass devices with SRM. (A) High-
resolution image of the porous PC membrane: the pores and patterns are clearly visible (20X
magnification objective, scale bar: 100 um). (B) HEK cells cultured overnight within the
PDMS device (the channel edges are visible, scale bar 100 um): the PC membrane pattern

resulted to disturb the imaging process (inset, scale bar 50 pm).
PDMS-glass bonding characterization and optimization

To test the efficacy of PDMS bonding to thin glass coverslips, burst
pressure experiments have been performed in order to evaluate the
maximum pressure capacities of the devices before undergoing
delamination, with consequent leaking from the channels. A standard
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microfabrication process was performed for the fabrication of chips
with W x H of 800 um x 55 pm. Only the inlet of the channel was
punched and sealed to the glass bottom layer so as to create a dead-
end channel for the delamination tests. Devices were either bonded to
#1.5 glass coverslips or 1 mm thick microscope glass slides, used as
control group (n=3 for each condition). Burst pressure experiments
were performed with an OB1 pressure controller, imposing a ramp
pressure function from 0 to 2 bar, with a burst time of 10 minutes and
acquisition frequency of 0.1 Hz. Tests were run by flowing colored
water under an optical microscope equipped with a machine vision
camera (PL-D725, Pixelink®, Ottawa, Canada) for visual inspection
of the devices. Results showed that the bonding between PDMS and
#1.5 coverslip was relatively weak, with a maximum pressure
withstood of 725 mbar = 74 mbar but with leaks spreading from the
inlet areas for 2 devices out of 3. On the contrary, PDMS devices
bonded to the 1 mm thick slides did not show any leak during the
experiments, however the data trend was highly scattered with an
average value of burst pressure of 825 mbar + 106 mbar (Figure 3.7,
left panel). Therefore, results highlighted the unstable bonding
behavior of the PDMS-glass systems and the need for further
optimization of the microfabrication protocol. Although this
conclusion can be drawn regardless of the glass substrate, the
ineffective bonding protocol was mainly critical for the bonding with
thin coverslip due to delamination and leaking of the devices.
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Figure 3.7. PDMS-glass bonding evaluation by burst pressure testing.
The bonding protocol was then modified by including two additional
steps before and after the plasma activation: firstly, the glass
coverslip/slide were cleaned with IPA and clean room tissues and
dehydrated on a hotplate (120°C for 20-30 minutes). The bonding
was performed by holding the vacuum (0.5 Torr) for one minute
before switching on the plasma. The plasma bonding was then
followed by a post-baking in oven (120°C for 2h) to further improve
the bonding strength.

Burst pressure experiments were repeated under the same testing
conditions and results showed that the PDMS-#1.5 coverslip system
could withstand pressures above 1 bar while the PDMS-1 mm slide
systems withstood an average burst pressure of 825 mbar + 106
mbar, higher compared to the standard bonding protocol and with
more uniform data distribution (Figure 3.7, right panel).
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Furthermore, none of the devices leaked from the edges/inlet ports of
the channel structure. Pressure delamination tests performed on the
devices with maximum pressure tested of 2 bar confirmed the
capability of the devices produced by optimized bonding protocol to
withstand the high pressure rates with no delamination occurring at
the inlet port nor along the channel (Figure 3.8). As already
discussed in Chapter 2, the pressures tested followed a precautionary
approach, meaning that the devices were tested under “extreme”
pressure conditions compared to standard pressures applied to flow
OO0aCs devices, where few tens of mbar are usually applied.

-

Figure 3.8 Optimization of the PDMS-glass bonding protocol. (A, B) Standard bonding
protocol: tests performed at increasing pressure resulted in delamination of the devices
(detected at the inlet area) at 1 bar (A) with significant progress of the meniscus at 2 bar (B).
Yellow arrows indicate the meniscus movement while the black shades represent the inlet
tubing. (C, D) Optimized bonding protocol: devices could withstand the testing pressures (1
bar- C and 2 bar -D) without any delamination occurring.
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Design optimization to fit the SR-SIM stage: the concept of
microfluidic chip in a dish

The device structure was optimized at different stages of the project
to ensure its compatibility with the SRM stage while maintaining a
simple microfabrication process. Initial devices were fabricated by
bonding of the PDMS layer to rectangular #1.5 glass coverslips (No.
0107242, Marienfeld Superior, Lauda-Kénigshofen, Germany) with
a dimension of 24x60 mm, bigger than the micropatterned PDMS.
This led to difficult handling of the devices, with easy breaking of
the glass substrate during manipulation and transport. Following
optimization was carried out by fitting the PDMS chip onto
rectangular 22x32 mm coverslips (#1.5, Menzel Glaser, Hessen,
Germany) and cutting the PDMS in the shape of slightly larger
rectangles, with a dimension of approximately 24x37 mm (Figure
3.4A) to solve the issue of the glass bottom fragility. However, the
rectangular device resulted to be not compatible with the available
SR-SIM stages: its size smaller than stage represented a major
drawback in device stability during imaging and mapping as well as
during the flow of the device on stage. Rather than modifying the
device structure, we firstly decided to create a portable case
compatible with the SR-SIM stage dimensions to hold the device in
place. The case was designed in Autodesk Fusion 360 with a
dimension of 75 x 25 x 2 mm and an internal frame or wings with a
thickness of 0.5 mm were included for the microfluidic device
support. The case was micromilled from polystyrene using a 1/32 flat
milling tip (CNC milling machine, Bantam Tools, NY, USA). While
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making the chip dimensions compatible with the SR-SIM stage
dimensions, the case did not ensure the needed stability of the device
and the presence of the wings to fit the device added an important
thickness of 500 um that could represent an eventual problem while

working with the objective and focusing.

Therefore, a final device structure was proposed to fit the circular
SR-SIM stage: to avoid any additional fabrication steps, the design of
the microfluidic platform was adapted to fit the observational area
(diameter of 21 mm) of a 35 mm imaging plastic dish with #1.5 glass
bottom (170 um =5 um D 263 M Schott glass, Cat. No. 81158, ibidi
GmbH, Gréfelfing, Germany) (Figure 3.4B-D) compatible for SR
imaging. Novel photomasks and molds were produced to have a
circular PDMS layer with a diameter of ~ 20 mm for fitting the glass
observational area. The channels dimensions were scaled down
accordingly, with a channel length of 9 mm and channel widths
ranging from 250 to 750 um and up to 6 patterns could be fit on a
single 75x25 mm glass mold, compared to the 4 rectangular patterns
previously used. The microfabrication protocol was slightly modified
by modification of the device cutting and assembling steps. Rather
than using manual cutting of the PDMS edges by razor blade, the
PDMS layer was punched by using an 18 mm steel round hole punch
to obtain sharp edges and ensure optimal bonding and precise
diameter. Furthermore, the optimized bonding protocol for PDMS
optimal adhesion to glass coverslips was no longer applicable. In
fact, the optimized protocol provided for a glass coverslip

dehydration step at 120°C and a post-baking of the assembled device.
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However, these temperatures were not available for the PDMS-
plastic dish system because the chamber could withstand a maximum
temperature of 80°C due to the presence of the plastic frame.
Although a good sealing after plasma bonding with a post-baking at
lower temperatures (45°C) was verified, the devices were
manipulated carefully to prevent any delamination to occur. The
platform structure improvement ensured (i) compactness and facile
transport of the device, (ii) size compatibility with SR common
stages without the need for further device modification, (iii) facile
localization of the channels with SIM and (iv) stability of the device

during the flowing and acquisition processes.

A — Rectangular SR-SIM stage PDMS device PDMS device
’
Glass coverslip Glass coverslip
(24 x 60 mm) (22 x32 mm)

Microfluidic chip

C Design of circular platforms

/
Substrate compatible with SR _—
microscope (ID 21 mm, OD 35 mm)

Figure 3.9. Workflow of the optimization steps of a microfluidic platform compatible
with SRM stages. (A) The first designed focused on the development of standard
rectangular PDMS platforms that could be easily handled. However, it was difficult to fit the
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devices on the rectangular SIM stage and further studies were conducted for the fabrication
of custom-made chip holders (B). Finally, to reduce the fabrication time and adopt a more
universal solution the design focused on circular PDMS devices that could be easily fitted in
commercially available plastic dishes (C) and that could be adapted to circular SIM stages.
The final devices resulted to be highly compact, with the PDMS layer being smaller than a 1
€ coin, showing improved stability of the device- SIM stage system. Created with

BioRender.com.

3.3. Cell Culture: use of the device for cell lines and LSECs

culturing in vitro

3.3.1. Microfluidic platform culturing

To evaluate the suitability of optimized microfluidic devices for in
vitro cell studies, the platforms were cultured with human cell lines
and primary cells. Experiments with human cell lines were
performed at Elvesys Microfluidic Innovation Center, Paris, France.
Experiments with primary human LSECs were performed in the
framework of DeLIVER project at the Centre for Liver Research and

NIHR Biomedical Research Unit, University of Birmingham, UK.
Isolation of human liver sinusoidal endothelial cells

Liver sinusoidal endothelial cells were isolated from human adult
donor tumor distal livers according to established protocols from
Liver Research Laboratories in Birmingham [213-215]. Briefly, liver
tissue slices were diced in small pieces with a sterile surgical scalpel
and digested with collagenase at 37°C for 30 minutes to remove any
extracellular matrix component. Tissue was then strained through a
mesh filter to remove any clump nad washed several times with PBS

to remove collagenase. Several steps of centrifugation in PBS at
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2000 rpm for 5 minutes were done to obtain a single pellet of
unsorted cells from the digested tissue. Isolation of the non-
parenchymal cells fraction was performed by placing 3 mL of cell
suspension on a Percoll gradient (top: 3 ml of 33% Percoll and
bottom: 3 ml of 77% Percoll, both diluted in PBS 1X). After
centrifugation for 25 minutes at 2000 rpm with no brakes, the
nonparenchymal fraction at the interface of the Percoll gradient was
separated from the supernatant and hepatocytes fraction, resuspended
in PBS and centrifuged at 2000 rpm for 5 minutes. Isolation of
LSECs was performed by positive immunomagnetic selection using
CD31-coated magnetic beads. Briefly, cells were firstly incubated
with HEA-125 mouse antibody at 37°C for 30 minutes to select
epithelial cell adhesion molecule (EPCAM-1)-positive cells. Cells
were incubated in ice cold PBS containing goat anti-mouse magnetic
Dynabeads® at 4°C for 30 minutes and placed in a magnet for 2
minutes to isolate the epithelial fraction. The supernatant containing
endothelial cells was incubated in CD31-coated magnetic
Dynabeads® at 4°C for 30 minutes and placed in a magnet for 2
minutes three times for selective isolation. Finally, isolated LSECs
were resuspended in cell culture media in a vessel and incubated at

37°C for cell culture.
Cell culture

Human embryonic kidney (HEK) 293 (CRL-1573™, ATCC®, VA,
USA) and human epithelial cervical carcinoma HelLa cells (CCL-
2™ ATCC®) were cultured in tissue culture flasks in DMEM (High
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Glucose with stable Glutamine and Sodium Piruvate, L0103-500,
Dutscher, Bernolsheim, France) supplemented with 10% Fetal
Bovine Serum (FBS, P30-3306, Pan Biotech GmbH, Aidenbach,
Germany) and 1% penicillin/streptomycin (10000 U/mL and 10
mg/mL respectively, P06-07100, Pan Biotech). Isolated LSECs were
cultured in collagen-coated T-25 cell culture flasks in human
endothelium serum-free medium with 10% human serum, 10 ng/ml
vascular endothelial growth factor (VEGF) and 10 ng/ml HGF (R&D
Systems, Abingdon, UK). Cells were incubated in a humidified
incubator at 37°C and 5% CO. atmosphere and the culture medium

was changed every 2 days until reaching about 80% of confluency.
Culturing of Microfluidic Platforms

Microfluidic devices previously fabricated were sterilized by flowing
the channels with 100 pL of EtOH 70 % for a minimum of 10 mins
or by autoclave. The channels were then washed twice with
Dulbecco's Phosphate Buffered Saline w/o Calcium w/o Magnesium
(DPBS, L0615-500, Dutscher) for 5 minutes, complete culture
medium and with DPBS again. A solution of collagen type | from rat
tail (354236, Corning, NY, USA) with concentrations varying
between 25 and 100 pg/mL was prepared by diluting the collagen in
DPBS and consequently mixing. The devices were coated by
pipetting carefully the collagen to avoid any air bubble formation and
propagation within the channel and incubated at 37°C for 1 hour or at
4°C overnight. After rinsing the culture dishes with DPBS, cells were
detached with 1 mL of Trypsin 0.05% EDTA 0.02% in PBS (P10-
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023100, Pan Biotech) by placing them 2 minutes in incubator at
37°C. Cells were then centrifuged and resuspended in DMEM at the
final concentration, with a minimum concentration of 1 x 10° cells/
mL. Microfluidic devices were removed from the incubator and the
coated channels washed once with sterile DPBS to remove any
excess of coating protein and verify the absence of clogs. Cell
seeding was performed manually by gently flowing~30 uL of cell
suspension within the inlet with a micropipette. When the liquid
reached the outlet, the outlet port was partially closed to induce the
cells to stop flowing towards the end of the channel and exiting the
device. Once the cells were stabilized within the central area of the
device, two drops of cell culture medium were placed on the ports to
prevent ant evaporation and drying and the platforms were put in the
incubator for 1 hour to ensure primary adhesion. After visual
inspection to confirm the adhesion, the devices were incubated
overnight by placing micropipette tips filled with medium within the
ports. The day after, the devices ports were cleaned carefully with a
small tip to remove any floating cell and prevent their flow within
the channel. Culture medium was changed into fresh DMEM every

other day.
Staining and imaging

Live cell imaging was performed by incubating the cells with the
following fluorescent dyes: Hoechst for DNA staining (1 pg/mL,
33258, Biotium, CA, USA), Calcein AM (2 uM, 354216, Corning,
NY, USA) and propidium iodide (PI, 50 pg/mL, 40016, Biotium,
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CA, USA) for live/dead fluorescent assays. Cells were incubated for
incubated at RT for 7 minutes with Hoechst, followed by 30 minutes
incubation with Calcein AM and 10 minutes incubation with PI.
Each step was followed by DPBS flushing of the channels.
Fluorescent samples were imaged using an upright optical
microscope (Leica Microsystems Inc., Wetzlar, Germany) equipped
with a Pixelink® PL-D725MU-T camera (Pixelink, Ottawa, Canada).
For cell studies, samples were washed with DPBS and fixed by either
methanol or formaldehyde (FA). For methanol fixation, 50 uL of ice-
cold 100% methanol were flown in the channels and the devices kept
for 15 minutes at -20°C. For FA fixation, 50 pL of 3.7% FA were
flown in the channels and the devices kept for 10 minutes at RT.
After fixation, the samples were washed three times with 100 pL of
DPBS for 5 minutes. The devices fixed with FA were consequently
permeabilized by Triton™ X-100 (3402130090, Sigma-Aldrich, MO,
USA) diluted at 0.2 % in DPBS for 10 minutes at room temperature.
LSECs were stained with Cell Mask Deep Red™ Plasma Membrane
Stain (CMDR, C10046, Invitrogen Life Technologies, CA, USA) at a
final concentration of 4 ng/mL and DAPI (A4099, PanReac
AppliChem GmbH, Darmstadt, Germany) at a final concentration of
5 pg/mL for 7-10 minutes at RT. Channels were subsequently
washed and filled with DPBS or a solution of VECTASHIELD®
antifade mounting media (Vector Laboratories, Inc., CA, USA) and
PBS (ratio 1:1 v/v) and the devices kept at 4°C. Imaging was
performed by confocal microscopy (LSM 780, Zeiss, Oberkochen,

99



Chapter 3. Development of a microfluidic platform compatible with Super-Resolution
imaging
Germany). Image analysis and post-processing were performed using
Fiji software (ImageJ, [216]).

3.3.2. Results and Discussion
Seeding of human cell lines within microfluidic devices

Initial cell culturing experiments were conducted by seeding
HEK?293 within rectangular PDMS microfluidic devices composed
of microfluidic channel with cross section of 800 um x 55 um and
two ports, 1 inlet and 1 outlet, with a diameter of 1.5 mm.
Preliminary results showed however a suboptimal adhesion of cells
to the glass bottom during flowing of the devices for media
replacement or staining. These results led us to investigate the use of
different collagen coating concentrations to evaluate the possibility
to enhance cellular adhesion with increasing collagen densities.
Collagen type 1 from rat tail was used for coating of the channels at
concentrations of 25, 45 and 100 pg/mL. Results showed that cells
seeded in devices coated with low and intermediate collagen
concentrations showed higher cellular adhesion, spread morphology
and uniform distribution compared to cells seeded onto highly
concentrated collagen. At 100 pg/mL collagen resulted to enhance
cell adhesion in 2D wells but it caused formation of aggregates
within the devices chip due to higher viscosity of the coating,
resulting in uneven cellular spreading and distribution (Figure 3.10,
A-C). On the other side, a higher coating concentration enabled cells
to better adhere to the substrate over time (Figure 3.10D) while low

collagen densities resulted in cells assuming a spherical shape and
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eventually detaching after few days of culture. Nevertheless, the
prolonged exposure to flow during cell culturing and more
significantly during the multistep staining process caused complete
cell detachment and formation of cell clusters even at higher coating
densities (Figure 3.10E), leading to significant drawbacks for the

study of HEK 293 in a dynamic microenvironment.

Figure 3.10. HEK293 cells culturing within the microfluidic devices. (A-C) Testing of
the optimal collagen coating concentration: brightfield images show HEK?293 cells cultured
within the devices coated with 25 (A), 45 (B) and 100 (C) pug/mL of collagen after 4 days
from the seeding. (D-E) Prolonged flow of the devices caused the cells to become round and
progressively detach; a higher collagen concentration of 100 pg/mL enabled higher cellular
adhesion after 1 week (D), however the multistep staining protocol determined cells

detachment already after the fixation procedure (E). Scalebar 200 pum.
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This behavior can be reconducted to the semi adherent nature of
HEK293 cell line [217,218]. Originally obtained from an embryo
kidney as adherent cell line, numerous cell lines were subsequently
modified for growth in suspension, making them suitable for
production of recombinant proteins and viral vectors in bioreactors
[218,219]. Mechanical characterization of HEK293 cells has shown a
low surface stiffness when cells are adherent due to immature actin
scaffolding, which increases when cells are suspended [217]. The
results shown by HEK293 to easily detach from the substrate and
form cell clusters can thus be attributed to their tendency to grow in
suspension. Because of these unique features, HEK293 cells have
been rarely adopted for the modeling of kidney by means of OOaC
platforms [220]. Following studies were thus focused on the use of
HeLa cell line. Obtained from human cervical adenocarcinoma,
HelLa cells are an immortalized tumor cell line that has been widely
used as cancer model in vitro. HeLa cells have been adopted as well
to build microfluidic platforms for the mimicry and investigation of
cancer microenvironment and development mechanisms [221-223]
as well as for tumor cells detection and capture on-chip [224]. HeLa
cells were cultured within the devices under passive flow as
previously described by using a 25 pg/mL collagen coating and a cell
concentration ranging from 4x10° to 6x108cells/mL. Visual
inspection of the channels confirmed cellular adhesion, spreading
and proliferation, with cells showing a typical soft-irregular

morphology.
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Live/dead assays were performed by live cell staining with Calcein
AM and propidium iodide at different time points and up to 10 days
of culture (Figure 3.11), a time scale analogous to that of many
0OO0aC platforms [22,225,226]. The cells resulted to be well adherent
during the washing and the staining protocol, also at high pressures.
Results showed high cellular viability up to 10 days under passive
flow and cells tended to show higher apoptosis rates when forming
clusters (Figure 3.11C), probably due to insufficient nutrients
exchange. The distribution was mainly characterized by monolayers
formation, confirming the suitability of the seeding and culturing
protocol, though cells tended to grow on different planes over time,
as underlined by the fluorescent intensity variations. Further
experiments should be performed under active flow conditions, in
comparison to passive flow: deciding the physiological flow rate
would be essential to ensure optimal cellular viability over time as

well as healthy morphology and functionality.
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Hoechst Calcein AM

Figure 3.11. HelLa cells culturing within the microfluidic devices. Fluorescent live/dead
assays were conducted at day 3 (A), 7 (B) and 10 (C) from seeding. Each picture shows
staining with Hoechst for nuclei, Calcein AM for cell membrane and Pl for dead cells

respectively. Scalebar 200 pm.
Seeding of human primary LSECs within microfluidic devices

Rectangular PDMS microfluidic devices composed of microfluidic
channel with cross section of 800 um x 55 um and two ports, 1 inlet
and 1 outlet, with a diameter of 1.5 mm were used. LSECs from
tumor distal (p.2) were seeded with a concentration > 2 x 10° cells/
mL in the devices previously sterilized by autoclave and coated with
collagen at a concentration of 25 pug/mL. Cells were flowed in the

channels and incubated for 15 min to ensure a primary adhesion prior
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to add the cell culture media. Once adherent and homogeneously
distributed, cells were fixed, permeabilized and stained with CMDR
and DAPI. CMDR was chosen for membrane staining accordingly to
previous published works on SIM imaging of LSECs [23,227].
Results showed a uniform cell distribution over the channels length,
with fast primary adhesion after two hours from the seeding and
maintenance of healthy phenotype up to 48 hours under passive flow.
Confocal images confirmed the formation of homogeneous cellular
monolayers, with effective nucleus and membrane staining protocols
(Figure 3.12). These results are significant when the goal is
recapitulating the tissue functions in vitro, as for OOaC models. In
fact, nowadays the fabrication of liver and liver sinusoid models does
not rely on the use of primary human cells, a drawback that hinders
the physiological relevance of these platforms. In the past years,
research has moved from platforms including hepatocytes only
[228,229] to more complex models based on co-culture of
hepatocytes with nonparenchymal liver cells, isolated from rodents
[230,231]. However, the majority of the liver platforms is still based
on the use of human cell lines, as HUVECs and EA.hy926
endothelial cells as model of LSECs [58,202,230,232]. Few
examples have been reported on use of human primary liver cells due
to limited samples availability and laborious isolation protocols
[233,234]. Furthermore, the culture in vitro of human primary
LSECs is challenging due to rapid dedifferentiation and loss of
fenestrations after isolation [180]. Although we could not prove the

maintenance of fenestrations over time, microfluidics offers the
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advantage of mimicking physiological dynamic cues in vitro
compared to traditional 2D static cell culture and our findings
suggest the achievability of models built from tissue-specific human
primary cells. The imaging of these samples by SR-SIM was in fact
hindered by the chips design and the difficult coupling with the
microscope stage, as discussed in Section 3.2.2. The new design with
circular PDMS devices was then implemented before further super-

resolution studies.

Figure 3.12. Primary human LSECs culturing within the microfluidic devices. (A-C)
Phase contrast images of LSECs cultured within the channels at day 0 (A), 1 (B) and 2 (C)

respectively. Scalebar 200 um. (D-E) Confocal images of primary human LSECs after
fixation and staining at day 2. (D) Nuclear staining with DAPI, (E) Membrane staining with
CMDR and (F) merge. Scalebar 20 pm.
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3.4. Validation of the microfluidic chip in a dish: testing the
compatibility with SR-SIM

To evaluate the compatibility of the microfluidic devices in a dish
with SR-SIM microscopy, the platforms were used for the culture of
cell lines, well known for their stability and easy to use, primary
endothelial cell line (HUVEC) as LSECs model, and LSECs in order
to build step-by-step a more representative and complex model for
the study of liver sinusoidal endothelial cells. The SR-SIM imaging
was performed by comparing the different cell sources with either
fixed or living cells and under static as well as flow (dynamic)
conditions. Culture of primary human LSECs was performed at the
Centre for Liver Research and NIHR Biomedical Research Unit,
University of Birmingham, UK. Experiments were performed in the
framework of DeLIVER project at the Department of Biochemistry,
University of Oxford, UK. The authors gratefully acknowledge the
Micron Advanced Bioimaging Unit (supported by Wellcome
Strategic Awards 091911/B/10/Z and 107457/Z/15/Z) for their

support and assistance in this work.
3.4.1. Microfluidic platforms culturing
Cell culture and culturing of microfluidic platforms

Mouse mammary epithelial cells C127 and primary Human
Umbilical Vein Endothelial Cells from single donor (HUVECs, C-
12200, PromoCell, Heidelberg, Germany) were cultured in tissue
culture flasks in DMEM (high glucose, GlutaMAX™ Supplement,
pyruvate, 31966021, Gibco™, Thermo Fisher Scientific, MA, USA)
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supplemented with 10% FBS (F7524, Sigma-Aldrich) and 1%
penicillin/streptomycin (P4333, Sigma-Aldrich) and Endothelial Cell
Growth Medium (C-22010, Promocell) respectively. Isolated human
LSECs were cultured as described in Section 3.3.1. Cryopreserved
Sprague Dawley (SD) rat LSECs from the animal research facility at
UIT - The Arctic University of Norway were thawed and cultured in
RPMI-1640 cell culture medium supplemented with 20 mM sodium
bicarbonate (R8758, Sigma-Aldrich), and allowed to attach for 3 h to
fibronectin pre-coated devices (concentration of 200 pg/mL, [235]).
Cells were incubated in a humidified incubator at 37°C and 5% CO.
atmosphere and the culture medium was changed every other day

until ready for imaging.

Microfluidic devices in a dish with either single or multichannel
design, channel height of 55 um and channel widths of 500 pum were
sterilized with EtOH 70% for 10 minutes and washed as previously
described with Phosphate Buffered Saline (PBS, 10010015, Gibco).
Some of the devices were coated with collagen (C3867, Sigma-
Aldrich) with initial concentration of 40 pg/mL, eventually increased
up to 100 pg/mL to enhance cellular adhesion. Cells were detached
as previously described and eventually stained with CellMask™
Green Plasma Membrane Stain (CMG, C37608, Invitrogen) with a
ratio 4:1 (v/v) before seeding within the devices as per protocol.

Staining, cell treatment and imaging

Live cell staining was performed by incubating the cells with 1X

CMG (dilution 1:1000 in warm cell culture media, as per
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manufacturer protocols) for 30 minutes at 37°C. Live cell studies of
actin depolymerization were performed by exposing fluorescent cells
to Cytochalasin D (2 uM, C2618, Sigma-Aldrich) for 30 minutes.
After washing with PBS, cells were fixed with 3.7% FA for 10
minutes at RT and washed three times with PBS for 5 minutes.
Staining for actin filaments was done by flowing the channels with
Alexa Fluor™ 594 Phalloidin (0.66 pM, A12381, Invitrogen) for 20

minutes at RT.

Flow experiments were performed by using a syringe pump system
(Standard Infuse/ Withdraw Pump 11 Pico Plus Elite Programmable
Syringe Pump, Harvard Apparatus, MA, USA) and imposing a flow
rate of 30-100 pl/min. The pump was place in the SIM microscope
cage on a dedicated stage (Figure 3). The setup (syringe, tubing,
chip, outlet tubing, chip stage) was mounted outside and then put in
place.

Widefield microscopy acquisitions were performed with DeltaVision
Core Zippy microscope, equipped with a cooled CCD camera for
data collection. Standard filter set was used for FITC channel with
wavelength/bandwidth of 475/28 nm for excitation and 525/48 for
emission. Super-resolution structured illumination microscopy (SR-
SIM) was used to acquire images of cell lines and LSECs inside of
microfluidic devices. The commercial equipment OMX V3 Blaze
system (Applied Precision, GE Healthcare Life Sciences, NJ, USA)
using an UPLSAPO 60X/1.42NA oil immersion objective lens
(Olympus, Tokyo, Japan) and Edge sSCMOS cameras (PCO AG,

Kelheim, Germany) was used for SIM acquisitions. The field of view
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(FOV) of the microscope was 512x512 pixels, with 1 pixel
corresponding to 82 nm, so an area of approximately 40x40 um was
displayed. For fixed cells, the full thickness of the sample was
considered (approximately 6-10 um for the nuclei and 1-3 um for the
membrane area). Acquisitions on living samples were done on a
thinner layer (ca. 750 nm) to image the cell membrane, with a
number of sections of 7 (minimum number to have reconstruction) in
order to avoid bleaching and disturb the cell. Reconstructions were
performed with SoftWoRx software. Before the imaging, the device
coverslip bottoms were cleaned carefully with EtOH 70% and

methanol and mounted on the circular stage.
3.4.2. Results and Discussion

After validation of the microfluidic platform for long-term in vitro
cell culture and culturing of primary LSECs, the design was further
optimized to be compatible with the SR-SIM microscope stage.
Because of the chip mounted within the ibidi plastic dish, there was
no longer the issue of device dimensions and it was easy to localize
the channel and consequently the cells, placed in the center area of
the platform bottom layer. Experiments were performed in this phase
to evaluate the potential combination of dynamic systems with super-
resolution imaging. Specifically, tests were conducted to investigate
the following aspects: (i) influence of the collagen coating on SIM
imaging (light scattering, reconstruction artifacts); (i) influence of

flow on SIM imaging; (iii) feasibility of real-time imaging of the
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cellular response to flow of molecules; (iv) possibility to perform

staining protocols on-chip.

SIM in static conditions: adherence of cells and influence of

collagen

The collagen coating was used to reproduce the seeding conditions of
human LSECs, as previously reported [180,213]. Murine C127 cells,
HUVECs and human LSECs isolated from nonalcoholic
steatohepatitis (NASH, p.3) and alcoholic liver disease (ALD, p.6)
were cultured within the devices either coated with collagen type | or
non-coated and imaged under static conditions by widefield and SIM
microscopy techniques. Results showed that when the staining of
CMG was performed after the seeding by flowing the channels, C127
resulted to be more adherent compared to HUVECs (Figure 3.13,
left panels). Further experiments showed that to minimize the risk of
detachment, the staining protocols on HUVECs should be run on
chip after at least 48h from the seeding. We thus decided to pre-stain
the cells before the devices seeding, that resulted in suitable

fluorescence intensity.

Widefield images of fixed human LSECs showed a good distribution
of cells along the channel length (Figure 3.13C, left panel).
Interestingly, we noticed that NASH LSECs, seeded at lower
concentration, showed good adhesion overnight and higher resistance
to flow compared to ALD LSECs. From previous data collected from
primary human LSECSs, we believe that the behavior can be

attributed to the cells passage number. The seeding concentration
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might also affect the adhesion and high seeding concentrations (as in
the case of ALD LSECs) might not be ideal for HSECs. However,
staining of NASH LSECs resulted to be ineffective and further
imaging was performed on fixed endothelial cells from ALD. Figure
3.13C shows the pseudo-widefield image of and ALD liver
sinusoidal endothelial cell fixed after 1 day and the same image after

SIM reconstruction.

Figure 3.13. Widefield and SR-SIM images of cell lines and primary human LSECs

within the microfluidic devices. Widefield images were taken after 24h seeding on cells

cultured in collagen coated devices, fixed and stained with CMG (left panels): (A) C127
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cells; (B) HUVECs and (C) LSECs from ALD, p.6. Scalebar 100 pm. (A, B, right panel)
SR-SIM images of C127 and HUVECs were acquired on live cells pre-stained with CMG at
day 3. Images show the orthogonal views (XZ and YZ cross sections). (C, centre and right
panel) SR-SIM images of ALD LSECs were acquired on fixed cells stained with CMG at
day 1. Centre panel shows the pseudo-widefield image before reconstruction and right panel

shows the reconstructed SIM image.

Static SIM acquisitions of live HUVECs and C127 were initially
performed without CO2 chamber, resulting in modification of cell
microenvironment pH, with consequent cellular contraction and
morphological alteration (data not shown) [236]. The maintenance of
physiological pH was firstly ensured by adding 20 uM HEPES buffer
to the cell culture media and subsequently using a temperature and
CO2 controlled chamber on the SIM stage for live-cell experiments.
The results showed both C127 and HUVECs looked healthy and well
adherent during live acquisition (Figure 3.13A-B, right panels) and
the presence of the collagen did not interfere with the imaging
process, validating the use of this ECM protein as coating matrix, as
commonly used for culturing human LSECs on 2D substrates, while
previous SIM studies on LSECs from animal sources were normally
performed on fibronectin coated substrates, as described later
[23,174]. The entire cell thickness could be imaged with reduced
photodamage and orthogonal views showed the presence of
intracellular structures, confirming the possibility to image

subcellular components at various imaging depths.
SIM in dynamic conditions: imaging stability under flow

For the flow experiment coated devices seeded with C127 cells pre-

stained with CMG were used. Preliminary tests were run to evaluate
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the stability of the system (pump, tubing and device, Figure 3.14).
The syringe pump was firstly run with no load to evaluate if it
induced vibrations that could potentially disturb the acquisition.
After mounting the pump with the syringe and connect the tubes to
the chip ports, we focused on a cell in the device and then started the
flow. Results demonstrated that, while the running of the pump
system without load does not disturb the imaging process, starting
the flow after focusing on the region of interest led the samples to be
out of focus and/or the chip to slightly move. Therefore, to minimize
any movement and sample displacement, the protocol adopted for
imaging under flow consisted in firstly connecting the pump to the
device via the tubing, starting the flow and closing the microscope
cage, and secondly identifying a region of interest and starting the
imaging acquisition. Experiments performed by flowing PBS for 10
minutes on fixed C127 cells at a flow rate of 45 pL/min confirmed

the absence of any cell movements nor detachment.
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Figure 3.14. Microfluidic setup on the SIM microscope stage. (A) Syringe pump placed
in the SIM microscope connected to the device and (B) device mounted on the SIM stage

(on the circular chip holder) connected to the tubing.
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SIM in dynamic conditions: real-time imaging of cell

response to molecules

The main objective of this study was to evaluate the possibility of
performing real-time super-resolution imaging of cells exposed to
flow of molecules, such as fluorescent dyes for staining on-chip or
drugs. Here, we performed two sets of experiments: staining on-chip
of fixed C127 CMG-labeled cells with Alexa Fluor™ 594 Phalloidin
and treatment of live C127 CMG-labeled cells with cytochalasin D,

known to be a strong actin depolymerizing toxin [195].

Real-time imaging of actin filaments staining was performed by
perfusing the channels over a 20 minutes acquisition time-lapse. The
data showed an increase of the red channel intensity, however with
important photobleaching of CMG and phalloidin dyes after the first
10 minutes of exposure (Figure 3.15D). These findings are in line
with previously reported results, in which long-term SIM acquisition
of mitochondrial dynamics on a time frame of 13.5 minutes could be
performed with reduced fluorescence loss [237]. Nevertheless, the
addition of antifading agents, that has been successfully proposed to
prevent and reduce fluorescent dyes photobleaching in SMLM
studies, could represent a valid strategy to further implement long-
term experiments [237,238]. An interesting finding was the instant
labeling of actin filaments just after the exposure to phalloidin, while
standard staining protocols normally suggest an incubation time of
tens of minutes. Therefore, these data underline the need for taking
into account the temporal resolution when studying dynamic

phenomena at the nanoscale [239,240]. Although numerous works
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have reported SR imaging on live cells, the labeling of specimens is
commonly performed before the imaging [237,241,242].
Interestingly, a recent work reported an automated platform for serial
labeling of cells during STORM imaging for multiplexed proteins
localization, however the time frames were not shown [243]. Thus,
our experimental setup can be used to evaluate real-time effect of
dyes on the samples of interest, either living or fixed, by performing
real-time staining on-chip [244]. This application could lead to
optimization of incubation times, with consequent improvement of
signal to noise ratios during acquisitions as well as labeling-related
cellular responses, such as effect of permeabilization, interaction
among dyes, unspecific binding. Further, the use of parallel
microfluidic devices composed of channel arrays would enable
automated complex operations on-chip, as testing and screening
molecules by exposure to different conditions on the same device
[245]. These features result of particular interest when studying the
dynamics of subcellular components and, since their investigation by
SR depends on the use of fluorescent probes, real-time labeling
coupled with SR has the potential to disclose drawbacks and develop

novel techniques for studies at the cellular micro and nanoscales.
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Figure 3.15. SIM imaging during dynamic experiments on-chip. (A) SIM image of live

C127 seeded on a chip at day 3 before treatment. (B) Time-lapse acquisition of live C127
during flow of Cytochalasin D. (C) Time-lapse acquisition of real-time phalloidin staining
of fixed C127 after treatment with Cytochalasin D. (D) Long-term time-lapse acquisition of
real-time phalloidin staining of fixed C127 without treatment. Images correspond to the

Maximum Intensity Projection (MIP) of 7 slices (thickness of~750 nm). Scalebar 10 pm.

The dynamic setup was used to investigate the effect of drugs on the
cell membrane of live cells. Cytochalasin D was flowed in devices
seeded with C127 CMG-labeled cells at day 3, with treatment

parameters chosen accordingly to previously reported studies [197].
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Cytochalasin D is a toxin extracted from the fungus Zygosporium
mansonii that inhibits actin polymerization and elongation by binding
to actin filaments, causing a change in cell membrane morphology
[246,247] and its effect on LSECs fenestration dynamics has been
widely investigated [195,197]. The devices were placed in the SIM
incubator chamber (CO», T=37°C) and images of CMG-stained cells
were taken before starting the flow (Figure 3.15A). Then, the drug
was perfused with the syringe pump system with time-lapse
acquisition of live cell for 1.5 minutes. After the treatment, the chip
was washed with DMEM and fixed with 3.7% FA for 10 min. After
washing with PBS, cells were stained with Alexa Fluor™ 594
Phalloidin to confirm the action of cytochalasin D on the actin
filaments. Results showed that exposure to cytochalasin D caused
substantial changes in the plasma membrane morphology and cellular
retraction, with formation of thin branches of the cytoplasmatic area,
as previously shown [248] (Figure 3.15B). Staining of actin filaments
after cell treatment and fixation revealed a limited interaction of
phalloidin with the actin due to the depolymerization effect of
cytochalasin D. Moreover, during acquisition it resulted difficult to
focus because of cells round shape and movement, with eventual
detachment from the substrate (Figure 3.15C). Nevertheless, these
results demonstrated the feasible combination of super-resolution
imaging with microfluidic platforms for dynamic studies on living
cells, showing the potential of microfluidics in providing a controlled

microenvironment for investigation of nanoscopic events.
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Main drawbacks of SR-SIM imaging

Despite the encouraging results discussed in this chapter, some major
issues were observed during SIM acquisition, notably (i) cellular
photodamage, (ii) fluorophore photobleaching over prolonged
exposure and (iii) sample drifting (Figure 3.16). To reduce
photodamage and bleaching, careful calibration of acquisition
parameters, as laser power, time of exposure or dynamic range,
should be done [152,249]. The drawback of sample drifting was
instead due to the combination of SIM with a dynamic platform
rather 2D specimens. The drift could be either due to movement or
vibrations of the microfluidic device on the stage or to cell
displacement under flow. We have reported here a strategy to
minimize any movement or vibration of the chip by optimization of
the setup implementation and connection and acquisitions done with
the optimized protocol on live and fixed cells did not present any
artifact caused by the drifting. In case of cells or particles movement
during the flow, which could cause issues as out of focus, blur and
reconstruction artifacts, optimizations can be done during the sample
preparation by carefully choosing the coating concentration and cell
density as well as during dynamic experiments by balancing the flow
parameters. Though SR-SIM microscopy combined with dynamic
models for live cell imaging is still in its infancy, several
requirements need to be fulfilled and setup development and

acquisition criteria designed carefully for optimal imaging.
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Figure 3.16. Main drawbacks related to SIM imaging on-chip. (A) Membrane retraction
of live HUVECs (day 1) during time-lapse acquisition. Scalebar 5 um. (B) Bleaching of the
membrane dye during time-lapse acquisition of live HUVECs (MIP). Scalebar 10 um. (C)
C127 cell drifting over time during active flow of the channels using a syringe pump.

Scalebar 10 um.

Imaging of rat LSECs fenestrations cultured in a microfluidic

platform

Finally, culturing of rat LSECs was performed on-chip for imaging
of fenestrations. Cryopreserved rat LSECs were thawed and cultured
directly on fibronectin pre-coated microfluidic chips. A protocol for
cryopreservation and thawing of rat LSECs with maintenance of
phenotype and fenestrations was followed here [235]. Cells were
fixed after 3 hours from plating and stained with CMG.
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Reconstructed SIM images acquired under static conditions showed
the presence fenestrations and their organization in sieve plates, as
previously reported (Figure 3.17). Measurement of the fenestrations
size was done in Fiji (n>200) from SIM reconstructed images and
results showed an average diameter of 164 nm £ 46 nm, in line with

the values found in literature [174,235].

Figure 3.17. SIM image of fenestrations in rat LSECs. The image is the MIP of a 200

nm-thick slice of the cell. Scalebar 10 pm.

These preliminary results confirmed the possibility to seed primary
LSECs on a microfluidic device and perform the staining protocol

on-chip without cell damage or detachment. Nevertheless, time
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frames for observation of fenestrations remain limited to few hours
after cellular adhesion. More investigation should thus be carried out
to study fenestrations and their dynamics on live cells and to prolong
the maintenance of fenestrations over longer periods of time by
exposure of cell to physiological stimuli, such as shear stress.

Overall, results confirmed the compatibility of our microfluidic
platforms in a dish with the SR-SIM microscopy system and the
possibility to use the setup in dynamic condition to perfuse either
fixed or live cells with dyes or drugs. We demonstrated that this
platform can be conveniently used to investigate, compare and
optimize staining protocols with SR-SIM and to investigate real time
cellular response to molecules. To the best of our knowledge, these
are the first images of super-resolved human and animal LSECs
cultured on a microfluidic device. Despite several improvements,
such as dynamic flow conditions and longer culture and observation
time, could be implemented, these results open up new possibilities
for the study of subcellular structures and processes in more
physiologically relevant models.

3.5. Conclusions and perspectives

Here, the fabrication and validation of a microfluidic device
compatible with SR-SIM imaging setup was present as well as its use
as in vitro system for on-chip imaging of the cellular micro and sub-
microenvironment. We have firstly illustrated the main super-
resolution imaging techniques, with a focus on structured

illumination microscopy and its relevance on investigation of liver
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sinusoidal endothelial cells. Current pitfalls and the combination with
microfluidic platforms have been described. We have then presented
the design of a microfluidic device compatible with SR-SIM and
discussed the need for rethinking common organ-on-a-chip models,
shifting from sandwich-based to vertical designs. After proposing a
solution for optimal use of thermoplastic materials, we have chosen
PMDS for the device development. Device design, fabrication and
optimization steps have been described: drawbacks, as suboptimal
bonding and incompatibility with SIM stage, have been addressed
and led us to develop a microfluidic device in a dish. The devices
were used for the culture of cell lines, known for their stability and
easy to use, and primary cells, with the final goal of investigating the
liver sinusoid microenvironment. In vitro studies with HeLa cell line
confirmed the efficacy of the chips for long term cell culture and
culturing of human primary LSECs on chip demonstrated
maintenance of healthy phenotype up to 2 days. The SR-SIM
imaging was performed to investigate cellular response to flow of
dyes and drugs and image LSECs fenestrations. Drawbacks as
fluorophores bleaching and drifting have been discussed. Results
confirmed the compatibility of the devices with the SR-SIM system
and the possibility to use the setup under perfusion during real time
imaging acquisition. This study shows that the combination of SR
imaging with dynamic in vitro systems enables a deep investigation
of sub-cellular processes while mimicking more physiologically

relevant conditions compared to 2D in vitro models.
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As depicted in this chapter, engineering of cellular microenvironment
using biomaterials is fundamental to build relevant complex three-
dimensional models and Chapter 4 will thus focus on use of tissue

engineering approaches to build a vascularized model resembling the
liver sinusoid.
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Chapter 4. Polymeric scaffolds for fabrication of 3D microchanneled substrates

STATEMENT OF SIGNIFICANCE
Although capable of mimicking physiological shear stress and
mechanical cues, conventional microfluidic-based models for
biology are limited by 2D distribution of cells on flat substrates
and lack of microenvironmental architecture. In this context, tissue
engineered models show the great advantage of using biomaterials
mimicking the ECM as cellular scaffolds. Therefore, this approach
offers the possibility to recapitulate the cellular 3D
microenvironment. This chapter focuses on the optimization and
characterization of 3D channeled polymeric scaffolds to build a

vascularized in vitro model.
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4.1. Biomaterials and fabrications strategies for tissue

engineering
Introduction to TE and its application

In 1993, R Langer and JP Vacanti firstly defined tissue engineering
(TE) as “an interdisciplinary field that applies the principles of
engineering and life sciences toward the development of biological
substitutes that restore, maintain, or improve tissue function or a
whole organ” [250]. Commonly related to regenerative medicine, TE
has the main goal of recreating in vitro functional constructs that can
repair or regenerate a living tissue once implanted in vivo. Originated
in the ‘80s with the first attempts of engineering artificial skin
[251,252], the development of tissue engineered analogues comes the
need to face a shortage of donors for tissues and organs
transplantation, which represents nowadays a severe healthcare issue
in the public and medical community [253]. The final goal of TE
would thus be the use of autologous cells from the patient for the
formation in vitro of functional “personalized” tissue, which could be
then implanted to restore the lost functions, also avoiding the risk of
rejection that occurs when using xenogeneic or allogenic sources
[16,254,255]. TE approaches are based on the combination of cells,
biomaterials and cues for the development of tissue analogues and
their principles have been extensively reviewed elsewhere
[17,251,256] (Figure 4.1). As discussed above, cells are ideally
isolated from the patient’s tissues (autologous source), although the

majority of TE constructs in research rely on extensive use of
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heterologous sources or cell lines. In the past decades, many research
lines have focused on the use of stem cells in TE, that offer the main
advantages of self-renewal ability and programmable differentiation
[257,258]. The main factor that distinguishes TE from cell therapy
techniques is however the use of biomaterials: in TE, biomaterials
are one of the main characters and are used as substrates to seed and
grow cells. Though at the beginning the initial goal was mainly to
provide mechanical stability to the cells and create inert self-standing
constructs with 3D architecture [251,252,259], the field of
biomaterials has evolved far beyond its starting point and
biomaterials with bioactive properties, tunable mechanics,
programmable features and complex biomimicry of the cellular

microenvironment are now available [260-262].
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Figure 4.1. Tissue engineering principles. Starting from a cell source (ideally, from the
patient), the goal of TE is to create functional tissues in vitro for implantation and restoration of
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damaged and non-functional tissue (top). The combination of biomaterials, cells and signals
represents the baseline of TE approaches (bottom left) and many engineered tissue constructs

have been now developed (bottom right). Created with Biorender.com.

Biomaterials are engineered mainly depending on their ultimate
function and here we give a brief overview. Comprehensive works
can be found elsewhere [260,263]. In terms of the material source,
biomaterials can be generally classified into natural, synthetic and
hybrid [264]. Natural and natural-derived biomaterials are commonly
based on the use of extracellular matrix (ECM) components, as
collagen, gelatin or elastin, or on natural polysaccharidic
biopolymers, such as chitosan, agarose or alginate, extracted from
crustaceans or algae [265]. Synthetic biomaterials are produced
artificially and commonly classified into polymers and ceramics.
Polymers such as poly(glycolic acid) (PGA), poly(lactic acid) (PLA)
or polycaprolactone (PCL) have been widely used for the synthesis
of biomaterials, mainly for soft tissue engineered tissues, while
ceramics, as calcium phosphates and bioactive glasses, have found
their main application in hard tissues regeneration. Based on the
form, biomaterials can be shaped with specific micro and
macroarchitectures depending on the final application: porous
scaffolds, injectable hydrogels, nanofibrous meshes, multi-layered
membranes are the most common forms, and specific fabrication
methods have been developed to obtain the desired topography, 3D
architecture and structure. Thirdly, based on the properties,
biomaterials have been designed ad-hoc to be biodegradable,
bioresorbable, or bioactive, for controlled adhesion or proliferation,
controlled release of biomolecules, or even immunomodulation,
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showing anti-inflammatory and antimicrobial properties
[261,266,267]. Finally, signals represent the third component of TE:
normally referring to growth factors and soluble molecules that can
guide and enhance tissue regeneration [251,261], this category
includes other fundamental signals as the presence of perfusion and
mechanical cues, achieved for instance by culturing in bioreactors,

and surface nanotopography.
Fundamental parameters for the design of TE scaffolds

The main objective of a scaffold designed for in vivo implantation is
to give mechanical support to the cells and to provide them with a 3D
environment that guides their growth and arrangement into

functional tissue. During in vitro culturing and consequent
implantation in vivo, the scaffold functions are progressively
replaced by the ECM produced by the cells, both from the substitute
and the host tissue. Therefore, after the regeneration has occurred,
the scaffold becomes unnecessary and this explains the importance of
using biodegradable or bioresorbable biomaterials in TE. In this
paragraph we briefly describe the main design parameters to consider
when developing novel TE constructs. They can be categorized into
five main classes, notably (i) mass transport properties, intrinsically
related to the scaffold’s microarchitecture, (ii) physicochemical
properties, (iii) mechanical properties, (iv) electrical properties and
(v) time-related properties [268] (Table 4.1).
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Table 4.1. Classification of scaffold properties and requirements for TE applications.

Scaffold property Design features
. Pore architecture . Pores interconnectivity
Mass transport e  Poresize e  Surface area
e  Porosity degree e  Vascularization

e  Surface chemistry

Physicochemical
e  Topography

properties
e  Geometry
. Match tissue mechanics at the macroscale
Mechanical ) )
X e Micromechanics
properties

e  Mechanical stability over time

. . e Electrical conductivity
Electrical properties ) N
e  Tissue contractility

e  Scaffold degradation

Time-related
e Stability

properties
e Controlled release of biomolecules

The transport of oxygen, cell culture media and nutrients is a
fundamental feature to ensure proper cellular behavior and
proliferation within a seeded scaffold. When considering porous
substrates, adequate porosity is the key parameter to allow for proper
transport. The pores architecture and size influence the cells
penetration within the scaffold, their adhesion and growth. For the
majority of TE applications, pores with sizes lower than 100 um
normally hinder optimal cell seeding, however for some tissues, such
as skin or nerves smaller pore diameters have been found to be more
effective. To obtain good proliferation, fluid and gases exchange and
facilitate anastomosis and vascularization in vivo, the porosity degree
(i.e., the ratio between the mass and the voids) required is generally
very high, about 90%, and pores should show a high degree of

interconnectivity to make the scaffold more permissive, rather than a
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closed porosity. However, porosity needs to be carefully engineered
since highly porous structures are generally characterized by low
stability and stiffness, that could lead to a collapse over time. Also,
the porosity degree is inversely proportional to the surface area
available for cell colonization. Technigues as electrospinning, that
lead to formation of constructs with micro and nanofibrous
architecture, offer the advantage of highly increasing the surface-to-
volume ratios. Importantly, pore size and porosity measurements are
normally conducted via image analysis on dry samples after their
fabrication. However, porous scaffolds undergo structural changes
once they are seeded with cells because of the transition from a dry
to a wet state. Parameters as the swelling ratio should thus be taken
into account during scaffold characterization. When looking at
human physiology, cells benefit from optimal transport because they
are located no further than 200 um from a capillary or blood vessel.
Thus, despite the porosity, the design of thick functional TE
constructs has demonstrated to be extremely challenging without the
presence of a vascular network and perfusion. Though the majority
of the models normally rely on vascularization of the scaffold after
implantation, there is an increasing interest in pre-vascularization
methods in vitro to obtain more physiological models and ensure

long-term viability of the engineered tissue.

Physicochemical properties also influence cellular behavior. For
instance, the use of natural polymers derived from the native ECM as
biomaterials ensures a better mimicry of the cellular

microenvironment, thus a better response of the cells. Especially
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when fabricating composite scaffolds, performing surface
modifications or loading biomolecules, the chemical composition
should be investigated to validate the fabrication method and
quantify the components. Physical features such as surface roughness
and topography should be analyzed as they have been shown to
influence cell adhesion, orientation and differentiation. Furthermore,
the constructs geometry should be taken into account to recapitulate
the tissue architectural and anatomical features, as we will discuss

later.

At the macroscale, the bulk mechanical properties of the scaffold
should ideally match the mechanics of the native tissue at the
macroscale. Particularly important for tissues that bear important
loads, as bone, the stiffness of the implanted biomaterial should not
show any mechanical mismatch with the host tissue to avoid
formation of fibrotic interfaces and impaired regeneration. At the
microscale in vitro, substrates with different stiffnesses have shown
to have a fundamental role on cell differentiation because of cellular
mechanosensing properties, with scaffolds showing lower stiffness
guiding stem cells to differentiate into soft tissue cells compared to
stiffer ones [269,270]. Electrical properties result to be fundamental
for the regeneration of tissues such as cardiac, nervous and muscular
tissues. In this regard, conductive biomaterials, as conductive
polymers (polyaniline, polypirrol, ...), carbon-based and gold-based
nanomaterials, have been widely investigated. Moreover, the control
and tuning of perfusion, mechanical and electrical properties of the

scaffold can be implemented also by use of external systems, as
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bioreactors. Finally, the study of time-related properties ensures the
proper behavior of the scaffold during in vitro phase and after
implantation. Degradation tests of the constructs in vitro by either
physiological or enzymatic methods allows researchers to estimate
their durability and stability while experiments in vivo enable to
tailor the degradation rate of the constructs to match the remodeling
rate of the host tissue. It is also important to evaluate the cytotoxicity
of the scaffold byproducts during degradation in situ and the
excretion pathways to confirm their biodegradability and reduce the
immune response from the host body. In case of scaffolds loaded
with growth factors, biomolecules or drugs, release kinetics and rates
should be assessed to ensure a controlled and gradual effect. During
the scaffold degradation, other properties also undergo changes and
therefore, investigation over time of the mechanical properties and
stability should be conducted to prevent collapse before tissue

regeneration.

Fabrication strategies for polymeric biomaterials

TE constructs are produced starting from the raw biomaterials by
means of a fabrication strategy [271]. A plethora of fabrication
methods has been engineered in the past decades and the choice of
the suitable process depends on the type of biomaterial and the form
and features the construct needs to have. For simplicity, here we have
divided the fabrication strategies based on the final biomaterial
structure, i.e., porous or fibrous scaffolds and hydrogels (Table 4.2)

and we will briefly discuss the most relevant techniques for the
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Fabrication strategy [272]

purpose of this chapter, focusing on porous scaffolds [272], though
many others have been engineered and combination of techniques
has also been investigated [273,274].

Table 4.2. Classification of the main fabrication strategies used in TE. The methods
have been classified based on the final biomaterial structure (i.e., Porous, fibrous scaffold or

hydrogel). For porous scaffolds, SCPL, TIPS, gas foaming, emulsification/freeze-drying and

electrospinning are considered conventional fabrication approaches.

Biomaterial structure

Porous scaffolds Fibrous scaffolds Hydrogels
[19,271,274-277] [278] [275,279-281]
e Solvent casting e Nonwoven fiber e Physical gelation
and particulate bonding (electrostatic,
leaching (SCPL) e Textile methods hydrophobic interactions,
_ e Phase separation/ (knitting, weaving, )
g thermally braiding) e  Chemical crosslinking
= induced phase e Melt and wet (photopolymerization, ...)
% separation (TIPS) spinning e Microfabrication
O e Gasfoaming (photolithography,
e  Emulsification microcontact printing, ...)

and freeze-drying
e Electrospinning

e Rapid prototyping/ Solid Freeform Fabrication (SFF) (Inkjet, extrusion and laser-
assisted bioprinting, stereolithography, ...)
Biofabrication techniques for tissue engineering and regenerative
medicine have been commonly classified into top-down and bottom-
up basing on the fabrication approach [278,282]: the top-down
approach consists in the fabrication of constructs with relevant
morphological, physical and chemical properties that are
subsequently seeded with cells to build in vitro tissues or to be
implanted in vivo. The top-down category includes the conventional

biofabrication strategies for porous scaffolds: solvent casting,

135



Chapter 4. Polymeric scaffolds for fabrication of 3D microchanneled substrates

particle leaching, freeze drying, phase separation, gas foaming and
electrospinning [18,278,283]. On the other hand, the bottom-up
approach consists in creating multicellular biological building
blocks, that are subsequently assembled to form a larger functional
construct [284]; the main bottom-up approach is rapid prototyping.
Because of its modularity, the bottom-up approach represents a valid
alternative to conventional biofabrication strategies.

One of the first methods developed for the fabrication of porous
scaffolds is solvent casting and particulate leaching (SCPL), that
consists in casting a polymeric biomaterial, previously dissolved in
an organic solvent and mixed with a porogen agent, and
consequently remove the solvent and leach the porogen to get a
porous structure. Salt and sugar granules as well as beads have been
used as porogen agents, with their size and concentration
determining the scaffold microarchitecture. SCPL has proved to
create highly porous scaffolds (porosity > 90%), with a pore size
normally ranging between 100 and 500 pm. Widely used for
fabrication of scaffolds for hard tissues regeneration (bone and
cartilage) [285], the technique has evolved to avoid the use of
organic solvents [277] and to produce multi-layered scaffolds with
specific shapes (e.g., tubular) for applications as vascular TE [286].
Phase separation relies on the formation of a polymer-rich and a
polymer-lean phase. Briefly, the polymer is dissolved in a solvent
(normally naphthalene, phenol or dioxane) and quenched below the
solvent melting point to have liquid phase separation and remove the

solvent by sublimation. The use of low temperatures allows for
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incorporation of bioactive molecules and the method has often been
used combined with other strategies, as spinning and bioprinting
[276]. Nevertheless, phase separation is hindered by low resolutions
achievable and limited choice of materials, namely thermoplastics,
such as PMMA. To overcome the use of organic solvents, alternative
techniques were developed. In gas foaming methods, porosity is
created by the use of gaseous porogen agents, originated during
polymer crosslinking or by the nucleation of gas bubbles when the
biomaterial is exposed to pressure or temperature [287]. Despite high
degree of porosity, the technique is often limited by closed porosity
and impossibility to control pores interconnectivity. In emulsification
and freeze-drying (FD) processes, the dissolved polymer mixture is
freeze-dried and the sublimation of the solvent leads to scaffolds
with high porosity and interconnected pores. Interestingly, this
technique allows for production of scaffolds characterized by both
micro (15-35 pum) and macropores (hundreds of um), generated
respectively by the solvent and the ice crystals sublimation
[276,288]. By optimizing the emulsion reagents and the freeze-
drying parameters, constructs with tunable architectural properties,
such as multi-layered and anisotropic scaffolds, have been produced
[288-291]. FD has in fact been widely used in TE research,
especially for bone [292,293], skin [290,294], neural [295] and
cardiovascular [296-298] tissue substitutes. One of the main
advantages of FD technology is the possibility to use a variety of
polymers: FD has been used for fabrication of porous constructs

from both natural and synthetic biomaterials, as well as composite

137



Chapter 4. Polymeric scaffolds for fabrication of 3D microchanneled substrates

blends and ceramics. PLA and PGA-based polymers as well as
polyurethanes (PUs) and poly(vinyl)alcohol (PVA) have been
adopted as synthetic polymers mainly for soft tissues regeneration.
Among the natural polymers, collagen, gelatin, hyaluronic acid, silk
and cellulose have often been chosen. Combination of polymers with
hydroxyapatite nanoparticles and other calcium phosphate ceramic
phases has led to production of substrates for hard tissues
regeneration. Fabrication of layered constructs has also been
achieved by freeze-drying technology, with each layer showing
different material composition so as to mimic the physiological
tissues interfaces: the main applications were production of graded
scaffolds for osteochondral regeneration [291] and wound healing.
Several studies have also shown the feasibility of incorporating
biomolecules, such as growth factors for enhanced tissue
regeneration or silver nanoparticles to achieve antimicrobial features
[299,300]. The main disadvantage of this technique is the long
fabrication time, especially during primary drying, since long steps

are normally selected to avoid any structural damage [288].

Alternatively, scaffolds with controlled geometry and hierarchical
organization have been created by self-assembly organization of
polymers or peptides [275,301]. Electrospinning consists in the
fabrication (spinning) of nano and microporous scaffolds from a
polymeric solution by electrostatic charge, that generates a jet when
the applied voltage overcomes the surface tension of the liquid
droplet [302,303]. During the spinning process, the solvent

evaporation causes the fiber solidification and accumulation on a
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collector. The fibrous and porous architecture created by
electrospinning mimics the in vivo ECM nano-environment, that has
been shown to have a fundamental role in regulating cellular
phenotype, adhesion and organization [304]. Moreover, the
versatility of this technique enables the fibers to be functionalized or
grafted with molecules, peptides, drugs or growth factors to promote
cell adhesion and specific functions, such as endothelialization and
antithrombogenic properties [305]. Electrospun scaffolds have been
manufactured with a variety of natural and synthetic polymers and
their combination in blends leads to devices with physiologically
relevant mechanical behavior while promoting cell adhesion and
proliferation thanks to the large surface-to-volume ratio [302,306].
Electrospinning has been used in bone, skin, heart, liver, ligament
and kidney TE and it finds its main application in tissue repair and
regeneration, as wound healing and dressing [307], osteochondral
implants [308] and tissue engineered vascular grafts (TEVGs) [302].
However, it shows several limitations as (i) low production rate, (ii)
pore size and fibers density that hinders cell infiltration and (iii) 2D
thin shape at the macroscopic scale [305,309]. Some drawbacks have
been addressed, for instance cell infiltration can be increased by
surface treatments or by coupling with other techniques to enhance
macro-porosity [310] and thick scaffolds can be engineered by
multilayered electrospinning [311]. Nevertheless, top-down
techniques often lack of versatility and precise control over the
scaffold properties (mainly mechanical) and cellular organization,

with difficult scale-up and reproducibility [312,313], making them
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less effective for the manufacturing of 3D highly organized tissue
constructs. Rapid prototyping, also known as solid freeform
fabrication (SFF), represents nowadays the cutting-edge bottom-up
technology for fabrication of engineered tissues. Particularly, 3D-
bioprinting uses biomaterials, eventually combined with cells and
molecules, as bioinks, that are assembled in a layer-by-layer fashion
by means of additive manufacturing techniques starting from 3D
CAD models [271,278]. This strategy has been widely adopted for
the fabrication of different biomaterials structures, as porous
scaffolds and hydrogels. For description of bioprinting methods and
their application in TE, we refer the reader to existing reviews
[312,314-316]. Compared to traditional top-down techniques,
bioprinting shows rapid and reproducible fabrication, possibility to
print multiple materials with complex geometries, ability to directly
print cells and biomolecules with precise spatial organization and to

create heterogeneous scaffolds with gradual compositions [280].

Patterned constructs and scaffolds with complex geometries

for specific applications

Scaffold geometry plays a fundamental role in guiding cellular
adhesion, proliferation, differentiation and production of functional
tissue [317]. Recently, the influence on cellular behavior of macro,
micro and nanoscale features, such as pore geometry, size and
distribution, curvature, surface topography and roughness, and
substrate stiffness has been widely investigated [318]. At the

macroscale, the majority of porous scaffolds produced by
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conventional fabrication methods possesses a cylindrical or cubical
shape due to the molds commonly used to pour the polymer solution.
However, when it comes to recapitulate the features of specific
tissues, it is important to underline the need for complex geometrical
shapes. Particularly, regeneration of tubular tissues, such as vascular
networks, trachea, intestines, urethra and nerves, will require
scaffolds with pipe-like structures. For membrane-like tissues, as the
skin, the use of multi-layered membranous constructs would be more
appropriate. For rope-like tissues, as skeletal muscles and tendons,
fibrous scaffolds should be preferred, and so on. At the microscale,
porous scaffolds present highly interconnected porosity for cellular
penetration and proliferation, without however necessarily showing
an architectural similarity with the native tissues. At the nanoscale,
then, tuning the nanotopography, nano surface chemistry and
mechanics becomes extremely challenging. In this paragraph, we
briefly discuss the importance of designing scaffolds with relevant
architecture, with reference to fabrication methods for tubular and
microchanneled scaffolds.

The design of tubular structures is a key prerequisite to provide cells
with geometrically-relevant templates for in vitro generation of
vascular networks [26,319]. The patterning of tubular constructs for
vascular TE has been achieved by different approaches, notably: (i)
subtractive and sacrificial molding; (ii) layer-by-layer assembly and
(i) direct fabrication.

Subtractive and sacrificial molding are methods widely used to

engineer scaffolds containing either simple or complex channel
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networks. The techniques usually consist in using a solid material
(mold) of the shape of the channels embedded within a polymer
solution, that is the scaffold biomaterial. After the polymer
crosslinking, the mold is either mechanically removed when
structures as needles or fibers are used (subtractive molding) or
dissolved when a polymer template, as gelatin and alginate, is used
(sacrificial molding) [320]. Many works have adopted these
techniques for the fabrication of hierarchical scaffolds containing
microchannels and the use of bioprinting to deposit the sacrificial
template has allowed researchers to develop constructs with complex
network geometries, resembling the physiological tissue [321,322].
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A. Templating B. Sacrificial Molding
@ solid mold (i) TE scaffold () Sacrificial mold o TE scaffold
] . 7
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Figure 4.2. Fabrication strategies for tubular TE. (A) Templating by means of solid
molds, as fibers or needles. (B) Templating by means of sacrificial polymers, dissolved after
polymeric scaffold crosslinking. (C) Layer-by-layer assembly can be done by stacking of

142



polymer sheets to obtain a construct containing channels (1) or by stacking of ring-like
microgels to obtain a tubular scaffold (2). (D) Electrospinning to obtain tubular scaffolds,
eventually multilayered. (E) 3D bioprinting can be performed by direct patterning of cells-
containing bioinks in complex geometries (1) or by coaxial bioprinting of multilayered

tubular substrates (2). Created with Biorender.com.

On the other side, layer-by-layer assembly is an additive strategy that
consists in sequentially aligning and stacking scaffolds components
(planar sheets, cylindrical rings, ...) to form a tubular structure or a
bulk scaffold containing channels. Poly(ethylene glycol)- diacrylate
(PEGDA) ring-like microgels were assembled and crosslinked by
UV photopolymerization to form perfusable 3D hierarchical
constructs [323] while, in another work, assembly of patterned
poly(octamethylene maleate (anhydride) citrate) (POMaC) sheets by
UV photopolymerization was used to fabricate a perfusable scaffold
containing complex branched microchannels that could directly
anastomosed in vivo [90].

Thirdly, direct fabrication of tubular structures has been mainly
achieved by electrospinning and rapid prototyping techniques.
Tubular scaffolds have been electrospun by using rotating mandrels
[302] or combination with electrospraying to create highly
cellularized constructs and multilayer core-shell constructs
resembling the blood vessels structure have been manufactured by
coaxial electrospinning [324—-327]. For instance, bilayer tubular
scaffolds of PCL/collagen blend have been engineered by co-
electrospinning over a rotating mandrel [328]. The different porosity
of the two layers led to optimal seeding of the outer layer with
smooth muscle cells and of the inner layer with endothelial cells.
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Multilayered scaffolds with aligned microfibers produced by
electrospinning of rotating mandrels have also been engineered for
other applications, as for tendons and ligaments TE [318].
Fabrication of multilayer channels for urothelial and vascular TE has
also been achieved by coaxial bioprinting of gelatin methacryloyl
(GelMA) blends [329,330]. Alternatively, complex microvasculature
architectures have been fabricated in vitro by direct endothelium
micropatterning via 3D-bioprinting. [331] However, examples of
conventional methods for the fabrication of complex geometries have
also been reported. In a recent work, bundles of porous microchannel
scaffolds were produced for spinal cord nerve regeneration [332].
Salt leaching was used in combination with fuse printing to create
tubular porous structures. Sodium chloride was used as porogen
agent and mixed with PCL. The mixture was firstly shaped into thin
films and then rolled around sacrificial polystyrene rods, etched to
form hollow structures. The PCL/NaCl hollow tubes were
consequently thermally extruded through a printing nozzle to obtain
fused microchannels and the salt leached to create the scaffolds
porosity. With this technique, tubular and bifurcated scaffolds could
be fabricated, with a single fiber inner diameter of 50 - 3000 pm, a
wall thickness of 20-1000 um and tens of meters in length. In vitro
culture of dorsal root ganglia (DRG) for mimicry of peripheral
nerves confirmed a significantly higher neurites outgrowth compared
to cells cultured on films, confirming the importance of scaffold

geometry in guiding nerve cells growth and expansion.
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Rationale and objectives

Tissue engineering holds great promise for the regeneration of functional tissues
and organs. Based on the use of biomaterials, TE has rapidly evolved in the past
decades and a plethora of materials and processes has been developed for specific
applications. The design of biomaterials, often in the form of porous scaffolds,
needs to meet specific requirements on a multiscale level. Important features, as
mechanical and physicochemical properties, biocompatibility and degradation
need careful investigation to assess the suitability of the constructs in vitro and
after implantation. Moreover, complex architectures mimicking the native tissue
are often required. The rationale behind Chapter 4 is to design, develop and
characterize patterned scaffolds capable of guiding vascularization, with a final
goal in the context of DeLIVER project of adopting these platforms for in vitro

engineering of liver sinusoids.

The chapter focuses on the study of polymeric scaffolds of natural origin produced
via a combination of subtractive molding and freeze-drying technologies. After
presenting the current methods adopted for the fabrication of these biomaterials
and their patterning, we focus on the optimization of the fabrication process for
further implementation. Particular interest is given to the design of thin samples
that could be easily imaged with conventional confocal technology and to obtain
a selective coating of the patterns for guided cell adhesion and proliferation.
Evaluation of the constructs from a physical, chemical and mechanical point of
view is described and results from different scaffolds formulations compared.
Validation of the optimized fabrication processes is done by samples analysis and

by using different imaging techniques, including SHG and SEM analyses.
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4.2. Design of biopolymeric scaffolds for vascular tissue
engineering

As discussed in Section 4.1, the use of natural polymers offers
advantages as resemblance with native ECM components and
architecture, biocompatibility, biodegradation with formation of non-
toxic debris, easy manufacturing processes [264]. Here, a pullulan-
based scaffold formulation has been proposed. Pullulan is a natural
polysaccharide derived from the yeast Aureobasidium pullulans, a
ubiquitous fungal organism. The commercial manufacturing of this
polymer in form of powder is usually done by starch fermentation
and purification and some properties of the final product such as
molecular weight can be tuned based on manufacturing parameters.
Pullulan is a linear and unbranched polysaccharide composed of
maltotriose units linked via a a-1,6-glicosidic bonds. Because of its
hydrophilicity and biocompatibility, it has been widely used in
pharmaceutical and food industry, mainly in form of films [333,334].
However, its favorable properties have been investigated also for
production of biomaterials for TE, drug delivery, medical imaging
and plasma-substitute applications [335,336]. Pullulan has been used
alone in form of hydrogel for vascular TE [337] or more often in
combination with other polymers, such as dextran, collagen and
chitosan, or functionalized with bioactive molecules for enhanced
biomaterial fomulations [335]. Its main applications can be found in
wound healing and dressing, for instance coupled to antibacterial
agents, bone regeneration, functionalized with nano-hydroxyapatite,
and vascular TE, conjugated with heparin. Moreover, thanks to its
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facile handling and processing, it has been fabricated in form of
hydrogels, porous and nanofibrous scaffolds, and membranes
[293,335,336]. Especially to enhance cellular adhesion, pullulan has
been conjugated here to dextran, following a protocol patented by
INSERM laboratories [338]. Dextran is another linear polysaccharide
mainly produced from Leoconostoc mesenteroides bacteria from
fermentation in sucrose-containing media [339]. The polymer is
mainly composed of a(1,6)-linked glucosyl residues, with few
branching chains. Initially formulated as plasma substitute, its use
has been subsequently extended to production of gels for molecular
purification, drug delivery, as an agent for treatment of vascular
diseases as thrombosis thanks to its anticoagulant properties, as well
as for eye care and cosmetics [339]. Because of its cytocompatibility,
biodegradability and stability properties, its use as biomaterial has
been proven effective for vascular, bone, cartilage and skin TE
[340,341]. In this work, a pullulan/dextran (PUDNA)
polysaccharidic porous scaffold was fabricated by subtractive
templating for formation of inner tubular microchannels using a

crosslinking/ freeze-drying fabrication method (TCFD method).

The experiments presented in this chapter were conducted at
INSERM U1148, Université de Paris, FR. Imaging was performed at
the Plateforme d’imagerie photonique IMA’CRI, Faculté de

médecine site Bichat, Paris, FR.
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4.2.1. Fabrication by templating/ crosslinking/ freeze-

drying method
Mold and fabrication setup preparation

PUDNA scaffolds containing channels were fabricated by a
sacrificial molding subtractive strategy. Suture monofilaments were
used as channel templates (PROLENE™ 7/0 dec. 0,5 3/8¢
polyropylene monofilament, ETHICON Inc., NJ, USA) (Figure
4.3A). For this purpose, the filaments needed to be tied around a
supporting structure to keep them in place while pouring the

hydrogel solution.

A special mold composed of pillars was designed in AutoDesk
Fusion 360 and 3D printed by using an Ultimaker S3 printer
(Cubeek3D, France) in polylactic acid (PLA) (Figure 4.3B and C).
Printing parameters and monitoring were done using Ultimaker Cura
software. Layer height of 0.2 mm, printing speed of 70 mm/s and

printing temperature of 205°C were set for PLA extrusion.

After the suture filaments were wrapped around the pillars (Figure
4.3D), the fabrication setup was assembled by placing a thick glass
slide on the bottom and then stacking a spacer (thin plastic frame),
previously 3D printed or cut to fit the glass slide size. For large
hydrogel slabs production, glass slides of 75x95x1 mm were used
while for small hydrogel slabs, glass coverslips with a size of

25x75x1 mm were chosen.
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Figure 4.3. Mold and fabrication setup for patterned PUDNA scaffolds. (A) Schematic
of the fabrication process (hydrogel side view): the suture filament is enclosed within the
PUDNA solution after pouring (1) and the empty channel is obtained after removal of the
filament when the hydrogel is crosslinked. (B) CAD design of the pillar mold and detail of
the pillars structure (inset). (C) Image of the 3D printed PLA mold (left) and side view of
the mold with pillars profile (right). (D) Image of the pillar mold assembled with suture
monofilaments. (E) The fabrication setup consisted of a pillar mold where suture filaments
are embedded and two spacers that determine the hydrogel thickness. (F) Schematic of side
and top view of the assembled components (top) and picture of the top view (bottom): the

caps that keep the mold suspended are visible on the bottom.
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The spacer had multiple functions, particularly (i) confining the gel
before its crosslinking, (ii) defining the hydrogel thickness once cut
and (iii) hold the filaments. Different spacer materials and
thicknesses were tested, as discussed in Section 4.2.2. The pillar
mold with the filaments assembled was then placed at the top of the
bottom spacer, followed by the second spacer. A top glass slide was
placed after pouring the hydrogel solution. The whole setup was kept
lifted by caps placed below the bottom glass slide to ensure the

contact between the filaments and the spacers (Figure 4.3E-F).
Hydrogel solution preparation

Hydrogels were prepared from a solution of the polysaccharides
pullulan (75% w/w, Mw = 200 kDa, Hayashibara) and dextran (25%
w/w, Mw= 500 kDa, Pharmacosmos) mixed with sodium chloride
(NaCl, Mw=58.44, Fisher Chemical) as porogen agent, with a
protocol previously described [29]. The acronym PUDNA derives
from these three main reagents (PUllulan, Dextran and NACI).
Briefly, 9 g of pullulan powder, 3 g of dextran powder and 14 g of
NaCl were weighted separately and thoroughly mixed with a spatula
before adding 40 mL of distilled water. A small spatula of
Fluorescein isothiocyanate Dextran (FITC-Dextran 500 kDa, TdB
Consultancy AB, Uppsala, Sweden), corresponding to 5-10 mg of the
powder was eventually added to the solution for visualization of the
scaffold structure under fluorescent microscope. The mixture was
then placed on a magnetic stirrer and mixed at RT and 400-450 rpm
for about 1 hour to ensure proper homogenization. During mixing,
eventual salt clumps were manually broken up to have a uniform
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solution. After mixing, the solution turned completely transparent.
The solution was then left for 24h at RT to eliminate the air bubbles
(Figure 4.4A).

Scaffold fabrication - Standard protocol

The scaffolds fabrication was done by crosslinking/ freeze-drying
method (Figure 4.4B). The hydrogels were prepared first by
following the protocol patented from INSERM [338]. Briefly, 10 g
of PUDNA solution previously prepared and degassed were
weighted at RT. 1 mL of NaOH 10 M was added to the solution for
activation of the -OH chains. The mixture was then stirred at 200
rpm at RT for about 15 minutes until the color turned yellowish. In
parallel, a solution of 3% w/v sodium trimetaphosphate (STMP,
NasOgP3, Sigma Aldrich) was prepared by dissolving 300 mg of
STMP salt in 1 mL of distilled water and placed on a tube rotator for
salt dissolution. The STMP solution was used as chemical

crosslinker agent for the hydrogel formation.
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Figure 4.4. Schematic of PUDNA scaffold fabrication. (A) Preparation of the hydrogel
solution and (B) PUDNA scaffold fabrication. The red rectangles indicate the chemical role
of the reagents and chemicophysical reactions occurring during the process. Created with

Biorender.com.

After homogenization of PUDNA with the NaOH, the solution was
placed in ice to slow down the crosslinking and the STMP was added
while increasing the stirring up to 400 rpm. After ca. 1 minute, the
stirrer was stopped and the gel poured over the fabrication setup
previously described and the second glass slide placed over the top
spacer to allow the gel confinement within the two plates and
molding with the desired thickness. Silicon spacers with a nominal
thickness of 0.35 mm were used. The setup was then placed in an
oven at 50°C for 20 minutes for hydrogel complete crosslinking.
After 20 minutes, the mold was removed by cutting the suture
filament edges and the glass slides were separated from the

crosslinked gel, that was consequently placed in a 10X PBS bath for
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10 minutes. This step enables a primary swelling of the hydrogels,
thus facilitating the filaments removal while preventing channels
damage. The hydrogel slab was then moved to a rigid support (e.g., a
glass substrate) and each filament removed by pulling them off,
eventually with the help of a surgical needle holder. While removing
the filament, the hydrogels were punched in correspondence of the
empty channel by using a 5 mm puncher. The hydrogels were then
placed in a 10X PBS bath under slight mechanical agitation for at
least 1h to ensure neutralization of the NaOH. After checking the
bath pH was neutral by either digital pH Meter or pH test strips, the
samples were placed in a distilled water bath overnight under
agitation (changed regularly every one hour for the first three hours
minimum). This step allowed the removal of the porogen agent, that
was verified by checking the gels conductivity and changing the DI
bath until a conductivity < 5-10 uS/cm was reached (conductivity
meter 145A+, Thermo Scientific Orion). Then, the hydrogels were
placed in a 0.025% w/v NaCl bath under agitation until the
equilibrium conductivity < 500 uS/cm was obtained. Gels were
placed in 100x15 cm polystyrene Petri dish (Falcon, Corning) (about
30-40 gels per Petri) covered with a thin layer of 0.025% w/v NaCl
solution and freeze-dried by loading the samples at 15°C. A standard

freeze-drying protocol was performed as follows:
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Table 4.3. Parameters used for the standard freeze-drying cycle. T= temperature, t=
time, P= pressure.

1) Freezing
T1 -20°C tl 5h50min
T2 -20°C 12 1h30min

2) Primary freeze-drying

T1 -5°C tl 2h10min P1 0.05 mbar
T2 -5°C t2 8h P2 0.05 mbar
T3 10°C t3 1h15min P3 0.05 mbar
T4 10°C t4 2h P4 0.05 mbar

3) Secondary freeze-drying
T1 30°C tl 1h P1 0.001 mbar

A freezing speed of 0.1°C/min was set until reaching -20°C and
maintained for 90 minutes. Primary freeze-drying was done with a
vacuum of 0.05 mbar and with increasing temperature from -20°C to
10°C by imposing a step function and freeze-drying speeds of
0.1°C/min (from -20°C to -5°C) and 0.2°C/min (from -5°C to 10°C).
Finally, a fast secondary freeze-drying was performed at 0.001 mbar
of pressure and 0.33°C/min of speed until reaching a temperature
above RT.

4.2.2. Optimization of standard fabrication method
Optimization of scaffold thickness

Production of thin scaffolds was carried out by testing thinner
spacers compared to the silicon ones used for the standard fabrication
protocol. Different materials were evaluated and their properties
(namely, thickness, stiffness and handling) were considered during
the optimization steps (Table 4.4). Chemical paper and Parafilm®
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were finally chosen for optimized production. The materials were
manually cut by using a razor blade with a dimension fitting the glass
slide’s size in order to produce frames with an average frame width
of 5 mm for large glass slides and 3 mm for glass coverslips.
Standard scaffold fabrication protocol was followed by including the

novel precut spacers within the setup.

Table 4.4. Specifications of the different spacers tested for the fabrication of thin
hydrogels.

Material Thickness Aspect Easy to handle
(mm)

Silicon spacer 0.35 Semi rigid YES

SEFAR NITEX 03-5/1 0.07 Soft NO

SEFAR NITEX 03-10/2 0.03 Soft NO

Chemical paper 0.23 Rigid, it deforms VES
when wet

Colored tape 0.12 Rigid, sticky YES

Parafilm 0.12 S§m|-r|g|d, VES
sticky

Optimization of freeze-drying protocol for thin gels

Thin gels produced by changing the spacers thickness were freeze-
dried by a modified freeze-drying protocol by loading the samples at
5°C (Table 4.5). A fast freezing speed of 0.5°C/min was set until
reaching -30°C and maintained for 2.5 h. Primary freeze drying was
performed at 0.05 mbar and temperature increasing from -30°C to
10°C under step function, with freeze-drying rates of 0.1°C/min for
both the steps (from -30°C to -5°C and from -5°C to 10°C, respectively).

Secondary freeze-drying parameters were kept unchanged compared to
standard protocol.
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Table 4.5. Parameters used for the standard freeze-drying cycle.

1) Freezing
T1 -30°C t1 1h10min
T2 -30°C 12 2h30min

2) Primary freeze-drying

T1 -30°C tl 2h P1 0.05 mBar
T2 -5°C t2 4h10min P2 0.05 mBar
T3 -5°C t3 8h P3 0.05 mBar
T4 10°C t4 2h30min P4 0.05 mBar
5 10°C t5 1h P5 0.05 mBar

3) Secondary freeze-drying

T1 30°C t1 1h P1 0.001 mBar

Selective coating of microchannels in PUDNA constructs
Collagen is the most abundant ECM protein and collagen-based
biomaterials have been widely produced and investigated for TE
applications due to the resemblance with native ECM [342]. Here,
we used collagen as protein to coat PUDNA constructs in order to
promote cellular adhesion and increase the physiological relevance

of the matrices.

Two different approaches were proposed, namely pre-coating and
post-coating strategies (Figure 4.5). In pre-coating strategies,
PUDNA gels were coated before their use for in vitro experiments.
Coating procedure could be performed by following two different

approaches:

A. Single freeze-drying approach: the PUDNA hydrogels were

coated with a collagen solution after the washing step with DI
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water. The gels were then freeze-dried and subsequently used
for cell seeding;

B. Double freeze-drying approach: PUDNA scaffolds were
fabricated following standard fabrication protocol. After
freeze-drying, the scaffolds were coated with the collagen

solution and freeze-dried a second time before cell seeding.

l PRE-COATING STRATEGIES
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Figure 4.5. Coating strategies for PUDNA constructs. (A, B) Pre-coating strategies:
PUDNA constructs are coated when either in form of non-porous hydrogels (A) or porous
scaffolds (B) and then freeze-dried. (C) Post-coating of PUDNA scaffolds during cell

seeding step. Created with Biorender.com.

The major difference between the two approaches was the final
coating protein localization and distribution. Particularly, when the
coating was done before freeze-drying, the PUDNA was still in form
of hydrogel, thus not showing any porosity. This feature ensured the
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collagen penetration within the molded microchannels and its
deposition on the surfaces and edges. Therefore, this process allowed
us to obtain a selective coating of the inner features. On the other
side, collagen coating performed after freeze-drying would be
uniformly distributed within the scaffold pores since it was
performed when PUDNA was in a porous (scaffold) form. Similar to
double freeze-drying pre-coating, the post-coating of porous PUDNA
scaffolds was done during the phase of cell seeding, by mixing the
protein solution directly with the cells. The protocol and results will
be described in detail in Chapter 5. Although coating of pores could
be useful for some TE applications, such as bone or skin
regeneration, where homogeneous layers of tissue need to be
engineered, our main goal was to permit selective cellular adhesion
within the microchannels. Therefore, a single freeze-drying pre-

coating strategy was chosen.

Soluble collagen type I from bovine corium (initial concentration 6
mg/mL, Collagen Solutions, Glasgow, UK) was diluted in 0.01 N
HCI to obtain a collagen solution with final concentration of 1
mg/mL. After overnight DI washing of PUDNA hydrogels and when
a conductivity < 10 uS/cm was obtained, hydrogels were removed
from the bath and slightly blotted with tissue paper to remove the
excess of water. Then, they were placed in a sterile 15 mL syringe
without needle whose end was closed with a three-way valve.
Collagen solution was added and the syringe closed with its plunger.
About 3 mL of solution were used to coat 15 gels. The solution was

flushed back and forth for 5 minutes with the valve slightly opened
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to ensure proper penetration within the microchannels without
breaking the gels under high vacuum. The gels with the excess of
solution were placed flat in a Petri dish and left at least 2 hours at RT
with no agitation to allow for collagen deposition. After 2 hours, the
excess was removed and samples washed once with PBS 1X for 5
minutes and once with PBS 0.1X for 5 minutes under mild agitation
to allow for collagen neutralization. Coated hydrogels were then
freeze-dried with a thin layer of PBS 0.1X with optimized freeze-
drying cycle.

4.2.3. Characterization of channeled scaffolds
Morphological characterization

Scaffolds fabricated by addition of FITC-Dextran were visualized
using a confocal microscope (LSM780, Zeiss, Oberkochen,
Germany) with a 488 nm excitation argon laser (Excitation/emission
495/517 nm for FITC) and 10X objective (C-Apochromat 10x/0.45,
Zeiss). Scaffolds were immersed overnight in PBS 1X prior to
imaging. Scanning electron microscopy (SEM, JSM-1T100
InTouchScope™, JEOL Ltd., Tokio, Japan) was used for imaging of
scaffolds topography and internal structure. Samples were either
imaged at the top and bottom surfaces or cut in cross-section and
then glued to a sample holder. Low vacuum condition (40 Pa), 10-kV
acceleration voltage and backscattered electron detection (AsB) were
used for imaging. Imaging of collagen coating was performed by
confocal imaging of Sirius red-stained samples and multiphoton
(MP)-induced second harmonic generation (SHG, TCS SP8, Leica
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Microsystems, Wetzlar, Germany). For Sirius red staining, freeze-
dried scaffolds were immersed in the dye for 30 minutes at RT
without agitation. Then, samples were washed extensively under
agitation with PBS 1X until the control (non-coated PUDNA) turned
white (overnight at 4°C), thus confirming proper rinsing and remove
of unbonded stain. For SHG, the MP was equipped with a 405/10 nm
bandpass filter for collagen imaging. Samples were prepared by
overnight immersion in PBS 1X and they were mounted on a circular
plastic Petri dish and embedded in Aquasonic 100 ultrasound
transmission gel (No. 01-08, Parker Laboratories, Inc., NJ, USA) to
reduce light scattering. A 25X water immersion objective (HCX
IRAPO, L25x/0.95, Leica) and excitation at 810 nm were used for

image acquisition.
Physical characterization

As described in Section 4.1, the physical characterization of
constructs for TE is fundamental prior to in vitro studies to evaluate
their suitability for eventual in vivo implantation. Among a plethora
of properties that can be evaluated depending on the final
application, we have focused here on evaluation of short-term
physical properties of PUDNA scaffolds, namely porosity and

swelling behavior.

Porosity of freeze-dried scaffolds was evaluated by water squeezing
method, as previously reported [343]. Tests were carried out by
soaking the specimens (n=5 per each scaffold formulation) in PBS
1X for 2 hours under mechanical shaking. After 2 hours, the sample
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was weighted after removing the excess of liquid (Mswolien) and after
squeezing the liquid with the help of tissue paper by gentle pressing
with a spatula to avoid breaking the gels (Msqueezed) in order to

calculate the macropores volume occupied by the PBS.

The percentage porosity, representing the volume of macropores
within the scaffold, was calculated as follows:

Mswollen - quueezed

Porosity (%) = 100 -

Mswollen

For swelling measurements, specimens were placed in oven at 50°C
overnight to remove humidity excess before the experiments.
Swelling tests were performed by soaking the specimens in PBS 1X
and incubating them at 37°C. At each time point (t=x), the sample
was weighted after removing the excess of liquid (Ms™, expressed in

mg). The swelling ratio was calculated as follows:

, ] MLE=*—M
Swelling Ratio = == 4
Mg

where Mq indicates the initial weight of the specimen in dry state.
The swelling ratio was determined fort=0, 0.5, 1, 2,6, 24,48, 72 h
and 1 week. Two different PUDNA batches (n=5) were evaluated.

Chemical characterization

Chemical characterization of PUDNA hydrogels was carried out by
spectroscopy and elemental analyses. PUDNA functional groups and
the presence of collagen coating were investigated by Fourier
transform infrared spectroscopy (FT-IR, Nicolet AVATAR 370,

Thermo Fisher Scientific). Before the tests, the samples were placed

161



Chapter 4. Polymeric scaffolds for fabrication of 3D microchanneled substrates

in oven at 50°C overnight to remove humidity excess. For the pellet
preparation, 10 mg of sample powder were mixed with 190 mg of
potassium bromide anhydrous (KBr) and then pressed at 6000 psi for
ten minutes. The reading of the absorption spectra was done with
OMNIC software in the infrared range 400 cm™ — 4000 cm™, with 32
cm of resolution. Three different set of samples were analyzed: (i)
freeze-dried 1 mg/mL bovine collagen powder (positive control); (ii)
freeze-dried PUDNA scaffolds (negative control); and (iii) freeze-

dried PUDNA scaffolds coated with 1 mg/mL bovine collagen.

Elemental analysis of the nitrogen content was done at the BioCIS —
UMR 8076, Service Chromato-Masse Microanalyse, Faculté de
Pharmacie, Université Paris- Saclay (vario EL cube, Elementar).
Briefly, 1 mg of dry specimen was weighted at least twice in tin
vials. The tin vials were consequently warmed at 900°C under
oxygenated atmosphere for combustion of the specimens and the
gases reduced on copper. The H20, CO2, N2 and SO were
consequently collected and quantified via Helium chromatography
for calculation of the mass percentage of C, H, N and S respectively.
Three set of samples were analyzed (n>3 for each formulation): (i)
two different batches of freeze-dried PUDNA (non coated, negative
control); (ii) freeze-dried 1 mg/mL PUDNA scaffolds coated with 1
mg/mL bovine collagen (PUDNA SFD); (iii) PUDNA scaffolds
coated with 1 mg/mL rat tail collagen after double freeze-drying
(PUDNA DFD).
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Mechanical characterization

The Young’s modulus of immersed coated and uncoated PUDNA
gels was studied by nanoindentation (PIUMA Nanoindenter,
Optics11Life, Amsterdam, Netherlands). The equipment was
connected to a Dino-Lite digital microscope to allow the proper
placement of the probe on the scaffold surface. A spherical probe
with 0.45 N/m of stiffness and a tip radius of 103.5 um was used.
Samples were hydrated in PBS 1X for different time points and the
tests were performed in immersion at RT in nanoindentation control
mode. Each specimen (n>3 for each formulation and time point) was
analyzed by a matrix scan of 3x3 points with displacements Ax and
Ay of 25 pm), with a total of 9 measurements per sample. The
Young’s modulus was calculated using the Hertzian model, with
3000 um of maximum indentation depth and a Poisson’s ratio of 0.5.
The data analysis was performed using DataViewer V2.4 software

and GraphPad Prism 7 was used for statistical analysis.
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Optimization of scaffolds preparation for

nanoindentation

The standard technique to avoid the floating of the samples consists
of using a melted agarose stand on which the samples is glued
(Figure 4.6A).

A. B.

A\
Agarose stand  Embedded sample Agarose stand Embedded sample
(even) (uneven)

\ Sample

Parafilm frame

4+ Tape

Parafilm frame  Embedded sample
(even)

Figure 4.6. Optimization of scaffold preparation for nanoindentation tests. a. Standard
agarose embedding of the sample, example of even sample surface. b. Standard agarose
embedding of the sample, example of uneven sample surface. ¢. Optimized sample
preparation consists in using a parafilm frame (left: side view, right: top view). Created with

Biorender.com.

Here, a solution of 6% agarose (UltraPure™ Agarose, 15510-027,
Gibco™, Thermo Fisher Scientific, MA, USA) in distilled water was
heated in a microwave for 1 minute and then a small drop of the
melted solution was poured onto a Petri dish and the scaffold was
placed on the agarose while still viscous [344]. After the agarose
solidification, the sample remained glued to the stand and could be

submerged by the media for the tests. However, the technique was
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mainly limited by the difficulty of spreading a layer of agarose with
uniform thickness and placing the sample manually to have a flat
surface, with the consequence of having uneven sample position, that
hampered the mechanical tests (Figure 4.6B). To overcome this
drawback, samples were prepared by cutting 3x3 cm parafilm pieces
and punching them in the middle with a 5 mm puncher. The samples
were then place in the center of the Petri dish and layered with the
parafilm frame, after making sure the hole was matching the sample
surface. The medium was added after taping the parafilm to the Petri
dish to avoid any floating of the scaffolds during the tests (Figure
4.6C).

4.3. Results and discussion
4.3.1. Standard vs optimized TCFD protocol
Optimization of hydrogel thickness

For the standard fabrication process, two silicon spacers with a
nominal thickness of 0.35 mm were used. Due to hydrogel swelling
during the washing steps, the final thickness of dry freeze-dried
scaffolds resulted to be 1.45 mm + 0.235 mm (n=10), thus about
twice thicker than the nominal spacers thickness. Since the channels
were placed in the middle of the matrix, the use of thick scaffolds
(with thickness increasing after hydration) hampered optimal

imaging of the scaffold’s depth by optical and confocal microscopy.

To overcome this drawback and fabricate thinner gels, the fabrication
setup was modified and optimized. Though the hydrogels thickness
could be modulated by changing the fabrication protocol, notably the
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washing solutions and timing, here we decided to modify the spacers,
whose thickness determines the nominal thickness of the hydrogels
and the freeze-dried scaffolds (Table 4.4). Despite a wider choice of
thicknesses, the SEFAR NITEX, a nylon woven filtration tissue, was
excluded due to difficulty in handling and keeping the spacers in
place during the hydrogel fabrication. Among the thinner materials
tested, chemical paper and Parafilm® were selected because stiffer
and easier to handle while, although very thin, colored tape was
excluded to avoid release of glue and dye during the process.
Parafilm® also presented the advantage of being sticky so the spacer
could easily adhere to the glass slide during the molding process and

remain in place.

Results from the fabrication process by using Parafilm® spacers
showed the crosslinked gel were extremely thin and the bathing step
before punching easily caused the thin gel layer to break (Figure
4.7A). Gels after the final washing steps resulted to be easily
breakable and difficult to manipulate but they remained intact and
thin (Figure 4.7B). However, the main drawback in producing thin
scaffolds was the freeze-drying process with standard protocol,
during which, after one hour of freezing, the gels resulted to be dried
and shrunk (Figure 4.7C). On the contrary, the fabrication
performed with chemical paper (nominal thickness of 0.23 mm) as
spacer material showed that the paper deformed easily and often
broke once wet, but the hydrogel slab was easy to manipulate and
easy to cut. Figure 4.7E shows freeze-dried scaffolds produced by

using chemical paper: in this case, the standard freeze-drying
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protocol was effective. Intact scaffolds with a thickness of 0.71 mm
+ 0.077 mm (n=10) could be fabricated, thus reducing the initial
thickness by one-half.

Figure 4.7. Comparison of hydrogels produced by using different spacer materials. Top
(A-D): images of the fabrication process with Parafilm® spacers. (A) Molding, (B) washing,
(C) freeze-drying with standard cycle and (D) freeze-drying with optimized cycle. Bottom
(E-F). Image of scaffolds produced with chemical paper spacers. (E) freeze-drying with
standard cycle, (F) freeze-drying with optimized cycle, (G) confocal image (Tile scan 4X4,
10 % overlap) and (H) SEM image of the channels within scaffolds produced with chemical

paper spacer (top and side view respectively) with optimized freeze-drying. Scalebar 500

um.
Confocal analysis of FITC-Dextran modified PUDNA hydrogels
produced by using 0.23 mm thick spacers confirmed that the
channels within the scaffold could be easily identified and visualized
and SEM images of the cross-section confirmed the channels were
embedded within the matrix (Figure 4.7G and H).

Optimization of freeze-drying protocol for thin gels

Freeze-drying technology is based on three main steps, notably
freezing, primary and secondary drying. During the freezing step, the

samples were loaded and cooled down by mechanical refrigeration to
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a temperature lower than the triple point of the hydrogel. Large and
thin containers were chosen to ensure optimal sublimation and
temperature transmission to the samples. Calibration of freezing
parameters is the most critical step to have proper freeze-drying.
During primary freeze-drying, the sublimation of water in form of ice
crystals occurs under vacuum. Then, secondary drying is performed
to have final solvent evaporation with increase of temperature up to
RT and further pressure decrease [288,345]. Figure 4.7A shows the
typical FD graph obtained from standard cycle for thick samples,
where the green and black curves represent the probes temperature,
i.e., the products temperature. It can be noted the occurrence of the
two main steps of the FD process, displayed as positive and negative
peaks (yellow and purple circles) and corresponding to the water
crystallization during the freezing and to water sublimation during
primary drying, respectively. As it can be seen in Figure 4.8B, these
steps did not occur during FD of thin samples with standard FD

protocol.
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Figure 4.8. Freeze-drying curves from standard and optimized protocols. (A) Standard
freeze-drying curve for thick hydrogel formulation. (B) Standard freeze-drying results to be

ineffective for thin samples. (C) Optimized freeze-drying for thin samples.

We believe that this behavior might be due to suboptimal freezing
temperature and rate. Cooling down at -20°C resulted to be not
sufficient to attain the triple point, resulting in scaffolds undergoing
melting rather than sublimation during the drying phases. In fact, the
final products appeared to be transparent, with no porosity and
important structure shrinkage and collapse. Moreover, the use of high
freezing rates has shown to form small and numerous ice crystals,
with consequent modification of final scaffold porosity and

architecture, notably leading to reduced pore size and overall
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porosity. This strategy could thus prevent the formation of big
crystals, that could cause structure collapse during drying. Although
the formulation of thick and thin scaffold was the same, the
hydrogels thickness caused an important difference in temperature
transfer and freezing process. In fact, the cycle resulted to be
effective for thick and intermediate samples (from silicon and
chemical paper, respectively) while a further decrease of thickness
resulted in ineffective FD. For production of thin samples, we have
thus decided to optimize several parameters for both freezing and
primary drying, notably freezing temperature and slope and drying
slopes. Freezing temperature was modified from -20°C to -30°C and,
although AT was kept constant at 35°C, loading temperature of the
samples was switched from 15°C to 5°C, increasing the freezing rate
from 0.1 to 0.5°C/min. thus, also the time of freezing was much
shorter for the optimized protocol. Figure 4.7C shows the modified
cycle curves for thin samples: the water nucleation peaks appear in
the graph after about 2h while with standard protocol the
phenomenon occurred after ca. 4h, confirming the proper response of
the samples to higher freezing rates and water crystallization.
Moreover, scaffold shrinkage and collapse were prevented during
primary drying by keeping a constant low drying rate of 0.1°C/min
during the whole phase while pressure was kept at 0.05 mbar as per
standard protocol. Finally, pressure was further decreased to 0.001
mbar during fast secondary drying for 1h, as lower pressures ensure
higher sublimation rate, thus reducing the moisture content [345].

Results showed the optimized protocol was effective for freeze-
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drying of thin scaffolds produced by using chemical paper and
Parafilm® spacers, with formation of pores and maintenance of
scaffold shape and stability (Figure 4.7D). Scaffold thickness
measurements conducted on dry specimens after freeze-drying were
performed by using an electronic caliper (n = 10). Thickness
measurements showed that optimized FD cycle led to a scaffold
thickness (reported as mean + SD) of 0.81 + 0.12 mm and 0.33 =
0.073 mm for chemical paper and Parafilm® spacers respectively
(Figure 4.9). For the thinnest scaffolds produced using Parafilm®,
the thickness resulted more than four times reduced compared to
initial silicon spacer values (1.45 = 0.24 mm). These results
confirmed the possibility to freeze-dry thin scaffolds by properly
modifying the process parameters without hampering their structural

properties and stability.

Although useful for some membrane-based applications, the use of
thin gels containing channels was however hampered by the channels
localization. In fact, in thin scaffolds produced from Parafilm®, most
of the channels resulted to be on the surface of the constructs rather
than placed within the middle of the gel. This was due to the slight
displacement of suture filaments under the hydrogel weight during
the pouring and molding steps, with consequent formation of open
channel geometries. Therefore, scaffolds produced by using
intermediate spacers thicknesses (0.2-0.25 mm, as for chemical

paper) were preferred and freeze-dried by optimized cycle.
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Figure 4.9. Comparison of scaffolds thickness obtained with different freeze-drying
(FD) cycles for silicon, paper and parafilm spacers. Statistical analysis between 2 groups

performed with unpaired t-test, *: p-value<0.05, ****: p-value<0.0001.

Selective collagen coating

Selective collagen coating within the molded microchannels was
achieved by deposition of bovine collagen with concentration of 1
mg/mL and subsequent neutralization by PBS at pH 7.4 in non-
porous PUDNA hydrogels prior to freeze-drying. The neutralization
step normally entails a self-assembly process of collagen monomers
in organized fibrils [342]. After freeze-drying, the surface of coated
scaffolds appeared to be more compact and covered with a white
layer, indicating occurred collagen deposition (Figure 4.10A). The
influence of collagen in the physicochemical and mechanical

properties was also assessed, as discussed in Section 4.3.2.

Detection of selective collagen coating within the microchannels was
performed by either fluorescent imaging of Sirius red or by second
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harmonic generation (SHG). Sirius red is an azo staining molecule
widely used in histochemical staining and quantification of collagen
by brightfield imaging, fluorescence or polarization techniques
[297,346]. Sirius red staining was performed on both non-coated
PUDNA scaffolds, as negative control, and collagen-coated
specimens, where PUDNA was additioned with FITC-dextran for
channels visualization. After rinsing of the dye, the non-coated
samples turned the original color while coated PUDNA scaffolds
retained the red coloration. Fluorescent imaging confirmed the
presence of collagen distribution along the microchannels for coated
scaffolds compared to the negative control (Figure 4.10B and C).
The absence of collagen staining outside the channels confirmed the
selective coating of PUDNA inner structures. Further investigation of
the collagen structure was carried out by SHG analysis. SHG is a
powerful imaging technique for studying collagen distribution and
organization in native tissues as well as in engineered constructs and
it has been applied to study cancer development and tissue repair,
phenomena in which the ECM remodeling plays a fundamental role
[347-349]. Based on multiphoton microscopy principles, SHG is a
label-free nonlinear method based on the second-order polarization
of materials: by using near-infrared excitation lasers, SHG is a
coherent technique, meaning the signal depends on the orientation
and order of the molecular and supramolecular structures compared
to the laser directionality. Therefore, to generate a second harmonic
signal, highly organized hierarchical harmonophores are required.

Apart from collagen type | and 1l, SHG has been used successfully
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only to image a reduced number of biological structures, such as
myosin and microtubules [350,351]. The main advantages of SHG
compared to other imaging techniques are that no staining is needed
for visualization of collagen, with consequent no phototoxicity and
bleaching, the capability of imaging thick samples due to intrinsic

optical sectioning and increased resolution.

Images of the PUDNA scaffolds in wet state were taken under tile
scan and z-stack modes, with tiles overlap of 10% and 5 um-thick
slices. Results showed a uniform distribution over the entire channel
length and formation of a thin collagen coating within the
prepatterned microchannels (Figure 4.10D-F). However, no fibrillar
distribution was noted and collagen was mainly deposited in the form
of small aggregates. This result could be related to the fact the
collagen was deposited onto the hydrogel structure with no formation
of a covalent bonding with the PUDNA due to the absence of
functional surface groups. Also, deposition and neutralization at 4°C
could prevent collagen dissolution. However, we believe that the
final collagen form was mainly due to the collagen source. In fact, a
soluble collagen formulation rather than a fibrillar one was chosen,
thus the self-assembly of collagen fibrils could be hampered as
coating with alternative sources of fibrillar type I collagen performed
by our group have shown formation of organized collagen fibers on
the surface of the devices (data not shown). Future improvements of
the coating strategy might thus consider the use of fibrillar collagenic
sources and evaluate their impact on the final coating form and on

cellular response and interaction with the biomaterial. Nevertheless,
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our results showed homogeneous distribution over channels with
several mm length and in vitro tests further confirmed the successful
coating activity, as will be presented in Chapter 5.

FITC Sirius red

Fluorescence
>
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@
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Figure 4.10. Fluorescent and SHG imaging of selective collagen coating. (A) Coated
PUDNA scaffolds after freeze-drying. (B, C) Fluorescent imaging. Scaffold coloration after
the last washing from Sirius red (left) and confocal imaging of FITC scaffold (green, center)
and Sirius red (red, right) for control and coated PUDNA, respectively. (D-F) SHG imaging:
(D) channel cross-section shows the presence of a thin and homogeneous distribution of
collagen along the channel walls, (E) maximum intensity projection of the channel coating

and (F) 3D rendering of collagen distribution within the channel. Scalebar 100 pm.
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4.3.2. PUDNA scaffold characterization
Physical properties
a. Porosity

Porosity is an essential parameter of constructs for TE since the pore
micro and microarchitecture, alignment, volume, interconnection,
shape and roughness determine cellular adhesion, orientation,
proliferation and behavior. Porosity calculation can be done by
several methods [352]. Particularly, SEM image analysis has been
widely used for estimation of porosity but critical aspects as sample
sectioning, long post-processing time and operator intervariability
hamper the establishment of reliable protocols. Here, we used water
sgueezing method to estimate the volume occupied by the
macropores, as previously reported in literature [343]. The technique
is based on the assumption that the physiological medium (PBS, in
this case) that can be squeezed out from the construct corresponds
the volume occupied by the macropores. Although other techniques,
as microcomputed tomography, allow for a more accurate estimation,
water squeezing offers the advantage of fast sample preparation and
data analysis and results conducted by different operators showed
low variability. PUDNA scaffolds produced with different
formulations were analyzed, notably: (i) PUDNA fabricated by
standard fabrication protocol, comparing different batches for
assessment of porosity reproducibility; (i) PUDNA with different
crosslinking degrees (from 100 to 500 mg of STMP); (iii) PUDNA
with varying concentration of NH> (from 25 to 100%) and (iv)
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collagen coated PUDNA produced by optimized fabrication protocol.
Data from classical PUDNA formulations showed average porosity
values ranging from 30% to 40% depending on the batch. However,
no statistically significant differences were found, confirming the
reproducibility of PUDNA physical properties as well as the
accuracy of porosity estimation by water squeezing (Figure 4.11A).
Moreover, results are in line with previously reported data for the
same biomaterials in the wet state [353]. Variation of porosity at
different crosslinking degrees was also studied in a first stage to
evaluate the suitable amount of STMP crosslinker for scaffold
fabrication. As expected, higher porosity rates were found for low
and intermediate crosslinker quantities (from 100 to 300 mg) while
porosity tended to drastically decrease for increased amounts of
crosslinker (Figure 4.11B). The behavior can be attributed to an
increase of the crosslinking extent with increasing STMP
concentration, as previously reported by Lack et al. [354]. Though
high porosity is commonly preferred for TE applications and the use
of 1% (w/w) STMP led to a porosity of almost 70%, these scaffolds
presented impaired stability and difficult crosslinking due to the low
crosslinker amount and 3% (w/w) STMP was chosen for the
fabrication. Also, formulation of hydrogels including
diethylaminoethyl-dextran hydrochloride (DEAE-Dextran) were
initially investigated, by partial or complete substitution of dextran in
different percentages (from 25 to 100%). DEAE-dextran is in fact a
positively charged dextran formulation and its content of polycations

and ammine groups favor cellular adhesion [355]. Also in this case,
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several batches were evaluated. Although inter-batch variability was
noted, (Figure 4.11C), the trend was similar among the different
batches, with increasing porosity up to 36 and 38% for scaffolds
containing 75 and 100% DEAE-dextran respectively. The results
were however lower compared to not charged dextran and scaffolds
produced with DEAE-dextran resulted opaque and sticky due to its
formulation, with subsequent imaging and handling drawbacks.
Finally, a standard dextran formulation was chosen for PUDNA
fabrication. Three batches of collagen coated PUDNA scaffolds
produced by optimized freeze-drying were finally tested. Data
showed porosity percentages of 32.98 £ 0.37, 32.15 + 1.36 and 32.13
+ 4.90 for batches 1,2 and 3 respectively, with no statistically
significant differences among the different batches (Figure 4.11D).
The lower porosity percentage compared to standard protocols can be
related to lower freezing temperature and increased freezing speed
adopted for the optimized freeze-drying cycle, that have been
demonstrated to cause reduction of scaffold porosity, as detailed

above.
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Figure 4.11. Porosity data obtained by water squeezing method. (A) Five different
PUDNA batches, fabricated with standard fabrication and FD protocol. Porosity inter-batch
variations resulted to be not statistically significant (p<0.05, Kruskall-Wallis test). (B)
Porosity variation based on STMP content (from 100 to 500 mg): the variation over the 5
concentrations tested resulted to be statistically significant (**, Kruskall-Wallis analysis),
with p-value=0.0185. (C) Porosity variation based on NH2 content, for three different
batches. (D) Porosity variation for three different batches of PUDNA coated with 1 mg/mL
collagen, single freeze-drying. Porosity inter-batch variations resulted to be not statistically
significant (p<0.05, Kruskall-Wallis test).

b. Swelling

Swelling indicates the capability of the scaffold to absorb a liquid
and it influences the scaffold chemical, physical and mechanical

properties before and after implantation and, thus, the cellular
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Figure 4.12. Swelling ratio of PUDNA hydrogels over a 7 days study. (A) Swelling trend
between 0 and 168 hours, reported as average value + SD. (B) Initial scaffold settling curves
reported for 5 samples in the first 3 hours of test. The baseline at 1 (no swelling) has been

reported as reference (green dotted line in both the graphs).

Results from swelling tests showed that the maximum water uptake,
with a swelling ratio varying from 10 to 14 depending on the sample
and average of 11.98 * 1.37, occurred already 30 minutes after the
initial incubation (Figure 4.12). This initial burst trend has been
previously shown in porous scaffolds swelling and can be
reconducted to immediate water uptake and scaffold structure
settling before reaching a plateau. The swelling stabilized over time
after the first 2 hours and remained constant during 1 week of testing,
with final swelling rations between 11 and 12.5m with a mean value
of 12.02 £ 0.64. Values are coherent with previously reported data
for PUDNA constructs [356]. These data indicate the constructs have
the capability to rapidly absorb medium after hydration, confirming

their suitability for in vitro studies, during which cellular adhesion on
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a substrate normally occurs in the first 30 minutes after seeding, as
well as for in vivo implantation. Moreover, swelling of the construct
IS an important parameter to know in order to adapt the scaffold final
size to the host defect area. The preservation of a similar swelling
ratio over time for each gel indicated that the saturation point of the
water uptake capability was reached and that the scaffold stability
over time under hydration was maintained, without substantial

weight loss.

Chemical properties

Fourier Transform Infrared spectroscopy (FT-IR) was utilized to
detect the functional groups of PUDNA scaffolds and the eventual
presence of collagenic units after the coating. To this aim, FT-IR
spectra of bovine collagen, PUDNA produced by standard
fabrication protocol and coated PUDNA were collected and
investigated (Figure 4.13). Typical collagen peaks were visible in
the bovine collagen FT-IR spectrum. Particularly, the collagen
protein structure is characterized by the presence of amide I, 11 and
[l bands, 1650 cm ™2, 1550 cm™* and 1230 cm™?, respectively.
Moreover the amide A broad band, representing NH stretching and
located at (3360—3320 cm™?) for bovine-derived collagen could also
be observed [357-360].
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Figure 4.13. FT-IR spectra of PUDNA and coated PUDNA. (A) FT-IR spectrum of
lyophilized bovine collagen, concentration of 1 mg/mL. (B) FT-IR spectrum of bare

PUDNA and (C) FT-IR spectrum of PUDNA coated with 1 mg/mL bovine collagen.
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For both the PUDNA spectra (coated and uncoated), a broader band
could be observed in the 3000-3600 cm™, compared to the collagen
spectrum. This feature can be ascribed to the OH stretching mode
typical of water, confirming the trend of PUDNA biomaterial to
easily absorb and retain water, as typical of hydrogels [361].
Uncoated PUDNA spectrum peaks showed a carbon-hydrogen (C-H)
stretching bond at 2927 cm™ and stretching vibration of -O-C-O-
group at 1648 cm™. Peaks at 1357 cm™ and 1141 cm™ could be
assigned to -C-O-H- bend and -C-O-C- stretch respectively. The
absorption band at 850 cm™ also appeared, corresponding to the
typical pullulan glucose units while peaks at about 750 cm™ and 930
cm™ could be ascribed to the o-(1,4)- glycosidic bond and a-(1,6)
units [335,362]. For collagen-coated PUDNA scaffolds, the band at
3300 cm™ became even broader due to interaction between amide A
band of collagen with the PUDNA hydroxyl components. Peaks at
1421 cm™ and 1234 cm™ could be ascribed respectively to
interaction of the scaffold with amide Il and 111 of collagen. Finally,
the band of PUDNA at 1141 cm™ shifted and increased in intensity
and the band at 1014 cm™ was ascribed to C¢-OH bond stretching
vibrations [362,363]. Nevertheless, analyses on FT-IR data were
difficult due to the small amount of collagen within the PUDNA
formulation and to the absence of literature. Though the presence of
collagen was confirmed by other methods, further FT-IR analyses on
PUDNA scaffolds containing higher amounts of the protein should

be conducted in the future.
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To further evaluate the presence of collagen within the coated
PUDNA hydrogels, elemental analysis studies were conducted for
nitrogen quantification. Bare PUDNA formulations were compared
to collagen coated scaffolds produced by either single or double
freeze-drying. Results showed that nitrogen content was respectively
0.035% + 0.028 and 0.04% + 0.027 for PUDNA and single FD coated
PUDNA, meaning no collagen could be detected in coated
formulation (Figure 4.14). Double FD method gave a higher
nitrogen content, of 0.095 % + 0.021, however with no significant
statistically difference compared to the other samples. This result can
be reconducted to the difference in the coating area when performing
single and double freeze-drying. In fact, during single freeze-drying,
the gel is coated when its structure is not porous, thus the collagen
coating results to adhere mainly to the empty channel and the gel
surfaces. On the other hand, during double freeze-drying protocol,
the collagen is performed on porous scaffolds, thus meaning collagen
can penetrate within the pores in addition to external surfaces and
internal patterns. This could explain the increase of nitrogen amount
in double freeze-dried scaffolds. Also, since with double freeze-
drying protocol the scaffold is coated starting from a dry state, this
could ensure a higher uptake of the collagen protein. However, due
to the small quantity of collagen retained during the coating, its
presence was assessed by other technigques, mainly imaging of
collagen structure, mechanical characterization (Figure 4.10 and
4.15, respectively) and in vitro cellular adhesion, discussed in
Chapter 5.
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Figure 4.14. Nitrogen content of PUDNA and PUDNA-coated scaffolds. column bar
graphs for PUDNA non coated, PUDNA coated and single freeze-dried (SFD) and PUDNA
coated and double freeze-dried (DFD) show the nitrogen content (Mean + SD). Statistics
were performed with Kruskal-Wallis test for three groups comparison and Kolmogorov-
Smirnoff tests for each two groups comparisons (p-value < 0.05). Not statistically

significant differences were found.

Mechanical properties

Mechanical tests were performed by nanoindentation of samples in a
wet state, after hydration in PBS 1X. The Young’s modulus was
calculated by using Hertzian contact model, commonly adopted for
soft biomaterials [364-366]. Hertz model is based on the assumption
that the material behaves as a purely linear elastic and the ratio
between the stress and strain is calculated by fitting the loading
indentation curve (Figure 4.15A). The model can be used for a
spherical tip when the indentation depth is smaller than its radius
[367], prerequisites that were satisfied in the experimental setup
used. PUDNA scaffolds produced by either standard protocol and
after collagen coating followed by single freeze-drying were

analyzed.
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Results showed that the Young’s modulus of bare PUDNA was of
16.04 kPa £ 2.76 kPa while collagen-coated scaffolds showed a
higher value, of 19.51 kPa + 4.27 kPa (Figure 4.15C).
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Figure 4.15. Mechanical characterization of PUDNA scaffolds. (A) Typical load curve
for hydrated PUDNA scaffolds: the Young’s modulus is calculated from the fit of the
loading curve (red line). (B) Typical indentation curve showing the cantilever displacement
and the indentation depth. (C) Young’s modulus of non-coated and coated PUDNA
scaffolds (Mean + SD, p-value of 0.0105 calculated with unpaired t test with Welch’s
correction). (D) Variation of PUDNA coated Young’s moduli within the first 72 hours of
hydration.

Different mechanical properties have been reported for pullulan-
based scaffolds in literature, depending on the application and on
which other materials it was combined with. For instance, pullulan-
based hydrogels engineered for wound healing showed a tensile

strength ranging between 0.3 and 1 MPa based on the crosslinker
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[368]. In another study, electrospun scaffolds composed of STMP-
crosslinked pullulan and cellulose acetate were investigated for bone
TE application [369]. The elastic modulus from compression tests of
the formulation containing the highest pullulan amount (80%) was of
about 3 MPa, from tensile tests was of 5 MPa while tensile strength
was of 0.34 MPa. Scaffolds composed of oxidized pullulan and
crosslinked collagen showed a tensile strength between 0.1 and 0.2
MPa while compression tests of methacrylated pullulan crosslinked
by PEGDA and produced by 3D printing for culturing of stem cells
revealed an elastic modulus between 1.5 and 2.5 kPa depending on
the crosslinker concentration [370,371]. Interestingly, PUDNA gels
produced by using NaCl as porogen agent and used for 3D culture of
hepatic organoids were characterized by bulk dynamic mechanical
analysis (DMA) and resulted in a storage modulus of 5 kPa [356].

Young’s modulus of pure collagenic scaffolds is below 1 kPa
[372,373], although values can vary depending on the crosslinking
method, while a tensile modulus of 50 kPa has been reported for
crosslinked and freeze-dried bovine collagen scaffolds [374].
Moreover, at the nanoscale level, collagen fibrils have a modulus of
several GPa [342,375]. In general, results for stiffness values
obtained with nanoscopic techniques, as atomic force microscopy
and nanoindentation, show much higher values due to the intrinsic
difference of materials response at small scales compared to bulk
characterization [376]. Highly organized hierarchical structures as
collagen also show higher stiffness at the nanoscale compared to
other ECM components, as elastin or fibronectin. This can thus
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explain the increase of Young’s modulus in our coated PUDNA gels
at the surface compared to bare PUDNA. Assuming a selective
collagen coating of single freeze-dried PUDNA scaffolds, as verified
by SHG analysis, the value of elastic modulus found at the surface
can be considered representative of the channels mechanical
properties, where cells would adhere. These findings about the
stiffness of the substrates at the nanoscale are useful to evaluate their
suitability for cellular adhesion and response to local mechanical

cues.

Although many soft tissues have been reported to have a Young’s
modulus below 10 kPa (for instance, 1-3 kPa for the brain, about 4
kPa for liver and kidney), many tissues show a stiffness of tens of
kPa, such as the cardiac muscle, the spleen or the thyroid [377]. To
make a comparison, polystyrene dishes normally used for 2D cell
culture have an elastic modulus of about 1 GPa [378], thus 6 order of
magnitude higher than PUDNA. However, a comparison becomes
difficult as most of the data reported in literature for tissue were

obtained from macroscale investigations.

We also studied the evolution of mechanical stiffness up to 3 days of
immersion in PBS for collagen coated scaffolds. In contrast to
swelling data, that stabilized within the first hours of immersion,
Young’s modulus of hydrated samples continued to decrease over
time, being 14.99 kPa + 2.07 kPa and 11.77 kPa + 1.45 kPa after 48
and 72 hours respectively (Figure 4.15D). This discrepancy
compared to swelling trend can be explained referring to the different

scale the two tests refer to. For swelling tests, the sample at the
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macroscopic scale is analyzed and the ratio is calculated from a
difference in weight. Thus, at the macroscale, no significant
differences are noted over time. Nanoindentation works rather at the
nanoscale, investigating the first few microns of the scaffold’s
surface. Therefore, variations that are not observed for bulk
evaluation become evident at smaller spatial scales, although other
techniques are available for bulk characterization of mechanical
properties, such as tensile and compression tests, as previously
discussed [379]. Though nanoindentation results are not necessarily
representative of the bulk properties, as seen in [356], it is interesting
to note the decrease of stiffness during the first days, probably due to
continuous settling of the hydrated scaffold at the nanoscopic level
rather than to degradation, a property that should be taken into
account when studying the matrix-cellular interactions. Further
studies should be conducted to homogenize and correlate results
derived from mechanical analyses at different scales and to evaluate
the long-term variation of the scaffolds mechanical properties in

vitro.

4.4. Conclusions

Here, the fabrication and optimization of porous biopolymeric
scaffolds patterned with tubular microchannels was presented. We
have firstly introduced the concept of tissue engineering and
discussed the types of biomaterials available, their properties and the
main fabrication strategies for porous constructs. We have thus

focused on patterning techniques for scaffolds with specific
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applications. Then, we have presented the design of a porous
pullulan-based (PUDNA) scaffold patterned by means of subtractive
templating. A custom-made molding setup was designed and
engineered. Optimization of standard fabrication protocols was
proposed, with a focus on production of thin scaffolds for optimized
imaging and selective collagen coating for cellular adhesion within
the microchannels. Complete characterization of the final constructs
was also presented and discussed, with main interest to short-term
evaluation. In this context, morphological, physical, chemical and
mechanical studies were conducted and different scaffold
formulations compared, mainly to evaluate the successful
optimization in comparison to standard production methodology.
Results showed the possibility to produce thin constructs by
modification of freeze-drying parameters and to selectively coat the
inner scaffold surfaces. Physical studies revealed good degrees of
porosity and swelling and, although addition of small amounts of
collagen did not induce an evident chemical modification with the
methods proposed here, its presence was confirmed by imaging
techniques and mechanical tests. Stiffness at nanoscale was
investigated by nanoindentation and results compared to current
literature. After validation of the constructs for their use as TE
substrates, Chapter 5 will focus on their use in vitro for building of a

vascularized model.
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5. Application of polymeric
scaffolds to build an in vitro

vascularized model

The introduction to this chapter is partially based on the following work:

A. Dellaquila, C. Le Bao, T. Simon-Yarza, and D. Letourneur. In Vitro
Strategies to Vascularize 3D Physiologically Relevant Models. Advanced
Science, 2021. DOI: 10.1002/advs.202100798.

Adapted with permission, Copyright © 2021 by the Authors.
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STATEMENT OF SIGNIFICANCE
Cells in human tissues have been demonstrated to be located
within 200 um from the blood vessels to ensure proper nutrients
supply, gas exchange and wastes removal. The design and
fabrication of constructs for tissue engineering applications should
thus take into account this fundamental physiological feature and
integrate vascular networks in vitro. Although avascular matrices
are generally vascularized by the host tissue after implantation in
vivo, prevascularized models offer several advantages and reduce
the risk of failure. This chapter describes the use of 3D patterned
polymeric scaffolds as substrates for in vitro engineering of

functional vascular microchannels.
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5.1. Tissue engineered models of functional endothelium

In physiological conditions, the tissues of the human body are
vascularized thanks to an abundant network of blood vessels, known
as the vascular network. Human vasculature has essential biological
functions, such as nutrients and gas exchange, metabolic waste
removal and homeostasis maintenance[380,381]. Its role is
fundamental at the macro as well as at the microscale, where a
diffusion limit of oxygen and nutrients has been reported to be
around 200 um, meaning that the cells located farther from a
capillary undergo hypoxia and apoptosis [26,382]. Thus,
vascularization plays a pivotal role in achieving physiologically
relevant tissue and organ substitutes for tissue engineering and
regenerative medicine applications. Despite the unprecedent
advancements of tissue engineering in the last decades, the
integration of a functional vascular network in tissue constructs prior
to implantation still represents a challenge that hampers an efficient

and fast scale-up towards the clinical application.

The majority of current approaches in regenerative medicine still
relies on implantation of constructs and subsequent in vivo
vascularization from the host tissue; they can be classified as post-
vascularization strategies (Figure 5.1A). The scaffold can be
implanted either directly after the manufacturing process, as
acellular, or after seeding with relevant parenchymal cells for the
tissue that needs to be regenerated and their culturing in vitro. In the
first case, although the scaffold can be bioactive, thus loaded with

vascular growth factors or molecules to induce vascularization, it
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does not include any cell type, thus not providing any biological cue.
This often leads to suboptimal scaffold integration and degradation,
with preferential formation of scar tissue at the interface (tissue
repair) rather than functional regeneration of the host tissue [383].
However, they are available off-shelf, with commercial products
already on the market, and they have low immunogenicity. On the
other side, the use of cellularized scaffolds built with relevant cell
types has shown advantages in terms of tissue regeneration due to the
active interaction between the implanted cells and the injured area
[384]. Nevertheless, the host tissue takes a relatively long time to
vascularize the implanted construct, thus meaning that cells within
the scaffolds would lack nutrients and perfusion especially in the
inner matrix area. This would eventually lead to formation of a
necrotic core that would hamper the proper scaffold functioning over
time. This drawback becomes particularly relevant for thick

cellularized constructs, as the angiogenesis in vivo would take longer.
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Figure 5.1. Vascularization strategies in TE. (A) Post-vascularization strategies can
involve the direct implantation of acellular constructs (left) or cellularized constructs
containing parenchymal cells (right). (B) Pre-vascularization approach is based on

integration of vascular cells during the in vitro culturing for formation of a vascular network
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prior to implantation. (C) Prevascularization approaches by conventional fabrication
methods: (i) spontaneous network assembly; (ii) prepatterning of microchannels within the
scaffold; (iii) formation of large tubular scaffolds for TEVG applications. Created with

Biorender.com.

Therefore, in bioengineered models, the presence of vasculature
would ensure the proper exchanges, preventing cellular death in
constructs thicker than 200 pum and contribute in mimicking the
tissue physiology and cell microenvironmental cues. Overall, a
functional capillary network would allow for a long-term
maintenance of the construct in terms of viability, morphology and
functionality. Furthermore, organ-specific vasculature has shown to
strongly affect the behavior of the parenchymal cells and to drive
organ-related biological events [385]. Vasculature plays a key role
also in many diseases, such as cancer metastasis, atherosclerosis or
tumor angiogenesis [386]. For in vitro studies, the use of
prevascularized models could give more realistic insights of human
response to drug testing, toxicology assays or in pathological models
[387]. In regenerative medicine, the implantation of prevascularized
constructs compared to constructs that spontaneously vascularize in
situ would enhance the grafting to the host tissue and fasten its
regeneration. Moreover, although the successful implantation of thin
constructs like skin has been reported, the formation of abundant and
functional vascular network is a key prerequisite for the generation
of thick and metabolically active organs, such as liver, heart, or
kidney [381] (Figure 5.1B). In fact, the host vasculature needs time
to integrate and vascularize the implanted tissue and the use of

avascular scaffolds is inefficient due to the impossibility to be
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instantly perfused. The implantation of prevascularized scaffolds
would thus represent one of the most favorable strategies for

regenerative medicine purposes.

Many efforts have been conducted over the past years to build three-
dimensional (3D) physiologically relevant models that could fully
recapitulate the tissues and organs functioning. As depicted in
Chapter 4, TE has thus developed a plethora of 3D cell culture
constructs, that have proven to be more physiologically relevant
compared to traditional 2D cell culture, providing accurate results in
biological studies, such as in vivo-like cell viability, morphology,
differentiation, and proliferation, as well as cellular response to
stimuli, protein synthesis, and drug metabolism [388]. In recent
decades, researchers have thus moved from culturing of single cell
types on flat and rigid substrates, to the co-culture of cells, first in 2D
(i.e., Transwell® systems) and later in 3D, with the introduction of
spheroids and organoids models. Complex physiological conditions,
such as blood flow, oxygen gradients or mechanical stimuli, can be
mimicked nowadays by using microfluidic devices. In parallel, new
biomaterials have been developed to mimic the cell niche by means
of 3D scaffolds with tunable physical-chemical and mechanical
properties [353,356,389]. Recently, these in vitro models have often
adopted the emerging strategy of 3D bioprinting to engineer more
complex systems, eventually replacing the conventional fabrication
methods. The synergistic use of these technologies would allow for a
precise control of the cell culture conditions and the

microenvironment and it would represent a key strategy to engineer
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biostructures that mirror human tissues and organs while ensuring
high throughput, fundamental for their translation towards their
application in industrial and clinical settings. Nevertheless, lacking
or inefficient perfusion and vascularization remains one of the main
limitations of tissue engineered constructs as the need for
vascularization exists from the moment the tissue-engineered
constructs are assembled in vitro, to the moment when they are

implanted in a patient [390].

Physiological properties of the vascular network

The vasculature is a network of blood vessels consisting of the
arterial system, the venous system, and the microcirculation (Figure
5.2). The arterial system, composed of arteries and arterioles,
distributes oxygenated blood from the lungs while the venous
system, composed of veins and venules, returns low oxygenated
blood to the heart. Separating these two systems is the
microcirculation, where nutrients and cellular wastes exchange is
carried out by the capillaries. The distinct anatomy and size of the
blood vessels are dictated by the different physiological functions
they play. To withstand high blood pressures and shear stress, the
larger vessels, namely arteries and veins, are composed of three
layers. The external layer, called tunica adventitia, is mainly
composed of collagen and nerve fibers, with a protective and support
function. The middle layer, tunica media, is composed of smooth
muscle cells (SMCs) and elastic connective tissue, responsible for
vasodilation and vasocontraction. The inner layer, tunica intima, is

the lumen wall, lined with endothelial cells (ECs) and surrounded by
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a thin basement membrane, a 40-120 nm thick membrane mainly
composed of collagen type IV, laminin and other glycoproteins and
proteoglycans [320,391]. The arteries and veins are large diameter
vessels, ranging from 25 mm for the aorta and about 2 mm for the
pulmonary veins to hundreds of micrometers for the smallest arteries
and veins. While moving down into the vascular tree, the blood
pressure decreases and less elasticity is needed: that is why arterioles,
with a size of 10-100 um, are composed of the tunica media and
intima only and the capillaries (less than 5 um) are composed of a
single ECs monolayer. At the tissue level, the anatomy is extremely
complex: in healthy conditions, the capillary density is about 300-
400 capillariessrmm? in skeletal muscles and above 2000
capillaries/mm?in myocardium, brain, liver and kidney [392].
Furthermore, the surrounding parenchymal tissues are composed of
cells at high concentration, of about 10° cells/ mm?® [97,393]. Due to
its direct contact with blood, the endothelium participates in
numerous physiological functions including selective barrier
membrane, thrombosis prevention, blood pressure regulation, and
angiogenesis. Although ECs in different regions of the body fulfil
similar physiological demands, heterogeneity in their morphology,
function, gene expression, and antigen composition has been
reported [183,184]. Specifically, the morphology of the endothelium
varies to adapt to the specific functions of their underlying tissue, as
described in Chapter 3 (Figure 5.2B).
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Figure 5.2. Physiological properties of the vascular network. (A) Anatomical properties
and dimensions of the human vasculature. (B) Phenotypic heterogeneity of organ-specific

endothelium. Adapted with permission from [394].

Requirements for the fabrication of engineered vascularized
tissues

Based on the morphological and physiological aspects illustrated so
far, the engineering of functional vascularized constructs should

fulfill several parameters, summarized in Table 5.1.

Table 5.1. Design parameters for engineering vascular network in TE models.

Requirements Features Properties

Circular cross-section * Homogeneous cell seeding
e  Physiological shear stress
[395-397]

Morpholo .
P &y e Inclusion of other cellular

components to mimic
tunica media and
adventitia in big vessels

Multilayer structure

200



Mimicry of specific ECs

Endothelium functionality and
specificity [398] interaction with the
parenchyma
e  Mimic blood flow from
Branched and macro to microscale
multiscale [26] e large vessels for

Architecture anastomosis in vivo

e  Proper tissue functioning

Capillary and tissue
and mass transfer

density

e  Mimicry of basement
membrane for cellular
support and guidance

Integration of ECM
components [399—
403]

Microenvironment e  Recapitulation of blood

flow

e  Mechanical stiffness of the
substrate to reproduce the
parenchyma

Integration of cues
[377,404-407]

Prevascularization strategies for physiologically relevant 3D

models

TE prevascularization strategies can be classified into microfluidic
technology, 3D co-culture models, namely spheroids and organoids,
and 3D scaffolds. It is worth highlighting that some of these
approaches are used also as fabrication strategies for other models; in
particular, bioprinting is currently used for engineering microfluidic
platforms and 3D cell cultures and microfluidic devices have been
used for culturing and vascularizing spheroids and organoids, leading
to the raising of a new category of hybrid vascularization techniques.
The fabrication methods, their features, main advantages and

disadvantages are summarized in Table 5.2.
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3D scaffolds will be the main focus of this chapter and, as already
illustrated in Chapter 4, the fabrication strategies can be classified
into conventional methods and 3D bioprinting. We refer the reader to

the article [394] for a full overview of these methods.

Prevascularized 3D scaffolds by conventional and 3D

bioprinting strategies

Fabrication of prevascularized constructs can be achieved by
scaffold-based or scaffold-free strategies [408]. TE generally relies
on scaffold-based approaches, where the scaffold is used as template
to mechanically support and guide the growth of the vascular
network. These fabrication methods are described in detail in
Chapter 4. The in vitro model is built in a second step, after seeding
of the matrices with cells. Scaffold-based approach thus involve a
multistep production, with long and eventually laborious operations.
However, thanks to the advances in the manufacturing methods and a
wide choice of biomaterials, it offers high tunability over the scaffold
properties, with consequent possibility to control cellular behavior.
On the other side, scaffold-free approaches rely on assembly of
biological building blocks into relevant structures. Though scaffold-
free approaches normally refer to the 3D cell culture technology,
they have been achieved lately by bioprinting techniques, that have
been successfully used for direct printing of cells into organized 3D
tubular structures. The scaffold-free approach shows the advantage
that the cell seeding step is not needed, thus reducing the fabrication
timing. However, it suffers from important limitations, as limited

mechanical properties and resolution, difficulty in incorporation of
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molecules and time needed for constructs stabilization prior to
implantation [329,409].

Among the conventional fabrication methods for 3D patterned
porous scaffolds (see Chapter 4), freeze-drying and electrospinning
are the most widely used. Recent interesting works have been
reported about fabrication of vascularized constructs in vitro by
freeze-drying, achieved either within the porous matrix or by
integration of microchannels (Figure 5.1C). For instance, freeze-
dried RGD-modified alginate scaffolds were used to fabricate a
complex pathological model mimicking the breast tumor
microenvironment by integration of vascular and parenchymal cells
[410]. Here, the vascular network was created by spontaneous
assembly of endothelial cells within the porous scaffold. In another
work, spontaneous assembly of endothelial cells and myoblasts into
muscle bundles and vascular tubules respectively was achieved by
using microgrooved freeze-dried collagenic scaffolds [411]. The
strategy is limited however by the difficulty of spatially controlling
the vascular growth and building endothelialized perfusable lumens,
hampering the recapitulation of physiologically relevant vasculature.

Complex matrices were obtained by combination with other
technologies, as electrospinning or cell sheet engineering.
Particularly, electrospun TE models for vascularization are normally
produced in two different forms, i.e., tubular scaffolds or
nano/microfibrous mats. Tubular scaffolds, fabricated by collecting
the fibers onto rotating mandrels, find their main application in
TEVG since their diameter is generally in the mm range. The main
203
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advantage is that they show a multiscale architecture, that favors
cellular alignment at the microscale due to fibers orientation and
guides blood vessel regeneration at the macroscale due to
resemblance with the native geometry [302,412]. For smaller vessels
and capillaries, electrospun scaffolds in the form of oriented mats are
generally used.

Table 5.2. Fabrication strategies for each vascularized 3D model, comparison of their
properties and main applications. SL Soft lithography; T Templating; B Bioprinting; EB

Extrusion based; DB Droplet based; LAB Laser assisted; CM conventional fabrication

methods; Vat-P Vat photopolymerization. Adapted with permission from [394].
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Chapter 5. Polymeric scaffolds to build an in vitro vascularized model

In a recent work, electrospun fibrin scaffolds were used for skeletal
muscle TE [384]. Fibrin was spinned in the form of microfibers
bundle to mimic the skeletal muscle architecture and the construct
used in vitro for culturing of C2C12 muscle cells and HUVECs
mixed with adipose-derived stem cells (ASCs) for the vascular
component. The work showed the formation of functional contractile
myotubes in vitro and results in vivo indicated that C2C12-seeded
scaffolds led to a muscle regeneration compared to acellular
constructs and the implantation of pre-vascularized scaffold enabled
direct anastomosis with the host tissue and perfusion. However, the
presence of ASCs in vivo caused the formation of a wide collagen
boundary and reduced scaffold degradation and integration. In an
interesting work, a 3D vascularized liver scaffold was produced by
using PCL membranes [413]. Using a wet spinning method,
membranes containing hollow fibers (diameter of 1 mm) were
fabricated for the culturing of human hepatocytes in the extraluminal
compartments and HUVECs within the channels. The samples were
subject to perfusion at 0.5 mL/min in a custom-made bioreactor and
cultured up to 18 days. Results showed formation of a functional
hepatic module, with endothelial cells forming complete vessels and
expressing CD31 and hepatocytes showing active metabolism, with
synthesis of albumin and production of urea, and drugs excretion.
Moreover, an increased metabolism of the liver parenchyma was
noted in prevascularized constructs compared to hepatocytes

monocultures.
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As previously discussed, 3D bioprinting is nowadays the most used
technology for fabrication of prevascularized constructs thanks to the
great versatility of the fabrication techniques and materials, the
possibility to create and control complex geometries and finely tune
the scaffold parameters (Table 5.2). Because of the complexity of
the topic and the extensive research that has been done, we refer the
reader to comprehensive reviews [278,283,414,415]. Here, we
discuss some representative examples to illustrate the potential of
this technology for prevascularized TE. Among the different
bioprinting techniques, extrusion-based bioprinting is the most used
as it offers the possibility to print materials with a wide range of
viscosity, attain high cellular concentrations and thick constructs
[416]. This method consists in the extrusion of bioinks through
nozzles via a pneumatic system controlled by a computer for precise
path printing. The technology has been widely used for sacrificial
templating of vascular structures. In the work by Noor et al., thick
perfusable cardiac patches for personalized medicine were 3D
printed by extrusion sacrificial technique. The authors used
decellularized human omental tissue to produce a thermoresponsive
hydrogel. Using CT anatomical images of the patient and
computational simulations of oxygen diffusion, the vascular network
was designed. Omentum hydrogel mixed with cardiomyocytes was
printed to form the parenchymal tissue while printing of gelatin
mixed with endothelial cells and fibroblasts according to the
designed network was done to form physiological vasculature in

between the omentum matrix. After printing, the construct was
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incubated at 37°C for crosslinking and dissolution of the gelatin,
used as sacrificial material for the vessels formation. This way, thick
vascularized constructs of 7 x 7 x 7 mm could be engineered. In vitro
and in vivo studies confirmed the formation of vascular channels of
about 300 um in diameter, with fibroblasts exhibiting a lumen
supporting function, and of cardiac tissue. The authors also showed
the fabrication of human hearts at the small scale (20 x 14 mm).
Another interesting extrusion-based bioprinting technology for
creating vascularized constructs is coaxial bioprinting: by using
coaxial nozzles, the method allows for deposition of multimaterial
structures in a concentric geometry [417]. Shao et al. have produced
thick vascularized tissue constructs at the cm scale by coaxial
bioprinting of cell-laden GelMA and gelatin bioinks [418]. The self-
standing scaffold was produced by printing of GelMA mixed with
parenchymal cells from the outer coaxial nozzle, followed by
polymer photocrosslinking. The vasculature was fabricated by
extrusion of endothelial cells-laden gelatin from the inner nozzle and
consequent gelatin dissolution, leading to channels of 200-1000 pm
in diameter. The method shows the advantage of single-step
fabrication by means of coaxial printing and production of solid
macroscale constructs with controlled architecture at the microscale.
Although this work reported the engineering of vasculature
composed of a single endothelial layer, complex multilayer
constructs mimicking the anatomy of bigger vessels have been
already manufactured [329].
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Furthermore, in recent years the combination of 3D scaffold
fabrication technologies with the other vascularization approaches, as
microfluidics and spheroids/organoids technology, has open up the
possibility to manufacture even more complex vascularized models,
create physiologically relevant microenvironment and produce high
throughput and standardized platforms, as presented in numerous
works [356,405,419-423].

Nevertheless, several limitations still need to be addressed. Among

the main drawbacks, we can find:

(i) Prepatterning of relatively large vessels (hundreds of microns):
most of the models fail to recapitulate the capillary scale. In this
context, the 3D geometrical complexity and the dimensions of the
microcirculatory system can be more easily replicated with self-
vascularization strategies compared to prevascularization techniques
due to the spontaneous assembly of ECs, with sprouts diameters
often below 30 um [424,425]. However, this technique is not
reproducible and it takes a longer time for the vasculature to be
functional and perfusable. Current bioprinting strategies have shown
the capability to 3D print complex vascular geometries [90,94], as
well as dense tissue constructs [426], that could not be achieved
otherwise. However, vessels size is still restricted by the resolution
limit of many fabrication techniques and relatively few works have
obtained capillary-like diameters, mainly by laser-based strategies,
which have proved effective to create multi-scale vascular networks

with capillaries of less than 10 um [210,427].
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(i) Extensive use of cell lines and particularly HUVECs for
endothelium modeling due to easy handling, reliability in long-term
culture and affordable costs. Even though this common feature can
be convenient when comparing results from different studies, it
hampers the study of tissue-specific mechanisms at the vascular
interface and the clinical translation. Tissue specific human-derived
primary endothelial cells represent a more valid source, however,
access to human tissue and isolation protocols are often difficult and
laborious operations [233]. For this reason, many studies are still
based on animal cell sources, which once again impede data and
system scalability towards “human-sized” models. Stem cell biology
might be an alternative to address the current limitations and develop
platforms for personalized medicine. Hence, vascular models using
endothelial cells derived from multipotent or pluripotent stem cell
sources have been already successfully engineered [146,428].

(iii) Short term evaluation in vitro (normally below 21 days); in the
case of 3D scaffolds, the long-term evaluation of their stability is
fundamental for their in vivo application while, for 3D cell culture
and microfluidics, the establishment of long-term models would
ensure more accurate pathology-related and drug testing studies
[202,429,430].

(iv) Incorporation of biochemical and mechanical stimuli. Although
achieved by microfluidics-based strategies and the great potential of
3D cell culture models to recapitulate both geometrical complexity

and the in vivo microenvironment thanks to their unique feature to
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self-organize, yet engineering models that fully recapitulate the

microenvironmental physiological cues is still a challenge [97,210].

(v) Incorporation of the lymphatic system must also be considered to
create more comprehensive microcirculatory models [431,432]. This
network plays a fundamental role in tissue fluid homeostasis,
immune cells trafficking, and actively participates in cardiovascular
pathophysiology, cancer metastases and several diseases progression
[433-435].

(vi) Automation represents another key requirement in the
development of reliable and high throughput platforms and, although
sophisticated devices for automated manipulation, testing and
analysis on-chip have been recently developed [436,437], most of the
works do not consider this feature. In parallel, the further integration
of sensors for in situ monitoring of construct performances would
speed up the automation, scalability and readouts of these models,
while boosting their value in both academic and industrial setups
[22,438-440].
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Rationale and objectives

Vascularization of 3D models represents a major challenge of tissue
engineering and a key prerequisite for their clinical and industrial
application. The use of prevascularized models could solve some of the
actual limitations, such as suboptimal integration of the bioconstructs
within the host tissue, and would provide more in vivo-like perfusable tissue
and organ-specific platforms. In the last decade, the fabrication of
vascularized physiologically relevant 3D constructs has been attempted by
numerous tissue engineering strategies, that can be classified in
microfluidic technology, 3D co-culture models, and 3D scaffolds, obtained
by either conventional methods or biofabrication.

In this chapter, the in vitro vascularization of prepatterned biopolymeric
porous scaffolds is presented. After physicochemical and mechanical
characterization of PUDNA scaffolds, presented in Chapter 4, we focus
here on the evaluation of engineering strategies and their optimization for
building an endothelium model. We firstly focus on different cell seeding
strategies to obtain uniform cellular distribution, initially by post-coating of
the scaffolds with ECM proteins. We thus introduce the use of pre-coating
of PUDNA hydrogels to evaluate the possibility of creating a selective
pattern coating with collagen. The endothelium design also entails the
evaluation of different cell culture aspects, notably the choice of the
endothelial cells source and the microenvironmental conditions. We thus
discuss how different experimental parameters determine the growth and
assembly of endothelium over time. The labeling procedures for 3D
matrices are also detailed, as optimization is needed compared to standard
2D staining protocols used in biology. The use and comparison of different

imaging techniques is also described, in order to evaluate the suitable
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method for simple and effective imaging of thick cellularized constructs.
An outlook of the project and possible future directions are also discussed

for further implementation of the vascularized model presented here.

5.2. Endothelium formation and 3D imaging

PUDNA prepatterned scaffolds containing circular microchannels
were used as template for seeding of endothelial cells and
spontaneous formation of organized endothelium mimicking the
capillaries anatomy and physiology. The engineering of endothelium
was carried out in a multistep process, that involved the evaluation
and optimization of different parameters: (i) strategy for optimal
penetration and seeding of endothelial cells within the
microchannels; (ii) strategy for optimal coating of the scaffold
patterns with ECM proteins; (iii) formation of endothelium by
seeding with different endothelial cell sources; (iv) influence of cell
seeding concentration on the final endothelium architecture and on
the timing for spontaneous assembly; (v) influence of environmental

parameters, as composition of cell culture milieu.

Results were evaluated by imaging of fixed and labeled scaffolds at
specific time points. Due to the nontrivial influence of the thick
porous PUDNA matrix on 3D imaging of the inner features,
particular attention was given on optimization of staining protocols
and on testing of different 3D imaging systems and methods (Figure
5.3).
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Figure 5.3. Flowchart of experimental conditions for engineering the endothelium. The
process has been divided into 3 main phases (1-3), corresponding to the identification of the
important parameters, creation of the endothelium model and further development,
respectively. The third phase has been partially started while the next possible steps are
illustrated as white boxes in a green frame. As example, introduction of co-culture would
modify not only the cell culture conditions (as medium composition, choice of cell sources,
...), but also the seeding method (order and timing of the seeding), the coating (if specific
proteins are needed or should be avoided), as well as the labeling (green arrows). Created

with BioRender.com

5.2.1. Cell seeding strategies

Evaluation of different seeding strategies was carried out to find the
optimal method for seeding endothelial cells within the channels.

Several strategies were tested, as described below:
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Gravity (or drop) seeding: often used in literature for the
seeding of porous matrices, it consists in pipetting a drop of
cell suspension on the scaffold top surface. The seeding
occurs through wetting of the scaffold, with cellular
penetration within the pores driven by gravity, and
consequent adhesion. Although simple, this method might
lead to inhomogeneous cellular distribution and cellular
adhesion within the channels located in the middle of the
matrix results difficult. Even if optimization can be done, for
instance by flipping the gels to have similar distribution on
both sides, this strategy normally shows low efficacy for

seeding of patterned scaffolds.

Active (or syringe) seeding: the gels and the cell suspension
are loaded in a 10 mL syringe with closed end. Generally, 1
mL of suspension was used for up to 15 scaffolds, depending
on their size). The cell suspension was pumped back and
forth with the syringe for several minutes. The advantage of
this method is the use of homogeneous mixing and vacuum
pressure for homogeneous and active cellular penetration
within the scaffolds. On the other hand, the application of
pressure might cause scaffolds damage and eventually

breakage.

Mixing (or vial) seeding: the cell suspension and the hydrogel
are placed in a vial and the suspension pipetted back and forth
for several minutes. The same cell suspension and scaffolds

quantities as for the active seeding are used. The main
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advantage is the homogeneous cellular penetration within the
pores but the lack of active pressure ensures a gentler seeding
compared to the active seeding strategy.

After optimization of the coating approach, a gentle active seeding
resulted to be the most effective due to the application of pressure
that eases cell infiltration within the microchannels. In a late stage of
the project, active seeding was thus preferred and further seeding

techniques were evaluated and compared:

iv.  Single vs double active seeding: in single active seeding, the
syringe method is performed as previously described. In
double active seeding, the syringe method was performed
once and the scaffolds incubated for 30-45 minutes to enable
primary cellular deposition and adhesion. Then, scaffolds
were placed again within the syringe and the process repeated
a second time with fresh cell suspension. Scaffolds were
incubated for a minimum of one hour before adding culture

medium in the wells.

5.2.2. Optimization of coating strategies
PUDNA scaffolds were coated with different proteins to enhance
cellular adhesion and formation of organized luminal endothelium
within the micropatterned PUDNA matrices. Partially discussed in
Chapter 4, the final goal of the coating was to obtain a homogeneous
and distributed layer of ECM proteins within the microchannels in
order to ensure selective adhesion of cells within the patterns and to

reduce or prevent deposition of cells within the pores, with
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consequent formation of clusters. Initial experiments involved the
use of post-coating strategies, in which porous PUDNA scaffolds
after freeze-drying were coated by mixing with a protein solution,
normally incorporating the cell suspension, to have a single step
coating-seeding procedure. We firstly tried to obtain homogeneous
coatings by using either gelatin or collagen at dilutions typically used
for 2D coating of culture vessels, as reported in conventional biology
protocols. Based on the results, we then decided to implement 3D
coatings by gelation of collagen at higher concentrations. Finally, we
report the adoption of pre-coating of non-porous PUDNA hydrogels

prior to freeze-drying as optimal approach.
2D coatings evaluation

Gelatin type B from bovine skin (G1393, 2% solution, Sigma-
Aldrich, MO, USA), collagen type I from rat tail tendon (354249,
Corning, NY, USA) and collagen type | from bovine corium
(Collagen Solutions, Glasgow, UK) were used for the PUDNA
scaffolds coating, by both pre and post-coating strategies (see
Chapter 4). EA.hy926 human somatic endothelial cells from hybrid
tissue (CRL-2922™, ATCC®, VA, USA) were cultured in DMEM,
low glucose, GlutaMAX™ (21885025, Gibco™, Thermo Fisher
Scientific, MA, USA) supplemented with 10% FBS (35-079-CV,
Corning) and 1% antibiotic-antimycotic (15240062, Gibco™) in

T75 flasks, as per standard culture protocols.

In preliminary experiments, collagen type | from rat tail and gelatin

were tested to evaluate the optimal coating/cell suspension ratio for
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post-coating strategy. Protein dilutions typical of 2D coatings were
used, according to the literature. Briefly, dry scaffolds were sterilized
by placing them under UV light for 1 hour. Cells with confluency of
about 80% were detached from the culture vessel by using 2 mL of
0.05% Trypsin-EDTA (15400054, Gibco™) diluted in DPBS 1X
(14190144, Gibco™), after washing the vessel once with 5 mL of
DPBS to remove serum and debris. Cells were placed in incubator at
37°C for 5 minutes for detachment, then resuspended in cell culture
medium and centrifuged at 200 g for 5 minutes. Supernatant was
removed and cells resuspended for counting. A final concentration of
5 x 10° cells/ mL was used. Collagen with concentration of 25
pg/mL and gelatin 0.2% were mixed with the cell suspension at
different ratios (cell suspension: coating, v/v, from 1:1 to 20:1) and
scaffolds seeded by mixing. Scaffolds were placed in a 24 multiwell
plate and incubated for at least 1 hour at 37°C for primary adhesion.
Then, 1 mL of medium per well was added for cellular nutriment.
Culture medium was changed into fresh DMEM every 3 days. The
collagen/gelatin coating mixing was also compared to pre-coating
strategies, in which porous scaffolds were incubated over the
weekend with collagen 25 pg/mL or gelatin 0.2 % before cell
seeding. No second freeze-drying was performed in this case after

the coating.
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Post-coating: collagen neutralization strategies and variation
of collagen concentration

Coatings at concentrations higher than 0.1 mg/mL were done by
gelling collagen type | from rat tail via neutralization process. Two
different neutralization strategies were tested, either by following the
manufacturer’s instructions (NaOH neutralization) or by HEPES
neutralization. In the first case, a collagen gel was formed by firstly
mixing PBS 10X with ice-cold water and 1N NaOH and
consequently adding collagen to obtain a final collagen concentration
of 300 pug/mL. HEPES neutralization was performed by dissolving in
DI water NaOH, NaHCO3 and HEPES buffer with mass ratio (1:6:8,
w/w). The solution was kept under magnetic stirring for 10 minutes
at RT to dissolve the salts and sterile filtered by using a 0.2 um filter
under a cell culture hood. Neutralization was done in ice by adding
the collagen solution to the buffer, with a volume ratio depending on
the initial collagen concentration and calibrated to obtain a neutral
pH of 7.2-7.4 and determined in preliminary tests. Solution was

gelled as per NaOH protocol.

Seeding of the scaffolds was done by testing two different
approaches: in the first approach, the PUDNA scaffold was firstly
soaked in the cell suspension and then the neutralized collagen was
added. In the second approach, the cell suspension was added to the
ice-cold neutralized collagen and then the ice-cold scaffolds seeded
by mixing method. The second method was chosen as most effective
(data not shown), although the procedure needed to be executed

rapidly to avoid prolonged exposure of cells to low temperatures,
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necessary to prevent collagen gelation during the seeding. Gelation
occurred by placing the seeded scaffolds in incubator at 37°C for 30
minutes. Based on the results, HEPES neutralization strategy was
further investigated and different collagen concentrations (1 to 10
mg/mL) were tested in order to identify the optimal coating

concentration.
Pre-coating strategy

After evaluation of post-coating strategies by direct mixing of cell
suspension with the coating protein, coating of the microchannels
was optimized by pre-coating of PUDNA hydrogels with collagen
after the rinsing steps and subsequent freeze-drying. Pre-coating was
chosen to obtain selective coating of the microchannels as the protein
deposition occurs when the PUDNA is in form of hydrogel, thus
presenting no porosity. Briefly, the coating was realized by exposure
of the hydrogels to a solution of 1 mg/mL collagen from bovine
corium (Collagen Solutions, Glasgow, UK), diluted in 0.01 N HCI
and consequent neutralization in PBS 1X and 0.1X. Detailed

description of the process is given in Section 4.2.2.

5.2.3. Evaluation of different cell culture conditions

Organized and functional endothelium was engineered by seeding
PUDNA scaffolds with endothelial cells and letting them proliferate
and self-assemble within the prepatterned microchannels by using
the polymeric scaffolds as template. The presence of selective
coating was fundamental for optimal primary adhesion within the

channels. After optimization of the coating strategies, experiments
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were conducted to evaluate (i) different endothelial cell sources, (ii)
different cellular concentration and (iii) different cell culture
nutrients, notably by comparing the presence to the absence of
growth factors.

Different endothelial cell from established lines or primary sources
were tested. Preliminary studies were conducted by using the somatic
hybrid endothelial cell line EA.hy926, as previously illustrated. Cells
were cultured in standard DMEM 1X. To build a more relevant
model, we then tested the human cell line HUV-EC-C [HUVEC]
from umbilical vein/vascular endothelium (CRL-1730™, ATCC®,
VA, USA). Scaffolds seeded with HUV-EC-C were either cultured in
DMEM 1X or in specific endothelial basal medium supplemented
with growth factors (EGM™.-2 BulletKit™, CC-3162, Lonza, Basel,
Switzerland) and the morphological differences evaluated. A
comparison of endothelium formation over time under different
seeding concentrations (from 1 to 10 x 108 cells/ mL) was also
carried on to optimize the timing and seeding conditions. Preliminary
tests have been done also by using primary HUVECs from human
pooled donor (PB-CH-190-8013, PeloBiotech, Planegg, Germany)
and immortalized human hepatic sinusoidal endothelial cells (1IM-
HHSECs, P10652-IM, Innoprot, Derio, Spain) for mimicry of the
liver sinusoid. IM-HHSECs were cultured in endothelial cell medium
(ECM, P60104, Innoprot), containing 1% endothelial cell growth
supplement (ECGS).
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5.2.4. Imaging and characterization
Labeling protocols

Compared to staining protocols presented in the previous chapters,
typically used for 2D substrates, labeling of 3D models requires an
optimization of the incubation times due to the presence of a thick
matrix incorporating the cells. At the desired time point, the cell
culture media in the multiwells containing the specimens was
removed and samples were fixed by adding 1mL of 4%
paraformaldehyde diluted in PBS 1X for each well and incubating
for 1h at 4°C under slight agitation. Samples were washed 3 times in
PBS, permeabilized with 0.1% Triton X-100 in PBS for 45 minutes
at RT and washed again 3X in PBS.

Morphological labeling

Morphological staining of actin filaments and cell nuclei was
performed by incubation in Phalloidin—Tetramethyl rhodamine B
isothiocyanate (P1951, Sigma Aldrich) and 4’,6-diamidino-2-
phenylindole, dichlorhydrate (DAPI, D1306, Invitrogen™,),
respectively. Final dye concentrations were set at 2.5-5 pg/mL and 1-
2 ug/mL for phalloidin and DAPI, respectively, with dilutions of
1/100-1/200 and 1/2500-1/5000 in PBS 1X compared to the initial
stock concentrations. Dye dilution was calculated considering a
volume of 300 pL per well and the amounts of the two fluorescent

Vtot

molecules was calculated as Ve = —————
dilution factor

. For example,

considering the staining of 5 samples, thus 5 wells, the total dye

volume (V;,,) would be of 1500 pL. Assuming a dilution factor of
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200 for phalloidin and 2500 for DAPI, the final dye volumes were

15_000 == 75 HL and VDAPI = ﬂ =

calculated as Vppanoiain = 20 2500

0.6 puL, diluted in 1491.9 uL of PBS. Samples were incubated for 1h
minimum at RT in the dark under agitation and consequently rinsed
three times in PBS 1X. Scaffolds were preserved in 24 well plates in
PBS 1X and sealed with Parafilm® and stored in the dark at 4°C
overnight prior to imaging.

Functional labeling

Immunolabeling was performed for functional characterization of
endothelium by labeling against CD31 and VE cadherin adhesion
molecules in both 2D and 3D models. Selected primary and

secondary antibodies are listed in Table 5.3.

Table 5.3. List of antibodies used for functional labeling of endothelial markers.

Staining for Primary AB Secondary AB

Mouse monoclonal [JC/70A]  Goat anti-Mouse IgG1 Cross-

anti-CD31 (ab9498, abcam) Adsorbed Secondary Antibody,
Alexa Fluor 647 (A-21240,
Invitrogen™)

Rabbit polyclonal anti-VE Donkey anti-Rabbit IgG (H+L) Highly

Cadherin (ab33168, abcam) Cross-Adsorbed Secondary
Antibody, Alexa Fluor 488 (A-21206,
Invitrogen™)

CD31/ PECAM-1

VE-Cadherin

Testing of antibodies in 2D was performed by seeding HUVECS in
8-wells chamber slides (Nunc™ Lab-Tek™ II Chamber Slide™
System, No. 154534 and 177402). A concentration of 4 x 10* cells
per well was used and cells were cultured with EGM-2 medium for a

minimum of 24h. Different conditions were tested, with the specific
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goal of comparing permeabilized and non-permeabilized specimens.
Influence of blocking to prevent ABs cross-talk was also
investigated.

For 2D ICC of cells cultured in chamber slides, cells were fixed with
4% FA for 10 minutes at RT after discarding the cell culture
medium. For permeabilization, a solution of 0.1% v/v Triton X-100
in 1X PBS was used for 5 minutes at RT. For blocking, cells were
incubated for 1h at RT in a solution of 1% w/v bovine serum albumin
(BSA) in 1X PBS. The primary ABs were diluted in 1X PBS or in a
0.1% BSA solution for non-blocked and blocked conditions
respectively and cells were incubated overnight at 4°C or 2.5 hours at
RT. The dilutions used were 1/500 for both the primary antibodies.
For staining with secondary ABs, cells were incubated for 1 hour at
RT with Alexa Fluor 488 (staining for VE Cadherin, dilution 1/400)
and Alexa Fluor 647 (staining for CD31, dilution 1/200). Each step
was followed by a 3X washing with 1X PBS for a minimum of 5
minutes each. After a last washing step, the solution was discarded
and the chamber removed. Cells were mounted with mounting
Medium with DAPI (Aqueous, Fluoroshield, ab104139) and the
glass slide covered with a #1.5 glass coverslip (Menzel-Glaser) and

cured overnight at 4°C before imaging.

For 3D ICC of cultured PUDNA scaffolds, the time points were kept
similar to 3D morphological labeling. After fixation with 4% FA for
1 hour at 4°C, samples were blocked by incubation in a solution of

1% wi/v BSA in PBST (1X PBS additioned with 0.1% v/v Tween 20)

for 1h at RT. Alternatively, a short permeabilization procedure with
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0.1% v/v Triton X-100 was performed for 25 minutes at RT,
followed by a blocking step by incubation for 1h at RT in a solution
of 1% BSA in PBS.

Incubation with the primary ABs after dilution in PBS or in a 1%
BSA in PBST solution for non-blocked and blocked scaffolds,
respectively, was done overnight at 4°C. Incubation with secondary
ABs diluted in PBS was carried out for 1 hour minimum at RT in the
dark with the same dilutions used for 2D ICC. Eventual
counterstaining with DAPI was done during or after secondary ABs

Samples were kept in PBS at 4°C in the dark until imaging.

Confocal and multiphoton imaging

Cultured scaffolds labeled as previously described were imaged
using an inverted confocal microscope (LSM780, Zeiss, Oberkochen,
Germany) equipped with a 10X dry objective (C-Apochromat
10x/0.45, Zeiss). A 488 nm argon laser and solid state lasers (405
and 561 nm) were used for imaging of FITC, DAPI and phalloidin-
TRITC respectively. ZEN software was used for image setting and
acquisition. During imaging, scaffolds were placed on a #1.5 glass
coverslip covered by few drops of PBS to prevent the specimens to

dry over time.

For higher resolutions and imaging depths, confocal and multiphoton
(MP) imaging were done by using a TCS SP8 microscope (Leica
Microsystems, Wetzlar, Germany), equipped with a 25X water
immersion objective (HCX IRAPO, L25x/0.95, Leica). An excitation
of 810 nm was used for MP imaging of phalloidin TRITC while
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confocal imaging of DAPI, cadherin, phalloidin and CD31 were done
with lasers at 405, 488, 561 and 633, respectively. LAS X software
was used for image setting and acquisition. Samples were mounted
on a circular plastic Petri dish and either immersed in PBS 1X or
embedded in Aquasonic 100 ultrasound transmission gel (No. 01-08,
Parker Laboratories, Inc., NJ, USA) to reduce light scattering. Gluing
of samples was avoided to enable flipping of the specimens when

needed.

The entirety of confocal and multiphoton imaging experiments was
performed at the Plateforme d’imagerie photonique IMA’CRI,
Centre de Recherche sur I’Inflammation, UMR 1149 Inserm,

Université Paris Diderot, Paris, France.

Calculation of cell seeding density for 2D coatings

To compare the effectiveness of different cell seeding strategies and
2D coating, cell seeding densities were analyzed in Fiji ImageJ from
fluorescent intensities of images acquired with the confocal LSM 780
microscope. Images of the scaffolds surface seeded with endothelial
cells were considered for these calculations. Briefly, images were
post-processed by creating a black and white mask of the scaffold’s
surface to isolate the fluorescent areas (cells) compared to the
background. Calculation was performed starting from images of
phalloidin staining due to higher SNR compared to DAPI images.
Data were obtained with the Analyze Particles tool, by setting a
minimum size of 400 um? (considering a cell diameter of 20 um, as

calculated from the images themselves) to infinity to include cellular
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clusters. The cellular densities were calculated as the mean gray
value (MGV), corresponding to the sum of the gray values of all the
pixels at the selection divided by the number of pixels.

MGV was chosen as parameter for representation of fluorescence
intensity as size distribution among the samples could be considered
similar. The presence of fluorescence corresponded to the cells
stained, thus higher values of intensity were proportionally
associated to higher dye content, thus cellular concentration, as
confirmed by threshold images. Calculation of fluorescent intensities
done by integrated density showed the same trend of MGV (data not

shown).

Light sheet microscopy

Light sheet imaging of the full samples was performed with an
Alpha® light sheet microscope (PhaseView, Verrieres-le-Buisson,
France) equipped with QtSPIM software. Imaging of the scaffolds
was performed in immersion in PBS 1X and both empty and
endothelialized scaffolds were investigated. Images were
reconstructed from raw data using Imaris. Imaging and image

analysis were performed at PhaseView, Verriéres-le-Buisson, France.

5.3. Results and Discussion
5.3.1. Evaluation of the cell seeding and coating methods

Comparison of seeding strategies

As explained in Section 5.2.1, standard gravity seeding method,
commonly used for porous scaffolds, resulted to be inefficient when

applied to matrices containing micropatterns due to the tendency of
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the cells to precipitate and adhere to the bottom of the scaffold. We
thus focused on evaluating active and mixing methods, whose main
difference is the presence or absence of vacuum during the seeding,
respectively. Comparison was done by analyzing the mean gray
values (MGV5s) of cells seeded on the surface of PUDNA scaffolds.
Results of the fluorescence intensities for the active and mixing
methods did not show any statistically significant difference, with
both the methods giving similar results in terms of seeding densities
and cellular distribution (Figure 5.4B). For 2D and 3D gelation post-
coating strategies, the mixing method was mainly used due to the
need of gently coat the microchannels during the seeding step and
because of easier handling and reduced risk of contamination. For
pre-coated scaffolds, since the coating was already homogeneously
and selectively distributed, the active seeding was preferred to enable
active pushing of the cell suspension within the channels. In this
regard, further evaluation of the influence of seeding methods on
endothelium formation was carried on by comparing single and

double active seeding strategies.

Results showed that, despite the initial cell concentration selected,
double seeding strategy, consisting in repeating the seeding step after
a primary cell adhesion, led to more homogeneous distribution of
cells within the microchannel, with subsequent faster formation of
complete endothelium over time. Cross section images of the
vascular channels showed that, at the same time point and for the
same cell seeding density, double seeded scaffolds showed a fully

endothelialized lumen over the length of the channel while single
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seeded samples showed an incomplete endothelium. The design of a
double seeding strategy allowed us not only to duplicate the nominal
number of cells used for the seeding (as the seeding was repeated
twice) but also to better partition them within the matrix by
performing a dual step protocol. Further discussion will follow in
Section 5.3.3.
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Figure 5.4. Cell seeding densities for different coatings, coating dilutions and seeding
strategies. (A) Fluorescence densities for uncoated PUDNA and PUDNA coated with
collagen or gelatin. Statistical analysis performed by One-way ANOVA (p value < 0.0001).
Unpaired t-test between Col 4:1 and Gel 4:1 showed p-value of 0.0013 (**). (B)
Fluorescence densities for scaffolds seeded by active (syringe) or mixing (vial) method.

Statistical analysis performed by unpaired t-test, p-value of 0.165.

2D coatings
Preliminary trials focused on the use of either gelatin or collagen at
dilutions typically used for 2D coating of culture vessels, as reported
in conventional biology protocols. The diluted proteins were mixed
directly with the cell suspensions at different volume ratios to find
the suitable seeding parameters. Confocal images taken on the
scaffolds surfaces after staining with phalloidin TRITC and DAPI
were used for calculation of the MGVs.
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Figure 5.5. 2D Coatings and 3D neutralization post-coating. (A-B) Representative
images of 2D coating evaluation by studying the cellular density (magenta) on the scaffold
surface (gray) for a cellular/collagen ratio of 1:1 (A) and 4:1 (B). Collagen neutralization
protocol performed by using NaOH (C) or HEPES buffer (D). Both the samples were
seeded with EA.hy926, stained after 7 days from the seeding. (E-G) Evaluation of different
collagen concentrations: 1 mg/mL (E), 2.5 mg/mL (F) and 5 mg/mL (G). All the samples
were seeded with EA.hy926, stained after 7 days from the seeding. Staining for PUDNA
(FITC, green), actin (phalloidin-TRITC, red or cyan) and nucleus (DAPI, blue). Scale bar
100 pm.
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Results showed similar data for collagen and gelatin coatings, with a
maximum cellular density for a cellular/protein ratio of 4:1 while
higher or lower protein volumes did not improve cellular adhesion,
with data comparable to the negative control (no coating of the
scaffolds) (Figure 5.4A, Figure 5.5.A-B). Moreover, collagen
showed statistically significant higher cellular densities compared to
gelatin at the same protein concentration. On the other side, pre-
coating of scaffolds with the proteins prior to seeding and without
freeze-drying did not lead to significant results and no cells were
found in the scaffolds during imaging. Overall, however, cells were
mainly found on the surface of the matrices, often forming clusters
within the pores, despite the use of mixing seeding, while
microchannels resulted to be almost empty, indicating the
unsuccessful inner coating, with subsequent lack of cell adhesion.
These results demonstrated that coatings with protein concentrations
typical of 2D biology were not sufficient to ensure spread cellular
morphology nor homogeneous coating of micropatterned
biomaterials. Furthermore, although direct mixing of the proteins
with the cell suspension resulted to be the most effective method,
ratios need to be carefully investigated, making the reproducibility
and scale up of the seeding protocols a laborious and time-

consuming operation.
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Collagen neutralization strategies

Based on preliminary results obtained from 2D coating of PUDNA
scaffolds, we selected collagen due to a higher versatility compared
to gelatin and the possibility of forming a gel at higher
concentrations by neutralization. The hypothesis behind this study
was to use neutralized collagen in its liquid form (just after
neutralization and before the gelation step) to incorporate cells and
coat the inner PUDNA microchannels. After gelation, the collagen
would convey the cellular adhesion to the channel walls, acting both
as coating protein and physical supporting template. Two different
protocols were tested for neutralizing the acidic collagen solution and
obtaining a gel that could be more effectively used for coating of the
matrices compared to gelatin and collagen at lower dilutions. The
protocols consisted in using either NaOH-based or HEPES-based
buffers to neutralize high concentration collagen type | from rat tail.
The gelation was evaluated firstly by considering the physical aspect
of the gels and testing their pH, to ensure effective neutralization and
a pH in the range of physiological values, so as to be cytocompatible.
In fact, microenvironmental pH has been demonstrated to have a
fundamental role in cell metabolism, proliferation and migration
[441]. Changes in the pH of the extracellular environment, as
addition or depletion of salts or peroxides, induce a variation of the
intracellular pH, with subsequent modification and eventual
dysfunction of cellular activities [441,442]. Interestingly, variation of
intracellular pH has been shown to be one of the mechanisms

responsible for cellular adhesion and growth on certain substrates, as
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fibronectin [443]. The effective neutralization was evaluated as well
by directly mixing of collagen with the cell suspension and
observation of the cell adhesion and proliferation within the
channels. Preliminary results from confocal imaging showed that
neutralization by NaOH by following the manufacturer’s guidelines
was ineffective to endothelialize the channels, with absence of cells
in the patterns and sedimentation of rounded cells and aggregation
within the pores. Neutralized collagen by HEPES favored instead
good adhesion and spreading of cells in the microchannels after 7
days of culturing, for a collagen gel concentration of 0.3 mg/mL
(Figure 5.5C-D). These data led us to further investigate HEPES-
based neuralization and to test different gel concentrations, up to 10
mg/mL. Interestingly, high concentrations (> 2.5 mg/mL) led to
formation of collagenic cords in the PUDNA channels with cells
elongated and distributed over them, thus creating a matrix in a
matrix, that could be an interesting solution for other applications, as
for coaxial TE approaches (Figure 5.5E-G). However, due to the
high concentration and the tendency of collagen to form hierarchical
helical fibers, the use of these gels did not lead to a coating of the
channels inner wall, nor it promoted cellular adhesion. Particular
interest was placed in medium collagen dilutions of 0.5 and 1
mg/mL. Physical evaluations demonstrated the possibility of
modulating the texture of the gels from very soft to hard, depending
on the volume of neutralizing buffer added, while maintaining a
physiological pH range. Despite the promising results obtained from

the use of medium collagen concentrations, the post-coating
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neutralization strategies often led to uneven collagen distribution
within the channels, hampering uniform cell colonization.
Furthermore, since the coating was performed on freeze-dried porous
scaffolds, selective collagen distribution could not be obtained, with
protein coating the pores of the matrix as well (Figure 5.6A).
Therefore, pre-coating of non-porous PUDNA hydrogels prior to
freeze-drying was chosen as optimal approach.

100 pm

Figure 5.6. Comparison of 3D collagen coating strategies by multiphoton and SHG
microscopy. SHG images of collagen (green) deposited within the PUDNA matrix by post-
coating (A) and pre-coating (B, 3D projection of the microchannel) strategies. Collagen was
1 mg/mL for both the conditions. (C) HUVECs seeded on post-coated PUDNA scaffolds
(central area of the channel). Cells adhered in a non-homogeneous pattern, depending on
where the collagen was distributed. (D) HUVECs seeded on pre-coated PUDNA scaffolds

(central area of the channel, staining for actin, red). Although the seeding concentration was
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not optimized yet, cells were homogeneously distributed along the channel length and
adhering to the walls. Scale bar 500 pm (A), 100 um (C-D) and 50 pm (B).

Pre-coating strategy

Pre-coating with collagen from bovine corium of PUDNA hydrogels
was performed by deposition and neutralization prior to freeze-
drying. Images obtained by SHG analysis revealed the selective
presence of the protein within the microchannels, uniformly
distributed over the entire length while the rest of the scaffold was
characterized by the absence of collagen (Figure 5.6B). Although
collagen did not assemble into a fibrillar form, its presence was
sufficient to ensure proper cell adhesion and endothelium formation,
as will be discuss later in this chapter. Detailed description of the

results is given in Section 4.3.1.

5.3.2. Evaluation of different cell culture conditions

Hybrid somatic vs vascular endothelial cell models
In parallel to coating optimization strategies, studies were carried out
to evaluate the formation of endothelium by means of different
endothelial cell lines of human origin. Initial experiments were
performed by using somatic cells from hybrid tissue presenting
endothelial morphology, called EA.hy926 cells. EA.hy926 cells have
been often used in vascular TE to model endothelium [444—446].
They show the advantage that can be cultured in DMEM, thus they
do not require the use of specific and expensive cell culture medium.
However, works reporting the use of this cell line normally evaluated
endothelium formation on 2D substrates, as electrospun biomaterials,

rather than the formation of an ultimate tubular structure. Our results
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using EA.hy926 eventually showed good adhesion and spread
morphology in presence of proper uniform coating but the formation
of homogeneous tubular endothelium resulted challenging, probably
due to the non-vascular origin of this cell line. Also, the morphology
after spreading resulted to be less elongated compared to other
endothelial cell lines we tested, a result coherent with the literature
findings [445]. An interesting paper published by INSERM in 2014
also reported how the application of shear stress did not induce
cytoskeleton remodeling in EA.hy926, as it normally happens in
vascular ECs, due to ineffective activation and low number of
specific integrins that regulate the cellular response to the flow [447].
Furthermore, EA.hy926 have been shown to have less adhesive
properties to typical ECM-like proteins, as fibronectin, collagen and
gelatin, compared to HUVECs as well as reduced migration in
response to VEGF gradients [448]. In view of further project
development and integration of mechanical cues, as shear stress,
these findings are particularly useful for our research and, together
with the results we obtained, helped us in the optimal selection of
ECs models. In further experiments, we thus chose a human
endothelial cell line from umbilical vein/vascular endothelium,
HUVECs. HUVECSs either primary, commercial or isolated, or
immortalized as cell lines are the most common cells used for
modeling vascular and organ-specific endothelium in TE [449,450].
Extensive research has been conducted on this cell source, that has
been widely adopted for forming the endothelial lining in

prevascularization approaches and pathophysiology modeling [451].
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Here, we used a commercial immortalized HUV-EC-C cell line and
the capability of distributing, elongating and self-organizing into
vascular channels was compared to that of EA.hy926. Under the
same coating and seeding protocols, results showed better adhesion
to the channel walls compared to hybrid ECs and organization into a
monolayer, with typical polygonal and long morphology and oval
nuclei (Figure 5.7A-B).

Difficulty of using specific immortalized human hepatic

sinusoidal endothelial cells

Further experiments were performed with a commercial
immortalized HHSEC cell line, with the final goal of adopting an
endothelial model as close as possible to the liver sinusoid. This
option was also chosen to overcome the limited availability of donors
for isolation of primary cells, a long and laborious operation, and to
use a model with less inter-batch variability, as for established cell
lines. Culturing in vitro required specific products as well as need for
an overnight coating of the vessels with fibronectin during the
expansion to prevent a modification of the phenotype (Figure 5.7C).
Cells resulted to be extremely delicate and favorable to
contaminations and the lack of literature on their culturing and use
hampered an easy adoption of this EC model. Scaffolds seeded with
these cells showed their adhesion within the microchannels but we
have not been able to further design the experiments with 1M-
HHSECs due to difficult maintenance in 2D and handling in 3D
(Figure 5.7D).
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Influence of growth factors on endothelium formation
As introduced above, cell culture medium formulations are designed
depending on the cell type and source. Basal media formulations, as
DMEM, are commonly additioned with antibiotics and antimycotics
to prevent cell contamination, and eventually with serum. Serum,
normally of bovine origin — fetal bovine serum (FBS), contains
biomolecules, such as hormones, ECM components, lipids and
growth factors, that promote cell metabolism and proliferation.
Despite a widespread use in cellular biology, its role in the past two
decades has been often debated because of ethical and scientific
concerns and serum-free approaches are nowadays largely promoted
[452]. For culturing of both EA.hy926 and HUVECs, we initially
used DMEM added with FBS. However, specific media solutions
have been formulated for targeting endothelial cells growth and
proliferation and culturing of HUVECs has been performed with
specific EGM™.-2 cell medium in a second phase of the project.
Compared to basal medium, endothelial growth medium is
supplemented, other than with FBS, with different growth factors
that have been shown to have a fundamental role in the angiogenetic
process, as VEGF, hFGF and hEGF, responsible for migration,
proliferation and endothelial cells organization, respectively
[453,454]. When comparing the use of EGM™-2 to DMEM in the
endothelium formation at fixed cellular concentrations, time-points
and cell source, the differences were evident. Confocal images after
7 and 14 days of PUDNA scaffolds cultured in DMEM showed cells

suspended in the microchannels forming clusters, and eventually
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floating (Figure 5.7E). In other samples, HUVECs cultured in
DMEM resulted to be compacted within the channel, eventually
clogging it and with no organization resembling the endothelium.
When cultured in specific EGM™.-2, organized endothelium could
form within few days, depending on the cell concentration, and cells
kept their adhesion to the channel walls and continued to proliferate
up to 14 days in vitro (Figure 5.7F).
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Figure 5.7. Comparison of cell culture conditions. (A) EA.hy926 and (B) HUVECs, both
cultured in DMEM and seeded in FITC-PUDNA (green) post-coated with 1 mg/mL of
collagen after 14 and 7 days, respectively. Staining for actin (red) and DAPI (bluge). (C)
Different culturing conditions for IM-HHSECs in 2D culture vessels: (i) Specific endothelial
growth medium ECM on fibronectin-coated flasks (50 pg/mL); (ii) specific ECM medium
in non-coated flasks and (iii) DMEM in non-coated flasks. (D) Attempts of IM-HHSECs
seeding in PUDNA scaffolds, day 2. (E-F) Comparison of cell culture medium formulations
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for HUVECs seeded with a cellular density of 5 x 106 cells/mL and imaged at day 7 (actin
filaments in red): (E) DMEM and (F) EGM™.-2 (MIP). (D-F) Staining for actin (phalloidin-
TRITC, red). The FITC-labeled PUDNA matrix was also visible in the red channel. Imaging
systems: (A-B): confocal Zeiss LSM780, (C) optical microscope, (D-F) MPM Leica SP8.
Scale bar 100 pm (A, D-E), 50 um (B) and 25 pm (F).

5.3.3. Formation of endothelium by optimized protocol
The definition of optimal coating protocol by pre-seeding method led
to uniform and selective collagenic coating of the microchannels
within the PUDNA matrices, as demostrated by SHG data. The use
of a more powerful confocal microscope, Leica SP8, with 25X
immersion objective, also allowed us to fabricate thick scaffolds with
standard silicon spacers (see Chapter 4, Section 4.2.2) without
hampering the imaging of the scaffold inner features. The pre-coated
thick scaffolds were used to seed HUVECs by active seeding
method. The endothelial cells were cultured in EGM™.-2 complete
growth medium to benefit from the presence of proangiogenic
growth factors, as previously discussed.

Influence of cellular concentration on timing of endothelium

formation
Different HUVECSs concentrations were tested to evaluate the
influence of cell seeding density on the timing of endothelium
formation. Cell suspensions with concentrations of 1 x 108/mL, 2.5 x
108%/mL and 5 x 10%/mL were seeded. Considering an absorption
capacity of 100 pL for the PUDNA scaffolds with nominal diameter
of 5 mm and nominal thickness of 0.7 mm, the estimation of cells
absorbed by the scaffold per seeding was of 1 x 10°, 2.5 x 10° and 5

x 10° cells for each cell density tested. The samples were stained
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with phalloidin-TRITC and DAPI for actin filaments and nuclei
visualization, respectively. Results showed that formation of
complete endothelium, as observable from the cross-section images
of the endothelial tubes, occurred in one week for double seeding of
1 x 108 cells/mL while only 4 days were necessary for complete
assembly by using a concentration of 2.5 x 10%/mL. Timing of
endothelium assembly was similar to previously reported data
[329,455,456]. Moreover, an increase of the cell density during
seeding led to faster assembly of organized endothelium in presence
of growth factors. However, the seeding concentration needs to be
tailored on the final application of the scaffold. For instance,
biomaterials are nowadays often used as templates for the growth of
tissue from stem cells, commonly arranged in the form of organoids.
After seeded within the scaffolds, the stem cells need to undergo
differentiation to develop a specific phenotype, with protocols lasting
days to weeks [423]. When designing a complex platform including
different cell types and a vascular network, the vascularization
protocols should thus take into account the timing for the formation
and assembly of the other cells, normally mimicking the
parenchyma. In the case illustrated above, formation of endothelium
within few days might be counterproductive, if stem cells are still in
a differentiation stage. Vascularization should thus be initiated after
parenchyma tissue formation or in parallel but with an assembly

timing similar to that of the parenchyma.
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Figure 5.8. Comparison of HUVEC cells concentrations on endothelium formation by

multiphoton microscopy. (A) 1 x 108 cells/mL, double seeding, day 7. (B) 2.5 x 10°
cells/mL, double seeding, day 4 (orthogonal views) and (C) Endothelium reconstruction in

243



Chapter 5. Polymeric scaffolds to build an in vitro vascularized model

IMARIS (nuclei, stained with DAPI, are visible in green). (D) 1 x 108 cells/mL, single
seeding, day 7 and (E) 1 x 10° cells/mL, single seeding, day 11. Staining for actin
(phalloidin-TRITC, red). Scale bar 100 um (A-B, D-E), 50 um (C).

Nevertheless, co-culture of stem cells and ECs prior to differentiation
has shown to hamper the organoids assembly due to the presence of
vascular growth factors in the media and of EC signals [457]. In fact,
our results demonstrated that higher cellular concentrations of 5 x
108 cells/mL after 2 weeks from the seeding presented a multilayered
cellular distribution, with HUVECS starting proliferating within the
lumen and eventually clogging it. This behavior would happen also
at lower densities and longer times in absence of external cues.
Formation and maintenance of endothelium function and
morphology in long term experiments (> 2 weeks) should indeed
consider the integration of other cues, as co-culture with other cell

types or channels perfusion [456,458,459].

As partially discussed in Section 5.3.1, we also compared the
influence of the seeding strategy on the timing of endothelium
assembly. Our results showed that double seeding enabled faster
endothelium formation with better cellular distribution. By adopting
a single seeding method, the times were doubled, with complete
assembly occurring after 2 weeks and 1 week for cellular
concentrations of 1 x 105/mL and 2.5 x 108/mL, respectively. The
culturing strategy also resulted to be effective, with no loss of
morphology and organization over time (Figure 5.8). Although we
considered the single seeding strategy less effective for our objective,
consisting in engineering and imaging vascularized PUDNA
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scaffolds, these findings should be taken into account when
designing complex TE models, with the need to match the
vascularization process with the tissue formation. The single seeding
strategy resulted to be a valuable method for endothelialization of

PUDNA scaffolds over longer times compared to double seeding.

Preliminary functional studies
In addition to morphological studies on endothelium assembly by
staining with actin filaments and nucleus dyes, functional studies of
endothelial cells were conducted by performing
immunocytochemistry labeling of specific endothelial markers.
Among the many endothelial markers, we chose two EC adhesion
markers against the transmembrane protein CD31, also called
platelet/endothelial cell adhesion molecule-1 (PECAM-1) and the
surface molecule VE-Cadherin [460,461]. The ICC procedures were
performed by indirect labeling, meaning two different antibodies
were used to target the antigen. The first antibody, called primary
AB, was an unconjugated antibody used to bind the cellular antigen
while the secondary AB, conjugated to a fluorophore for
fluorescence detection, was used against the primary AB [462]. As
ABs are commonly produced in animals, ABs for different targets
but from the same species might cross-react, thus causing a non-
specific binding. To block non-specific binding and reduce the
background, ICC protocols often provide for a blocking step,
eventually repeated several times. The blocking is done by
incubation of the sample with specific reagents that bind to the

antigen, thus blocking the AB access. Common blocking reagents are
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animal sera, as normal goat serum, and proteins, as bovine serum
albumin (BSA), or commercial buffers. To prevent cross-reaction,
we performed blocking by BSA incubation and we selected both the
primary and secondary ABs for CD31 and VE-Cadherin from
different animal species. Mouse and rabbit anti-human (as we
worked with human cells) were chosen as primary ABs for CD31
and VE-Cadherin, respectively, while ABs from goat and donkey
against mouse and rabbit, respectively, were chosen as conjugated
secondary. Initially, the labeling was performed directly on PUDNA
scaffolds by following standard ICC procedures, with a revisited
timing for 3D thick samples. Samples were observed with the

confocal Leica SP8 microscope.

Results for both CD31 and VE-Cadherin showed that, though cells
expressed the molecules of interest, the dyes were located in the
cytoplasmatic region of the cells while they are normally expressed
as surface proteins and appear as marked lines at the edges of the
cell, corresponding to the cellular membrane region, when stained in
2D (Figure 5.9.A-B). The result could be attributed to the overnight
incubation with the primary AB in a solution containing Tween 20.
Tween 20 is in fact a non-ionic detergent commonly used for dilution
of the blocking agent as well as for the antibodies to further impede
non-specific interactions. However, due to the lengthy incubation
steps, the use of this detergent is responsible for excessive
permeabilization and membrane antigens disruption [463]. To further
evaluate these findings, we thus decided to test alternative ICC

protocols on HUVEC:s cultured on 2D flat supports and, specifically,
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to investigate the function of permeabilization agents. After fixation,
cells were either treated with Triton X-100 as permeabilizing agent
or non-permeabilized and then incubated in a PBS solution
containing 1% BSA for blocking. The addition of Tween 20 for
diluting blocking agents and antibodies was avoided. Confocal
images revealed that a short permeabilization step with Triton for 5
minutes did not hamper the expression of the membrane antigens
(Figure 5.9.C-D, white arrows), however it could be already noted a
more diffused presence of fluorescence in the intracellular region,
compared to non-permeabilized samples, for both the ABs tested.
Control samples were also prepared and imaging artifacts as
autofluorescence and cross-reactivity were also evaluated (data not
shown) [464]. Of note, the strong nuclei fluorescence was attributed
to the strength of the DAPI-containing mounting medium, that
caused a fluorescence crosstalk (also known as spectral
bleedthrough) between the channels. This was confirmed by some
cells that detached during the staining (Figure 5.9D, right, white
circle), as there the nucleus was absent and the DAPI bleedthrough in
the 488 nm channel as well. Images were eventually post-processed
in Fiji ImageJ by using the Spectral Unmixing plugin for the artifact

correction (Figure 5.9E).

Another drawback in confocal imaging of 3D samples was that the
images of the channels, taken in the depth of the scaffolds, resulted
to be relatively blurred, making it particularly difficult to localize the

ABs. This issue will be further addressed in the next section.
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Overall, our results showed the need to accurately design ICC
protocols based on the specific target antigen (cellular location,
function, ...) and for a 3D system (optimization of steps and timing).
For our antigens of interest, we thus excluded the use of Tween 20
for long incubation steps while short permeabilization did not bring
any specific advantage. Nevertheless, optimization steps performed
in 2D should then be revised carefully for 3D PUDNA scaffolds.
Besides the functional evaluation of ECs and the optimization of
antibody staining protocols for 3D matrices, ICC is fundamental for
distinguishing different cell types in co-cultured models. Thus, our
goal of targeting specific EC markers was achieved and we will use
these findings in further studies for characterization of more complex

models composed of different cell sources.

Figure 5.9. 2D and 3D functional labeling of HUVECs. (A) Complete endothelium (MIP)
obtained from a double seeding with concentration of 2.5 x 10® cells/mL, day 7. Top:
staining for phalloidin-TRITC, Bottom: staining for CD31. (B) Double staining of the
channel entrance (MIP) for CD31 (left, red) and VE-Cadherin (right, green). (C-D) 2D
immunolabeling of CD31 (C) and VE-Cadherin (D) in HUVECs without or with
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permeabilization by Triton X-100 (left and right, respectively). White arrows indicate the
localization at the plasma membrane. (E) Figure D (right) after unmixing for correction of
DAPI bleedthrough. Scale bar 100 um (A-B), 20 um (C-E).

Considerations about the imaging systems

As a matter of fact, imaging is fundamental for evaluating in vitro
biological models and good imaging is a prerequisite to obtain
valuable information and take the research further. Nowadays, TE
constructs are engineered with increasingly complex architectures
and with a wide range of biomaterials, tailored on their final
application. In this field, models are commonly three-dimensional
and many efforts are now conducted to generate large constructs,
more physiologically relevant [465]. Fluorescence imaging often
relies on the use of confocal microscopy, which is however limited
when it comes to study thick samples because of limited penetration
depth, photobleaching and scattering. Though traditional histological
methods, as sectioning, can be applied as well for the study of
cellularized biomaterials, the investigation of intact 3D constructs
would offer several advantages, notably the possibility of imaging
living cells and the preservation of the original scaffold architecture
[466]. Alternative imaging technigques should thus be more largely
adopted for evaluating 3D models. In this context, nonlinear
imaging techniques, as two-photon excited fluorescence (TPEF), are
considered of great interest for imaging of biomaterials as they allow
for deep imaging and reduced photodamage [467—469]. Used to
characterize the biomaterials features because non-invasive, the

application of TPEF has been demonstrated as well on cells and thick
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tissue sections, and even on living whole organisms [470-472].
Particularly, the main difference of TPEF, that is a laser point
scanning technique, compared to standard confocal microscopy relies
on the restriction of the spatial localization of the fluorophore. In
confocal microscopy, a single photon causes the excitation of a
fluorophore molecule above and below the focal plane, thus
producing an out-of-focus background fluorescent signal. The use of
a pinhole allows for reduction of this signal, thus collecting
information on a single focal plane and increasing the spatial
resolution. However, since the excitation is generated within the
whole specimen, the light absorption is responsible for photodamage

and bleaching of all its sections.

A.
- - Excited state A
Aex=720nm
Aex =360 nm Aem =460 nm A Aem = 460 nmM
Aex=720nm
v Ground state A 4
B. H it t
—p

==p||lumination path
w=p- Collection path

250



Figure 5.10. Schematic of working principle of TPEF and LSFM. (A) Energy-level
(Jablonski) diagram of one-photon (left) and two-photon (right) excitation. (B) Signal
generation within the focal plane (black line) for confocal microscopy (left), TPEF (middle)
and LSFM (right). The direction of illumination and collection paths are indicated as well.

Created with Biorender.com.

On the other side, TPEF relies on the excitation of a fluorophore
caused by simultaneous absorption of two infrared photons,
preventing the generation of signal outside the focal plane (Figure
5.10A). This phenomenon thus prevents the formation of out-of-
focus signal, with subcellular spatial resolution. As a small volume
of the sample around the focal point is excited, bleaching and
toxicity are also drastically reduced, an important requisite for live
and long-term imaging studies (Figure 5.10B). The reader is referred
to [470,471] for an extensive description of TPEF principles in
biology.

For endothelium imaging, we used two different confocal systems
with increasing objective magnification as well as TPEF microscopy.
As described in Chapter 4, since cells in the PUDNA scaffolds are
located in the deep region, where the microchannels are patterned,
we firstly worked on adapting the scaffolds to the imaging system, a
confocal microscope from Zeiss, equipped with a 10X dry objective,
thus reducing the biomaterial thickness. This way, we were able to
more easily locate the channel: for instance, Figure 5.5E-G shows
confocal images of the channels from thick PUDNA scaffolds while
images in Figure 5.7A-B were taken on thin samples, with the same
imaging system (LSM780, Zeiss). 3D images of the whole channel,
however, often resulted blurred, with difficulties in resolving the
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single cell morphology, resulting in a poor quality of the data and
difficulty in proceeding with further experimental design. Moreover,
use a FITC-functionalized PUDNA matrix was often necessary for
channel localization and endothelium imaging, thus reducing the
number of fluorescent dyes that could be used for cellular labeling.
Blurring is a drawback we also encountered when using the Leica
SP8 confocal during functional studies (Figure 5.9B). Though, as
described above, unspecific localization of endothelium markers
could be linked to suboptimal ICC protocols, the cellular and
subcellular resolution was difficult to achieve with conventional
confocal microscopy within thick PUDNA scaffolds. While the
channel localization resulted to be easier by using the Leica system,
and this allowed us to culture non-functionalized PUDNA matrices
(green channel was instead used for VE-cadherin staining), imaging
of ECs morphology was extremely problematic, thus hindering a
further use of confocal microscopy for endothelium markers
detection. On the other side, resolved images of endothelium were
acquired by MPM (examples Figure 5.7F and Figure 5.8). The use
of TPEF allowed in fact for imaging of wide areas of the sample for
the full channel thickness with no loss of resolution nor samples
photobleaching. Nevertheless, it should be noted that, since the
excitation principles of TPEF are different compared to those of
confocal imaging, the choice of fluorescent proteins should be done
carefully. In fact, the two-photon absorption spectra differ from the
one-photon absorption spectra, not always in a way that can be

predicted theoretically. Therefore, many recent studies have focused
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on empirical determination of absorption spectra of standard and new
fluorophores [473]. For instance, the fluorescent molecule
tetramethyl rhodamine isothiocyanate (TRITC), that we used here to
stain actin filaments, has been previously used for MPM imaging,
with an excitation spectrum of 700-1300 nm [474]. In our acquisition
setup we used a wavelength of 810 nm for the phalloidin-TRITC
excitation, as for simultaneous imaging of actin and collagen.
However, imaging of ECs stained with both DAPI and TRITC
resulted in signal in the green channel from the cellular nuclei, rather
than from the SHG of collagenic components (Figure 5.8C), though
the TPEF DAPI absorption maximum wavelength has been reported
to be below 700 um [475]. These findings suggest a great versatility
of use of the TPEF imaging system and the possibility of
simultaneous detection of different fluorescent molecules by using
the same excitation wavelength for specific proteins. Many common
proteins have been now characterized for their application in TPEF,
included DAPI, FITC and many Alexa Fluor trackers, nevertheless
the choice of the dye to be compatible with the MPM setup requires
careful literature studies or preliminary investigation for their

characterization.

As alternative to multiphoton microscopy, we also investigated the
use of light sheet fluorescence microscopy (LSFM) of thick PUDNA
samples in preliminary studies. While TPEF relies on precise
scanning of one point at a time, thus eliminating the out-of-focus
excitation compared to confocal imaging, this limits its speed for

collection of large volumetric regions. As suggested by its name,
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LSFM microscopy relies on the generation of sheets of light that
illuminate the full focal plane simultaneously while the detection is
done by placing a camera on the plane (Figure 5.10B). This way, the
fast acquisition of large volumetric areas is done by moving in the
space the excitation and detection components, determining a
multispot scanning modality [476]. Compared to standard confocal
approach, LSFM allows for reduced photodamage due to selective
illumination of a single plane while it offers higher scanning speeds
and simplicity compared to TPEF. In fact, as it relies on one-photon
excitation, fluorescent dyes show the same absorption spectra of
confocal microscopy, with no need for preliminary research and
adaptation to TPEF principles. Because of its features, LSFM is
particularly useful for imaging of thick and living samples and finds
its main application in neuroscience and development biology, as
well as for imaging at the subcellular level [477—-479]. In the field of
TE, LSFM holds great potential for imaging of 3D tissue models, as
organoids and spheroids, and for imaging of thick cellularized
bioconstructs[480]. Nevertheless, some differences compared to
confocal and TPEF microscopy should be taken into account:
primarily, as the sample is imaged in 3D, preparation and mounting
is done not by using coverslips but by embedding or clipping the
sample within specific chambers. Moreover, as tissues often contain
molecules with high refractive index, they often need to be cleared
with specific protocols to reduce scattering, opaqueness and overall
imaging artifacts [481,482]. Then, acquisition with LSFM systems

produces heavy raw data, normally of the order of terabytes, that
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cannot be condensed in standard image formats, commonly adopted
for other imaging techniques. This feature poses a challenge for both
the storage and the processing, that should be done with dedicated

hardwares and softwares.

We performed preliminary evaluation of LSFM on our samples, by
imaging both empty and cellularized FITC-labeled PUDNA
matrices. Results showed the possibility of imaging the whole
samples in their full thickness in reduced times compared to other
imaging techniques and with no need for clearing nor for specific and

laborious sample preparation or embedding (Figure 5.11).

Figure 5.11. LSFM of PUDNA scaffolds before and after cellularization. (A) Frame of a
video showing a FITC-labeled PUDNA scaffold (non seeded). It is possible to see both the

external surface and a cross-section of the biomaterial, containing the microchannel. Scale
bar 700 pm. (B) Orthogonal view of a FITC-labeled PUDNA scaffold with complete

endothelium. Scale bar 100 pm.

The adoption of LSFM would thus allow us for more freedom in the
biomaterials design, as physical properties as the thickness or density
would not pose a constrain for the imaging. Moreover, it would
enable fast scanning of the whole matrices, giving a complete
overview of the experimental setup, a feature particularly interesting
when building complex multi-cellular models and to study
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phenomena, such as cellular-matrix interaction and matrix

remodeling over time.

In conclusion, this paragraph depicts the different imaging
techniques used for imaging and characterization of a vascularized
biomaterial. Conventional confocal microscopy gives a deeper
insight about endothelium formation compared to what can be seen
during the culture steps with optical microscopes. It is however
limited when cells locate and arrange within the scaffold, and the
only possibility to resolve them is to adapt the matrix to the imaging
system. Alternatively, laser point scanning techniques, as TPEF, and
light sheet microscopy, can be used for better resolution, higher
imaging depths and investigation of 3D volumes. Each technique has
specific drawbacks, as careful choice of the fluorophores for TPEF
and big data analysis for LSFM, but these microscopy techniques
hold great promise for faster and better characterization of
biomaterials and tissue engineered models and more efforts should

be made for their wider application in the field of TE.

5.4. Conclusions and future perspectives

In this chapter, the engineering of endothelium within a 3D
biopolymeric microchanneled template was presented. We have
firstly introduced the importance of including a vascular network in
tissue engineered models to enable easier, better and faster tissue
regeneration. Different vascularization approaches have been
discussed, with a focus on prevascularization techniques. A brief

introduction to the anatomical and physiological properties of the
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vasculature has been given to illustrate the fundamental parameters
that should be considered when designing an artificial vascularized
construct. Current limitations and drawbacks have also been
addressed. To vascularize prepatterned pullulan-based (PUDNA)
scaffolds, our research was developed in various and parallel
directions. Different cell culture methods, cell sources, coating
strategies and imaging techniques have been analyzed and compared
until identifying the optimal experimental setup to build the
endothelial model. Then, the formation of complete and functional
endothelium over time was assessed by setting up different seeding
conditions. Functional studies were also performed, along with
morphological analyses. Results showed the possibility to build a 3D
functional model, expressing typical endothelial markers, and, more
importantly, the capability of tuning its assembly over time by
modifying the seeding conditions. This feature is of particular
interest because it enables to tailor the formation of vasculature
based on the properties and final application of the engineered model
of interest. Nevertheless, further investigation should be conducted to
optimize the existing model and increase its complexity. Important
aspects, as integration of other cell types via co-culturing strategies,
application of external stimuli, as perfusion of the microchannels,
long-term maintenance and development of the network would add
more value to the current model and would increase its applicability

as tissue-specific vascularized TE platform.
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In this dissertation, different project lines have been presented, with
the aim of overcoming some of the main limitations of microfluidics,
tissue engineering and microscopy technologies. In the context of
microfluidic, the study of an alternative material to conventional
polydimethylsiloxane has been proposed. An innovative soft
thermoplastic elastomer, Flexdym™ was chosen for high-throughput
fabrication of membrane-based devices for OOaC applications. By
using a hot embossing process and self-sealing, platforms composed
of Flexdym™ and a commercially available polycarbonate
membrane could be produced in less than 2.5 hours. The devices
could withstand pressures over 500 mbar with no delamination
occurring, as tested by an automated bonding strength system.
Preliminary cell culture studies demonstrated cellular adhesion,
proliferation and high viability for 7 days, confirming the suitability
of Flexdym™ - based platforms for OOaC applications.

In line with the key objectives of DeLIVER Consortium
microfluidics has also been used as a tool for super-resolution
imaging studies of cells in a dynamic environment. To do so, a part
of the project was focused on the design and adaptation of
microfluidic devices to standard SR-SIM platforms, with the
introduction of the microfluidic chip in a dish, produced in PDMS
and glass. Optimization of the design and fabrication parameters has
been carried out to obtain stable and easily manageable devices.
Results from in vitro studies showed the possibility of culturing cell
lines under passive flow in long term experiments while primary

LSECs preserved a healthy phenotype short-term. SR-SIM imaging
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was performed to analyze the real-time cellular response to flow of
molecules on-chip, confirming the compatibility and the feasible
combination of microfluidics and SR microscopy.

However, little versatility is given by SRM techniques, as samples
are generally imaged on coverslips, thus limiting the design of more
complex physiological models. We thus decided to adopt TE
approaches for the development of a 3D vascularized construct, that
could be eventually applied for TE liver applications. The worked
focused on the development and optimization of pullulan-based
biopolymeric scaffolds. To allow for endothelium formation via pre-
vascularization strategies, the scaffolds were prepatterned for
formation of microchannels. The templating strategy, study of the
process parameters and selective coating strategies were discussed
and the constructs fully characterized. In vitro studies for formation
of functional and complete endothelium focused on the parallel
optimization of coating, seeding and culturing parameters. Our
endothelium model expressed typical endothelial markers, as
confirmed by functional imaging studies and its formation could be
tuned over time by tuning the culture parameters. Moreover, the
study of these constructs was conducted by evaluating alternative
imaging techniques to standard confocal microscopy, that are
specific for thick 3D matrices. Particularly, multiphoton and light
sheet imaging were tested, confirming the possibility to image deeper
in the scaffolds, with augmented resolution and reduced

photobleaching and damage.
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This research project has demonstrated some interesting results,
notably the feasible application of soft thermoplastic elastomers for
0O0aCs, the combination of microfluidics and SR-SIM with real-time
imaging of dynamic events, and the tunable vascularization of
bioengineered polymers. Nevertheless, these studies suffer from
some limitations, that would need further investigation to build a
complete overview of these topics. Here, we suggest possible

research lines for future perspectives.

The Flexdym™ — based platform could be used to build more
complex OOaC models, with presence of constant flow and eventual
study of response to drugs or molecules of interest. Testing of
alternative materials to the commercial polycarbonate membrane we
adopted here would also be interesting. As Flexdym™ shows elastic
properties, missing to the polycarbondate, production of Flexdym™
porous membranes would also be of scientific relevance. This would
surely increase the production timing, so it was beyond our purposes
of designing a fast and scalable process, but could lead to the design
of an entirely Flexdym™ - based microfluidic platform as alternative
to PDMS.

Combination of microfluidics and SR-SIM could be further
implemented to create a standardized setup for dynamic acquisitions.
From the preliminary data presented in this thesis, sustained culture
of human LSECs could be established on-chip for the study of
fenestrations dynamics under flow. Nevertheless, this project remains
ambitious as it depends on the availability of donor tissues for cells

isolation and, mainly, it requires the colocalization of biology
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laboratories and microscopy facilities to run living cell experiments.
SR-SIM microscopes, however, are not available in any imaging
facility as they do not represent standard optical equipments but with
different models now available on the market and the continuous
research improvements, we believe they will become more largely
diffused and available. Combination of microfluidics with other SR
imaging techniques would also be of interest in the scientific
community. An increased complexity of the microfluidic device in a
dish could also be envisioned, by inclusion of hydrogels and other
cell types while preserving the compatibility with the imaging
system. This would allow researchers to overcome traditional
horizontal OOaC designs and combine biomaterials and

microfluidics in a more biomimetic environment.

Biopolymeric materials designed for prevascularization can also be
further implemented. As we have shown expression of functional
markers, the integration of other cell types would thus represent a
precondition to investigate the cell-cell interactions by functional
studies and to build more relevant models. Also, perfusion of the
channels would provide important external stimuli, well known for
influencing cellular behavior and endothelium assembly. The
development of a complex network with branched and
interconnecting channels would also increase the applicability of the
model and spontaneous angiogenesis should be considered for its

formation from the main channel.

Further development of these research lines would have important
implications in the domains of microfluidics, super-resolution
262



microscopy and vascularized tissue engineered models. The results
presented here thus lay the foundations for the development of
innovative tools and for the expansion of bioengineering

technologies towards domains still scarcely investigated.
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Appendix A. LIST OF DISSEMINATION ACTIONS
EXHIBITIONS

DeLIVER Exhibition at Forskningsdagene, A virtual collection of
pictures and stories from researchers and collaborators of DeLIVER,
focused on the main topics of the project, organized by UiT The
Arctic University of Norway (NO), First Ed.: Sept 2020, link here.

OPEN TALKS

Microfluidics and Organ-on-a-chip: overcoming the limitations
of traditional in vitro platforms, organized by MUSE Trento (IT)
for the European Union’s Horizon 2020 research and innovation
programme ACDC (grant agreement No 824060), 29" Oct 2020, link

here.



mailto::%20https://en.uit.no/forskningsdagene/utstilling-leverceller%2300
mailto:https://www.youtube.com/watch?v=5HhYwD9D724
mailto:https://www.youtube.com/watch?v=5HhYwD9D724

Appendix B. LIST OF SECONDMENTS IN THE
DelLIVER CONSORTIUM

Bielefeld University, Germany. 17 February — 1 March 2019.
Supervisor: Prof. Thomas Huser

Introduction to SR-SIM microscopy and preliminary tests on
horizontal microfluidic design.

Birmingham University, IBR Wolfson Drive Medical School, UK. 2
— 23 July, 28 — 29 January 2020

Supervisor: Prof. Patricia Lalor
Isolation, culturing and imaging of primary LSECs on-chip.

Department of Biochemistry, University of Oxford, UK. 19 — 31
January 2020.

Supervisor : Prof. Lothar Schermelleh

SR-SIM imaging of fixed and living cells on microfluidic devices in
a dish.



Appendix C. LIST OF CONFERENCE
CONTRIBUTIONS

Alessandra Dellaquila, Aurélie Vigne, Thomas Huser, Sasha Cai

Lesher-Pérez. Design of microfluidic platforms for super
resolution imaging of liver sinusoidal endothelial cell dynamics,
PD21, 45" International Conference on Micro and NanoEngineering
(MNE 2019), Rhodes, Greece, 23-26 Sept 2019

Emma Thomee, Alexander McMillan, Alessandra Dellaquila, Alba

Calatayud, Enrique Azuaje Hualde, Lourdes Basabe-Desmonts,
Sasha Cai Lesher-Pérez. Development of organ-on-chip barrier
devices in new soft thermoplastics, PD82, 45" International
Conference on Micro and NanoEngineering (MNE 2019), Rhodes,
Greece, 23-26 Sept 2019

Alexander H. McMillan, Emma K. Thomée, Alessandra Dellaguila

and Sasha Cai Lesher-Pérez, Fabrication and characterization of
flexdym-—polycarbonate devices: implementing new materials for
organ-on-chip technologies, M161.e, 23rd International Conference
on Miniaturized Systems for Chemistry and Life Sciences (UTAS
2019), Basel, Switzerland, 27 - 31 October 2019

Alessandra Dellaguila, Didier Letourneur and Teresa Simon-Yarza,

Vascularization and high-resolution imaging of 3D
polysaccharide-based scaffolds as model of liver sinusoid, 31st
Conference of the European Society for Biomaterials (ESB 2021), 5
— 9 September 2021
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